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0. 2. Abstract 

Chagas disease and leishmaniasis currently infect an estimated 11 million people, causing mortality 

in the thousands and close to 1 million disability-adjusted life years lost. Control efforts, in the 

context of vector management have had mixed success and new intervention approaches are 

needed. 

Research into the genetic modification of insect vectors has been revolutionised by the application 

of new gene editing approaches such as CRISPR-Cas9. They allow for the precise manipulation of 

gene targets within multiple eukaryotic species. Utilising techniques such as gene drives it is possible 

to achieve successful integration of exogenous DNA within the germline, spreading inherited traits 

through a population at a rate higher than Mendelian inheritance. Recent approaches in the context 

of medically important insect vectors have focused on the integration and expression of effector 

molecules, and the targeting of genes affecting reproductive fitness. Both approaches have the 

capacity to interrupt disease transmission. To date there is a dearth of published information 

regarding genetic modification of the insect vectors of Chagas disease or leishmaniasis. The research 

outlined in this thesis has contributed towards the development of CRISPR-Cas9 methodologies 

applied to the insect vectors of Chagas disease (triatomine bugs) and leishmaniasis (phlebotomine 

sand flies).  

We focused on the successful validation of CRISPR-Cas9 systems within the sand flies Lutzomyia 

longipalpis and Phlebotomus papatasi and the triatomine bug species Rhodnius prolixus. A number 

of gene targets were identified, which when functionally lost could elicit a phenotypic response in 

the insects. gRNAs targeting these phenotypic genes were incorporated into CRISPR-Cas9 DNA 

constructs, which were then transfected into sand fly and triatomine bug embryos. We observed 

phenotypic changes when targeting cuticle tanning and wing phenotype genes in sand flies. In R. 

prolixus bugs we utilized CRISPR-Cas9 homology directed repair approaches, potentially integrating 

exogenous DNA into the genome of embryos as confirmed by PCR. The integration of exogenous 

DNA via homology directed repair has not previously been achieved in these insects. The gene 

editing platform we developed here has the potential to contribute the understanding and 

development of novel control methods for Chagas disease and leishmaniasis, alleviating an 

enormous burden of human suffering. 
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0. 4. Impact of COVID-19 statement 

The COVID-19 global pandemic significantly limited the potential outputs and capacity of this 

research. The London School of Hygiene and Tropical medicine put in place protective rules for 

working within the building from March 2020 to September 2021, these affected this research in 

several ways. From March 2020 to May 2020, I was not able to access the LSHTM building forcing a 

hiatus on my laboratory work. When the building reopened, laboratories and offices were to be used 

at a low occupancy, with many of those used in this research being designated as single occupancy. 

This forced research to be conducted on a rota system, impacting capacity and efficiency of 

experiments. This continued until March 2021. During this period England had two further 

lockdowns for which I had to take leave of absences for personal reasons. Once normal working 

conditions had returned to the LSHTM, our research was limited by restrictions on travel to Charles 

University, Prague, Czech Republic, where the sand fly colonies used in this research were 

performed (Section 3. 3.). We were able to first visit Charles University in October of 2021.  

To overcome these restrictions, we focused our research on in vitro experiments utilizing the 

Lutzomyia longipalpis based cell lines LLE/LULS40 and 45. There were a number of limitations we 

observed within these lines (Section 2. 4.), in the context of COVID-19, the lines took 3-6 months to 

recover from cryopreservation. This left large periods of time after lockdowns, where in vitro 

experiments could not be performed. During these periods, gene targets were identified (Section 3. 

2. 1.), and plasmids were developed (Section 3. 2. 2.) ready for transfections when cells became 

available. If travel restrictions had not limited our time collaborating with Charles University, we 

would have utilised more of these plasmids in vivo (Section 3. 3.) and potentially derived a line of 

Cas9 expressing sand flies utilizing the UbiqCas9.874W plasmid (Section 2. 2. 2.). Further details on 

the adjustments to our research aims can be found in Section 6. 1. 1. 

Ultimately, the work we achieved despite these setbacks is novel and lays a foundation for further 

genome engineering within the insect vectors of Chagas disease and Leishmaniasis.   



6 
 

0. 5. Table of contents 

0. 1. Declaration of own work ................................................................................................... 2 

0. 2. Abstract ............................................................................................................................ 3 

0. 3. Acknowledgements .......................................................................................................... 4 

0. 4. Impact of COVID-19 statement .......................................................................................... 5 

0. 5. Table of contents .............................................................................................................. 6 

0. 6. List of figures .................................................................................................................. 14 

0. 7. List of tables ................................................................................................................... 18 

0. 8. List of appendices ........................................................................................................... 19 

0. 9. Abbreviations ................................................................................................................. 20 

1. General introduction ......................................................................................... 24 

1. 1. Epidemiology of Chagas disease and leishmaniasis .......................................................... 25 

1. 2. Diagnosis, prevention, and treatment.............................................................................. 28 

1. 3. Vectors of T. cruzi and Leishmania spp. ............................................................................ 31 

1. 4. Genetic modification of insects ....................................................................................... 33 

1. 4. 1. PiggyBac transposable elements ...................................................................................... 34 

1. 4. 2. Zinc finger nucleases and transcription activator-like effector nucleases ........................ 36 

1. 4. 3.  CRISPR-Cas9 ...................................................................................................................... 39 

1. 5. Genetic modification strategies for vector control ........................................................... 41 

1. 5. 1. Gene drives ................................................................................................................... 42 

1. 5. 2. Population suppression approaches ................................................................................. 43 

1. 5. 3. Population replacement approaches ................................................................................ 45 



7 
 

1. 6. Research aim and objectives ........................................................................................... 51 

1. 6. 1. Aim .................................................................................................................................... 51 

1. 6. 2. Objectives .......................................................................................................................... 51 

1. 6. 2. 1. The assessment of two sand fly cell lines for use as an in vitro model for genetic 

modification systems ................................................................................................................ 51 

1. 6. 2. 2. Development of a CRISPR-Cas9 system in phlebotomine sand flies (Lutzomyia 

longipalpis and Phlebotomus papatasi) .................................................................................... 51 

1. 6. 2. 3. A novel chemotransfection methodology for the delivery of genome editing DNA 

constructs to Rhodnius prolixus embryos ................................................................................. 51 

1. 6. 2. 4. Application of the CRISPR-Cas9 system to triatomine bugs (Rhodnius prolixus) ..... 51 

2. The assessment of two sand fly cell lines for use as an in vitro model for genetic 

modification systems ............................................................................................ 52 

2. 1. Introduction ................................................................................................................... 53 

2. 1. 1. Insect cell lines as a model for molecular research .......................................................... 53 

2. 1. 2. Assessment of insect promoters ....................................................................................... 54 

2. 1. 3. Cell transfection methodologies ....................................................................................... 56 

2. 1. 4. Aims ................................................................................................................................... 57 

2. 2. Methods ......................................................................................................................... 58 

2. 2. 1. Insect cell cultures ............................................................................................................. 58 

2. 2. 1. 1. Cell line morphology ................................................................................................. 58 

2. 2 .1. 2. Culture maintenance ................................................................................................. 59 

2. 2. 2. DNA constructs .................................................................................................................. 61 

2. 2. 3. Transfection conditions ..................................................................................................... 62 



8 
 

2. 2. 3. 2. Cellfectin® II ............................................................................................................... 62 

2. 2. 3. 3. FlyFectin™ .................................................................................................................. 63 

2. 2. 3. 4. Lipofectamine™ 3000 ................................................................................................ 63 

2. 2. 4. Fluorescent imaging .......................................................................................................... 63 

2. 3. Results............................................................................................................................ 65 

2. 3. 1. Transfection of sand fly cells with transient expressing fluorescent marker plasmids .... 65 

2. 3. 2. Transfection of sandfly cells with integrative piggyBac plasmids ..................................... 67 

2. 4. Discussion ....................................................................................................................... 70 

3. Development of a CRISPR-Cas9 system in phlebotomine sand flies (Lutzomyia 

longipalpis and Phlebotomus papatasi). ............................................................... 72 

3. 1. Introduction ................................................................................................................... 73 

3. 1. 1. CRISPR-Cas9 genetic modification methodologies ........................................................... 73 

3. 1. 2. CRISPR-Cas9 component delivery methods for in vivo transfection of insects ................ 74 

3. 1. 3. Insect phenotypic markers for in vivo gene knockout ...................................................... 75 

3. 1. 4. CRISPR-cas9 genomic modification of sand flies ............................................................... 77 

3. 1. 5. Aims ................................................................................................................................... 78 

3. 2. Methods ......................................................................................................................... 79 

3. 2. 1. Identification and rationalisation of phenotypic targets for gene editing ........................ 79 

3. 2. 1. 1. Sand fly genome assemblies ..................................................................................... 79 

3. 2. 1. 2. Rationalisation of gene targets ................................................................................. 79 

3. 2. 1. 3. Identification of gRNAs .............................................................................................. 80 

3. 2. 2. CRISPR-Cas9 DNA constructs............................................................................................. 80 



9 
 

3. 2. 2. 1. Endogenous U6 pDCC6 constructs ............................................................................ 80 

3. 2. 2. 2. pDsRed-attP ............................................................................................................... 83 

3. 2. 3. Delivery of the CRISPR-Cas9 NHEJ constructs to sand flies in vivo ................................... 84 

3. 2. 3. 1. Sand fly colony rearing .............................................................................................. 85 

3. 2. 3. 2. Sand fly embryo microinjection ................................................................................ 85 

3. 2. 3. 2. 1. Pulling of microinjection needles ...................................................................... 85 

3. 2. 3. 2. 2. Microinjection methodology ............................................................................. 85 

3. 2. 4. Confirmation of CRISPR-Cas9 genome modification in sand flies ..................................... 87 

3. 2. 4. 1. Imaging of transfected insects .................................................................................. 87 

3. 2. 4. 2. Outcrossing and backcrossing of transfected sand flies ........................................... 87 

3. 2. 4. 3. Genomic DNA extraction ........................................................................................... 87 

3. 2. 4. 4. PCR amplification ...................................................................................................... 88 

3. 2. 4. 5. Sanger sequencing of PCR products .......................................................................... 88 

3. 2. 4. 6. Algorithmic deconvolution analysis of sequence data.............................................. 88 

3. 2. 4. 7. Detection of mutagenesis via T7 Endonuclease I heteroduplex assay ..................... 89 

3. 2. 5. Delivery of exogenous DNA to sand flies via CRISPR-Cas9 HDR ........................................ 90 

3. 2. 5. 1. Assessment of pDsRed-Ubi63e-attP in vitro ............................................................. 90 

3. 2. 5. 1. 1. Transfection of LLE/LULS45 cells ....................................................................... 90 

3. 2. 5. 1. 2. Confirmation of genomic integration ................................................................ 90 

3. 2. 5. 2. Assessment of pDsRed-Ubi63e-attP in vivo .............................................................. 91 

3. 2. 5. 2. 1. Fluorescent microscopy of emerged sand flies ................................................. 91 

3. 2. 5. 2. 2. Confirmation of genomic integration ................................................................ 91 



10 
 

3. 3. Results............................................................................................................................ 92 

3. 3. 1. Transfection of sand flies via CRISPR-Cas9 NHEJ techniques ............................................ 92 

3. 3. 1. 1. Identification and incorporation of phenotypic markers into NHEJ constructs ....... 92 

3. 3. 1. 2. Microinjection procedure and survivorship .............................................................. 97 

3. 3. 1. 3. Phenotypic and genotypic analysis of sand flies ....................................................... 98 

3. 3. 1. 3. 1. caspar targeted Phlebotomus papatasi ............................................................ 99 

3. 3. 1. 3. 2. ebony targeted Phlebotomus papatasi ............................................................. 99 

3. 3. 1. 3. 3. Wing phenotype targeted Lutzomyia longipalpis ........................................... 101 

3. 3. 2. Integration of exogenous DNA into sand fly genomes via CRISPR-Cas9 HDR ................. 109 

3. 3. 2. 1. Transfection of LLE/LULS45 cells ............................................................................. 109 

3. 3. 2. 1. 1. Fluorescent microscopy .................................................................................. 109 

3. 3. 2. 1. 2. Genotypic analysis ........................................................................................... 111 

3. 3. 2. 2. Microinjection of L. longipalpis sand flies ............................................................... 115 

3. 3. 2. 2. 1. Fluorescent microscopy .................................................................................. 116 

3. 3. 2. 2. 2. Genotypic analysis ........................................................................................... 117 

3. 4. Discussion ..................................................................................................................... 118 

3. 4. 1. CRISPR-Cas9 gene knockout via NHEJ ............................................................................. 118 

3. 4. 2. Expression of exogenous DNA via CRISPR-Cas9 HDR ...................................................... 120 

4. A novel chemotransfection methodology for the delivery of genome editing DNA 

constructs to Rhodnius prolixus embryos ............................................................ 124 

4. 1. Introduction ................................................................................................................. 125 

4. 1. 1. Delivery of transfection agents to Hemiptera via microinjection ................................... 125 



11 
 

4. 1. 2. Delivery of transfection agents to insects via non-microinjection methodologies ........ 127 

4. 1. 3. Aims ................................................................................................................................. 129 

4. 2. Methods ....................................................................................................................... 130 

4. 2. 1. Rhodnius prolixus colony rearing .................................................................................... 130 

4. 2. 2.  Ethanol-chemotransfection methodology validation via Hoechst 33342 ..................... 130 

4. 2. 3. Click-iT™ Plus EdU Kit for plasmid DNA ........................................................................... 131 

4. 2. 4. Chemotransfection methodologies for Rhodnius prolixus embryos............................... 131 

4. 2. 4. 1. Ethanol-chemotransfection via Nucleic Acid Squaramide Carriers ........................ 131 

4. 2. 4. 2. Ethanol-chemotransfection via Cellfectin® II .......................................................... 132 

4. 2. 4. 3. Ethanol-chemotransfection via FlyFectIN™ ............................................................ 133 

4. 2. 5. Preparation of Rhodnius prolixus embryos for imaging .................................................. 133 

4. 2. 6. Fluorescent imaging of Rhodnius prolixus embryos........................................................ 134 

4. 3. Results.......................................................................................................................... 135 

4. 3. 1. Assessment of wax stripping methodology .................................................................... 135 

4. 3. 2. Delivery of a Click-iT™ EdU tagged DNA construct ......................................................... 136 

4. 3. 3. Viability assays of ethanol-chemotransfection methodology ........................................ 137 

4. 3. 4. Chemotransfection of GFP expressing DNA constructs .................................................. 138 

4. 4. Discussion ..................................................................................................................... 139 

5. Application of a CRISPR-Cas9 system to triatomine bugs (Rhodnius prolixus) .. 142 

5. 1. Introduction ................................................................................................................. 143 

5. 1. 1. CRISPR-Cas9 in Hemiptera insects .................................................................................. 143 

5. 1. 2. Gene silencing in triatomine bugs ................................................................................... 144 



12 
 

5. 1. 3. Aims ................................................................................................................................. 146 

5. 2. Methods ....................................................................................................................... 147 

5. 2. 1. Rhodnius prolixus genome assembly .............................................................................. 147 

5. 2. 2. Design and production of CRISPR-Cas9 DNA constructs ................................................. 147 

5. 2. 2. 1. Rationalisation of gene targets ............................................................................... 147 

5. 2. 2. 2. Identification of gRNAs ............................................................................................ 147 

5. 2. 2. 3. pDCC6 ...................................................................................................................... 147 

5. 2. 2. 4. pDsRed-Ubi63e-attP ................................................................................................ 148 

5. 2. 3. Delivery of DNA constructs to R. prolixus embryos ........................................................ 149 

5. 2. 4. Confirmation of CRISPR-Cas9 genome modification ....................................................... 150 

5. 2. 4. 1. Imaging of 1st instar nymphs .................................................................................. 150 

5. 2. 4. 2. Mean grey scale analysis ......................................................................................... 150 

5. 2. 4. 3. Molecular confirmation of CRISPR-Cas9 mutations via NHEJ ................................. 151 

5. 2. 4. 4. Molecular confirmation of CRISPR-Cas9 mutations via HDR .................................. 151 

5. 3. Results.......................................................................................................................... 152 

5. 3. 1. Identification and rationalisation of target genes .......................................................... 152 

5. 3. 2. Assessment of the CRISPR-Cas9 NHEJ approach in R. prolixus ....................................... 155 

5. 3. 3. CRISPR-Cas9 mutations in R. prolixus via the HDR approach .......................................... 157 

5. 4. Discussion ..................................................................................................................... 163 

5. 4. 1. Survivorship following the ethanol-chemotransfection methodology ........................... 163 

5. 4. 2. Genetic modification of R. prolixus embryos via CRISPR-Cas9 NHEJ constructs ............ 164 



13 
 

5. 4. 3. Integration of exogenous DNA into the R. prolixus genome via CRISPR-Cas9 HDR  

constructs .................................................................................................................................... 165 

5. 4. 3. 1. Phenotypic screening of putative HDR transfected nymphs .................................. 165 

5. 4. 3. 2. Molecular confirmation of HDR transfections in R. prolixus nymphs ..................... 167 

6. Discussion and Future Research ...................................................................... 169 

6. 1. Discussion ..................................................................................................................... 170 

6. 1. 1. Impact of COVID-19 ......................................................................................................... 173 

6. 2. Future research ............................................................................................................. 175 

7. References ...................................................................................................... 179 

8. Appendix ........................................................................................................ 212 

  



14 
 

0. 6. List of figures 

Figure 1. Global prevalence of Chagas disease and leishmaniasis in 2019. ....................................... 25 

Figure 2. Vectoral transmission and life cycle of the parasite Trypanosoma cruzi. ........................... 26 

Figure 3. Vectoral transmission and life cycle of the parasites under the genus Leishmania. .......... 27 

Figure 4. Vector control programs for Chagas disease and leishmaniasis. ........................................ 29 

Figure 5. Insect vectors of Chagas disease and leishmaniasis. ........................................................... 31 

Figure 6. Distribution of the major epidemiologically relevant triatomine species. ......................... 32 

Figure 7. Global distribution of phlebotomine sand flies. .................................................................. 33 

Figure 8. Integration and excision of a DNA cassette using the piggyBac transposon system. ........ 35 

Figure 9. Genome engineering via zinc finger nuclease (ZFN) or transcription activator-like effector 

nuclease (TALEN) approaches. ............................................................................................................. 37 

Figure 10. CRISPR-Cas9 cleavage of genomic DNA for Non-Homologous End Joining and Homology 

Directed Repair. .................................................................................................................................... 40 

Figure 11. Insect genetic modification vector control strategies. ...................................................... 41 

Figure 12. Various insect cell lines. ...................................................................................................... 58 

Figure 13. DNA constructs used for validating promoter expression with insect cell lines. ............. 61 

Figure 14. Insect cell lines expressing GFP under either the actin-5c or cytomegalovirus promoter.

 .............................................................................................................................................................. 66 

Figure 15. Insect cell lines validating transfection of Ubiq-Cas9.874W. ............................................ 68 

Figure 16. Drosophila melanogaster examples of phenotypic marker genes. ................................... 76 

Figure 17. An illustration of the replacement of the D. melanogaster U6 promoter in pDCC6 with 

endogenous sand fly promoters. ......................................................................................................... 82 

Figure 18. The design and methodologies utilized by the pDsRed-attP plasmid. .............................. 83 



15 
 

Figure 19. Methodology for the microinjection of sand flies. ............................................................ 86 

Figure 20. The processing pipeline for conformation of mutations in P. papatasi sand flies 

transfected with CRISPR-Cas9 plasmids targeting the ebony gene (PPAI005863). ........................... 99 

Figure 21. Phenotypic mutations observed in P. papatasi following transfection with a CRISPR-Cas9 

plasmid targeting the ebony gene (PPAI005863). ............................................................................. 100 

Figure 22. The processing pipeline for conformation of mutations in L. longipalpis sand flies 

transfected with CRISPR-Cas9 plasmids targeting the rudimentary and vestigial genes (LLOJ009278 

and LLOJ009695). ............................................................................................................................... 101 

Figure 23. L. longipalpis adults exhibiting a phenotypic change following mutations to the 

rudimentary and vestigial genes (LLOJ009278 and LLOJ009695) via CRISPR-Cas9 transfection. .... 102 

Figure 24. Sanger sequence alignments for G1 L. longipalpis insects transfected with wing 

phenotype inducing CRISPR-Cas9 plasmids. ..................................................................................... 103 

Figure 25. ICE analysis graphical output for a L. longipalpis sand fly (G0-F1) transfected with 

CRISPR-Cas9 plasmids targeting the rudimentary gene (LLOJ009278). ........................................... 105 

Figure 26. T7 endonuclease I heteroduplex assay of a G1 L. longipalpis fly targeting the 

rudimentary gene (LLOJ009278) by CRISPR-Cas9. ............................................................................ 106 

Figure 27. T7 endonuclease I heteroduplex assay of G1 L. longipalpis flies targeting the vestigial 

gene (LLOJ009695) by CRISPR-Cas9 gRNA1 and gRNA2. ................................................................... 108 

Figure 28. Fluorescent micrographs of LLE/LULS45 cells expressing DsRed-Express after integration 

into the scarlet gene (LLOJ001495) via CRISPR-Cas9 HDR. ............................................................... 110 

Figure 29. Confirmation of exogenous DNA integration into the scarlet gene (LLOJ001495) within 

LLE/LULS45 cells via CRISPR-Cas9 HDR. ............................................................................................. 112 

Figure 30. ICE algorithmic deconvolution analysis for LLE/LULS45 cells transfected with Llon1-

pDCC6 plasmids targeting the scarlet gene (LLOJ001495). ............................................................... 113 

Figure 31. A T7 endonuclease I heteroduplex assay for LLE/LULS45 cells transfected with Llon1-

pDCC6 plasmids targeting the scarlet gene (LLOJ001495). ............................................................... 114 

https://lshtm-my.sharepoint.com/personal/lsh1604325_lshtm_ac_uk/Documents/Thesis/Corrections/LBG%20Thesis%20corrections.docx#_Toc154739344
https://lshtm-my.sharepoint.com/personal/lsh1604325_lshtm_ac_uk/Documents/Thesis/Corrections/LBG%20Thesis%20corrections.docx#_Toc154739344


16 
 

Figure 32. The processing pipeline for conformation of mutations in L. longipalpis sand flies 

transfected with CRISPR-Cas9 HDR plasmids for the insertion of an exogenous DNA cassette into 

the scarlet gene (LLOJ001495). .......................................................................................................... 115 

Figure 33. Fluorescent micrographs of G1 L. longipalpis sand flies following parental transfections 

with HUTR pDsRed-Ubi63e-attP and Llon1-pDCC6 plasmids. ........................................................... 116 

Figure 34. PCR confirmation of transfection in L. longipalpis adults with HUTR pDsRed-Ubi63e-attP.

 ............................................................................................................................................................ 117 

Figure 35. The egg structure of Rhodnius prolixus demonstrating a possible delivery route of 

transfection reagents to the embryo. ............................................................................................... 129 

Figure 36. Methodology for dissection of a Rhodnius prolixus embryo. ......................................... 134 

Figure 37. Validation of the wax stripping ethanol methodology in R. prolixus embryos. ............. 135 

Figure 38. Rhodnius prolixus embryos transfected with a DNA construct via an ethanol-

chemotransfection methodology. ..................................................................................................... 136 

Figure 39. Rhodnius prolixus embryos transfected with transient and integrative plasmids. ....... 138 

Figure 40. R. prolixus adults exhibiting loss of function in phenotypic genes following RNAi 

injections into 5th instar nymphs. ..................................................................................................... 145 

Figure 41. Sequences for the replacement of the D. melanogaster U6 promoter in pDCC6 with the 

endogenous promoter from R. prolixus. ........................................................................................... 148 

Figure 42. The design and methodologies utilized by the pDsRed-Ubi63E-attP plasmid for R. 

prolixus CRISPR-Cas9 HDR transfections. .......................................................................................... 149 

Figure 43. Regions of interest (ROI) selected for mean grey scale analysis (MGA). ........................ 151 

Figure 44. R. prolixus 1st instar nymph (w6) exhibiting a putative phenotypic change following 

mutations to the white gene (RPRC012709) via CRISPR-Cas9 transfection. .................................... 156 

Figure 45. ICE analysis graphical output for a pool sample of R. prolixus nymphs (including w6) 

transfected with CRISPR-Cas9 plasmids targeting the white gene (RPRC012709). ......................... 156 



17 
 

Figure 46. Confirmation of a phenotypic change in R. prolixus nymphs via a grey scale analysis 

following mutations in the aaNAT gene. ........................................................................................... 158 

Figure 47. Confirmation of a phenotypic change in R. prolixus nymphs via a grey scale analysis 

following mutations in the yellow gene. ........................................................................................... 159 

Figure 48. Confirmation of a mutation to the yellow gene (RPRC005424) via CRISPR-Cas9 HDR 

transfection in a R. prolixus 1st instar nymph. ................................................................................. 160 

Figure 49. PCR confirmation of mutations to the eyeless gene (RPRC003362) via CRISPR-Cas9 HDR 

transfections in pooled R. prolixus nymph samples. ........................................................................ 161 

Figure 50. Sequence confirmation of the ~5kb amplicon spanning the HDR insertion region of the 

eyeless gene (RPRC003362) in transfected R. prolixus insects. ........................................................ 162 

  



18 
 

0. 7. List of tables 

Table 1. Anti-microbial peptides active against Leishmania spp........................................................ 48 

Table 2. Anti-microbial peptides active against T. cruzi. .................................................................... 49 

Table 3. Insect cells culture conditions ................................................................................................ 60 

Table 4. Sand fly genes selected for editing via CRISPR-Cas9 NHEJ. .................................................. 95 

Table 5. In vivo transfection conditions and survivorship. ................................................................. 97 

Table 6. ICE analysis summary of positive results for L. longipalpis transfected with CRISPR-Cas9 

plasmids targeting the rudimentary gene (LLOJ009278). ................................................................. 104 

Table 7. Densitometric analysis results inferring mutations in the vestigial gene (LLOJ009695) of L. 

longipalpis insects transfected with CRISPR-Cas9 plasmids. ............................................................ 106 

Table 8. The analytical data for LLE/LULS45 cells treated with CRISPR-Cas9 Llon1-pDCC6 plasmids 

targeting the scarlet gene (LLOJ001495) utilizing three different gRNAs. ....................................... 113 

Table 9. Survivorship following the ethanol-chemotransfection methodology in R. prolixus 

embryos. ............................................................................................................................................. 138 

Table 10. R. prolixus genes selected for editing via CRISPR-Cas9. ................................................... 154 

Table 11. In vivo CRISPR-Cas9 NHEJ transfection conditions and survivorship in R. prolixus. ........ 155 

Table 12. In vivo CRISPR-Cas9 HDR transfection conditions and survivorship in R. prolixus. ......... 157 

 

  



19 
 

0. 8. List of appendices  

Appendix 1. A visual methodology of gRNA design using ChopChop v3. ........................................ 212 

Appendix 2. PCR primers used for CRISPR-Cas9 genome editing in phlebotomine sand flies. ....... 216 

Appendix 3. Densitometric analysis results showing mutations in the vestigial gRNA1 region of L. 

longipalpis insects transfected with CRISPR-Cas9 plasmids. ............................................................ 220 

Appendix 4. Densitometric analysis results showing mutations in the vestigial gRNA2 region of L. 

longipalpis insects transfected with CRISPR-Cas9 plasmids. ............................................................ 223 

Appendix 5. Potential delayed development following transfection of Rhodnius prolixus embryos 

with piggyBac based plasmids. .......................................................................................................... 226 

Appendix 6. PCR primers used for CRISPR-Cas9 genome editing in R. prolixus. ............................. 227 

 Appendix 7. Reference images for the mean grey scale analysis of aaNAT targeted R. prolixus 

nymphs. .............................................................................................................................................. 230 

Appendix 8. Data output for mean grey scale analysis of aaNAT targeted R. prolixus nymphs. .... 231 

Appendix 9. Reference images for the mean grey scale analysis of yellow targeted R. prolixus 

nymphs. .............................................................................................................................................. 233 

Appendix 10. Data output for mean grey scale analysis of yellow targeted R. prolixus nymphs. .. 235 

Appendix 11. Reference images for the mean grey scale analysis of the yellow 1 R. prolixus nymph.

 ............................................................................................................................................................ 238 

Appendix 12. Data output for mean grey scale analysis of yellow 1 R. prolixus nymph................. 238 

 

 

  



20 
 

0. 9. Abbreviations 

a.u. Arbitrary Units  

aaNAT Arylalkylamine-N-Acetyltransferase  

ABC ATP-Binding Cassette 

ADA Algorithmic Deconvolution Analysis 

AMP Anti-Microbial Peptides  

Cas9 CRISPR Associated Endonuclease 

casp Caspar 

CC9-RNP CRISPR-Cas9 Ribonucleoprotein Complex 

CH Cuticular Hydrocarbons 

CL Cutaneous Leishmaniasis 

cn Cinnabar 

CRISPR-Cas9  Clustered Regularly Interspaced Short Palindromic Repeats- CRISPR 
Associated Sequences 9 

daisy drives Daisy Chain Gene Drives 

DALYs Disability Adjusted Life Years 

Dmel Drosophila melanogaster 

DSB Double-Stranded Break  

dsDNA Double-Stranded DNA 

e Ebony  

EC Ethanol-Chemotransfection 

ey Eyeless 

FACS Fluorescence-Activated Cell Sorting 

FP Few-Polyhedra 

GFP Green Fluorescent Protein  
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GM Genetic Modification 

gRNA Guide RNA 

HA Homology Arms  

HDR Homology Directed Repair 

HSC CRISPR-Cas9 HDR Single Central gRNA Approach 

HUTR CRISPR-Cas9 HDR Multiplexed gRNA Approach 

IC Inhibitory Concentration 

IDP Internally Displaced Person 

indel Insertion/Deletion Mutations 

IRS Indoor Residual Spraying 

ITR Inverted Terminal Repeats 

kr Krüppel  

LHA Left Homology Arm  

Llon Lutzomyia longipalpis 

MCL Mucocutaneous Leishmaniasis 

MGA Mean Grey Scale Analysis 

MGV Mean Grey Scale Value  

NADA N-Acetyl Dopamine  

NASC Nucleic Acid Squaramide Carriers 

NBAD N-Β-Alanyl Dopamine 

NHEJ Non-Homologous End Joining 

PAM Protospacer Adjacent Motif 

PBS Phosphate-Buffered Saline 

PDL Poly-D-Lysine 
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PEI Polyethyleneimine 

PFA Paraformaldehyde 

pgSIT Precision Guided SIT 

Ppap Phlebotomus Papatasi 

PSEA Pol III Proximal Sequence Element A 

r Rudimentary  

ReMOT Receptor-Mediated Ovary Transduction Of Cargo 

RFP Red Fluorescent Protein  

RHA Right Homology Arm  

RNP Ribonucleoprotein 

ROI Region Of Interest 

Rpro Rhodnius prolixus 

SCI Southern Cone Initiative 

SEM Standard Error Of The Mean 

sgRNA Single Guide RNA 

SIT Sterile Insect Techniques 

st Scarlet 

T7EI assay T7 Endonuclease I Heteroduplex Assay 

TALE Transcription Activator-Like Effectors 

TALEN Transcription Activator-Like Effector Nucleases  

toy Twin Of Eyeless 

UTR Untranslated Regions 

vg Vestigial 

VL Visceral Leishmaniasis 
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w White  

WT Wild-Type 

y Yellow  

ZFN Zinc Finger Nuclease 

ZFP Zinc-Finger Proteins  
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1. 1. Epidemiology of Chagas disease and leishmaniasis 

Trypanosoma cruzi (the causative agent of Chagas disease) and Leishmania spp. (the causative 

agents of leishmaniasis), are protozoan parasites (Trypanosomatida) transmitted by triatomine bugs 

(Order Hemiptera, subfamily Triatominae) and female phlebotomine sand flies (Order Diptera, 

subfamily Phlebotominae) respectively. Together they are responsible for an enormous health 

burden, spanning six continents, and affecting millions (1,2). 

Both Chagas disease and leishmaniasis are regarded as neglected tropical diseases and principally 

impact disadvantaged communities. Chagas disease, currently affects an estimated 6.5 million 

people, leading to an average loss of ~275,000 Disability Adjusted Life Years (DALYs) and an 

associated mortality of ~9,500 people annually (1,2). Leishmaniasis, caused by various different 

Leishmania spp. affects roughly 4.6 million people globally, leading to ~5,700 deaths and an average 

loss of ~700,000 DALYs annually (1,2). 

Figure 1. Global prevalence of Chagas disease and leishmaniasis in 2019.  
Data from the Institute for Health Metrics and Evaluation (1,2). A) global prevalence of Chagas disease. B) 
global prevalence of leishmaniasis. 

A 

B 
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Chagas disease and leishmaniasis are both endemic to large areas of Latin America, but leishmaniasis 

is also endemic in North and Central Africa, Southern Europe as well as East Asia (1,2). Leishmaniasis 

presents as three principle forms of pathology depending on the Leishmania species (3,4). Broadly 

these are cutaneous leishmaniasis (CL) presenting skin lesions, mucocutaneous leishmaniasis (MCL) 

which presents inflammation of the mucosal membranes of the nasopharyngeal region leading to 

extensive tissue damage if untreated, and visceral leishmaniasis (VL) the systemic form which leads 

to ~95% mortality without treatment. Each form has a different geographical epidemiology with 90% 

of CL found in Afghanistan, Algeria, Brazil, Iran, Peru, Saudi Arabia, and Sudan, 90% of MCL cases 

occur in Bolivia, Brazil, Ethiopia and Peru and, 90% of VL is found in Bangladesh, Brazil, India, Nepal, 

and Sudan (5). Mass migration due to conflicts in endemic regions, political instability, or general 

migration is spreading these parasites to previously non-endemic countries (6). In Chagas disease, 

60-80% of the infected population are asymptomatic, which has led to thousands of cases in non-

endemic countries in Europe, North America and Asia, as shown in Figure 1A (1,2,7).  

Figure 2. Vectoral transmission and life cycle of the parasite Trypanosoma cruzi.  
Figure from Rassi et al., 2010 (8). 

The main transmission pathway for T. cruzi is by exposure to infected faeces from hematophagous 

insects of the subfamily Triatominae (8). Metacyclic trypanosomes within infected faeces enter the 

host through open wounds (such as the bite site) or through mucosal membranes. Infection can also 

occur by infected blood transfusion, organ transplantation, congenital transmission and by oral 

ingestion of contaminated foodstuff (8–11). Upon entering the host, infective trypomastigotes have 
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the capacity to infect a variety of host cells, where they differentiate into amastigotes and begin 

replication by binary fission to form pseudocysts. Prior to rupture of the pseudocyst, amastigotes 

differentiate to infective trypomastigotes. These spread throughout the circulatory system to infect 

distant tissues (mainly muscle cells) and carry out further replication (12). Infective trypomastigotes 

may also be ingested by triatomine bugs during blood feeding. In the bug’s midgut, the parasites 

differentiate into epimastigotes and replicate via binary fission. Epimastigotes then migrate to the 

hindgut and rectum to differentiate into infective metacyclic trypomastigotes continuing the cycle 

(Figure 2) (12). 

Figure 3. Vectoral transmission and life cycle of the parasites under the genus Leishmania.  
Figure from Villarreal (13). 

Transmission of leishmaniasis occurs via the bite from an infected phlebotomine sand fly vector, to 

mainly mammalian hosts (14). There are over 900 phlebotomine species but only around 50 are 

known to transmit leishmaniasis (Section 1. 3.)(13,15). Amastigote infected macrophages are 

ingested by the female sand fly during blood feeding, these differentiate in the sand fly gut through 

different promastigote forms (16). These promastigote forms are the procyclic promastigote which is 

found within the blood meal; the nectomonad promastigote responsible for breaking the peritrophic 

matrix and migrating to the foregut; the leptomonad promastigote forms within the foregut before 

differentiation into the metacyclic promastigote, the highly motile infective stage of Leishmania. 

Metacyclic promastigotes infiltrate the stomodaeal valve, contaminating the foregut and 

mouthparts of the sand fly and are transmitted to the host during the next blood feed (Figure 3) 

(13,15,17).  
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Within the host, following phagocytosis by neutrophils, promastigotes trigger cell apoptosis 

activating phagocytosis by macrophages (18). Leishmania is able to survive in the phagosomes by 

inhibiting maturation of lysosomal properties which would cause their degradation (19). 

Macrophages and dendritic cells are the main initial host cells (particularly in CL species), once 

immune cells are overwhelmed at the initial infection site, infected monocytes will migrate the 

infection or increase the area of the initial immune response (20,21). The cycle is completed by 

infection of blood-feeding female sand flies. 

1. 2. Diagnosis, prevention, and treatment 

Chagas disease comprises of two clinical stages, the acute phase, and the chronic phase. The acute 

phase typically lasts 4-8 weeks with symptoms including fever, inflammation at the inoculation site, 

unilateral periorbital swelling (Romaña sign), lymphadenopathy and hepatosplenomegaly, with 1-5% 

of patients developing the severe symptoms of myocarditis, pericardial effusion and 

meningoencephalitis (22). If left untreated, the chronic stage of infection can develop over 10-30 

years, leading to symptoms of cardiomyopathy, megaviscera, megaesophagus and, megacolon in 30-

40% of patients (22). Diagnosis of Chagas disease in the acute phase is carried out by either 

visualisation of trypomastigotes in peripheral blood via direct microscopy or PCR (23). Chronic 

infections are also diagnosed by serological tests detecting the presence of IgG antibodies against T. 

cruzi (23,24). 

Chagas disease is treated with anti-trypanosomal drugs in both the acute and chronic stages with 

varying dosages based on age and pregnancy (23). Chemotherapeutics, benznidazole and nifurtimox 

are currently the only licensed treatments. However, in the late chronic stage, the efficacy of 

benznidazole is low and often the benefit is marginal over no treatment due to adverse effects (25).  

The three major clinical forms of leishmaniasis all present varying symptoms. Cutaneous 

leishmaniasis will produce localised skin lesions at the inoculation site or wider dissemination 

causing large areas of tissue destruction (26). Mucocutaneous leishmaniasis forms highly damaging 

lesions, although they are localised to the nasal, pharyngeal and laryngeal mucosa (26). Visceral 

leishmaniasis, the systemic form of the disease, manifests itself in the form of anaemia, anorexia, 

cutaneous pigmentation, splenomegaly, lymphadenopathy, hepatomegaly, and weight loss. In the 

absence of VL treatment multisystem failure, haemorrhaging and thrombocytopenia can occur 

leading to death (26). Diagnosis is obtained via a biopsy of the cutaneous lesions, antibody detection 

or PCR (26).  
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Treatment of leishmaniasis currently comprises of intravenous pentavalent antimonials for all forms 

of the disease, in addition to Benzoxaborole based topical treatments for cutaneous leishmaniasis 

(26,27). The current first-line antimonial treatments are sodium stibogluconate, meglumine 

antimoniate and liposomal amphotericin B (26). Resistance to current anti-leishmanial drugs is 

increasing, to counter this a number of novel chemotherapeutics are currently in development (28). 

There are currently no vaccines or prophylaxis for Chagas disease or leishmaniasis. However, 

development of multiple leishmaniasis vaccine targets are currently being assessed, including sand 

fly saliva antigens and whole-killed parasites (29). Until these are commonly available, prevention of 

transmission is key to a possible eradication. 

Figure 4. Vector control programs for Chagas disease and leishmaniasis.  
A) a traditional house in which triatomine bugs inhabit crevices between mud bricks and loose tiles (30). B) 
improved housing reducing colony establishment of triatomine bugs by providing smoothed walls, tight-fitting 
tiles, and windows slats (30). C) pyrethroid IRS against Chagas disease in Paraguayan Chaco (31). D) DDT spraying 
for reducing phlebotomine fly populations of IDP camps in Iraq 2015 (32). 

The Southern cone initiative (SCI) a government ran strategy targeting Chagas disease has been the 

most successful large-scale public health intervention of a parasitic disease. The SCI has reduced the 

prevalence of Chagas disease by 95% in large areas of Argentina, Bolivia, Brazil, Chile, Paraguay, Peru 

and Uruguay (33). The SCI focused on blood donor serology screening, insecticide programs and 

research into the main mechanisms of transmission, whilst simultaneously introducing policies on a 

multinational level (33,34). Alternative control programs, to date, have not achieved the same 

success as the SCI. When indoor residual spraying (IRS) was introduced it was predicted to reduce 

the number of insects indoors by 70-90%, but this reduction was not achieved, and widespread 

resistance to insecticides was seen which is still persistent currently (35–40). Improvements to 

housing (Figure 4A & B) reduced seroprevalence and in most cases halted domiciliation of insects 

(30,41). However, housing improvements are highly expensive, must be well organised, and have the 

whole community’s interests in mind (30,42).  

IRS is the primary intervention to reduce leishmaniasis prevalence, along with insecticide-treated 

nets, clothing and bedsheets (43). Insecticide spraying of houses and peridomestic areas can reduce 

sand fly populations (Figure 4D). Resistance to carbiamates, pyrethrouds, Organochlorines (DDT), 

C A B D 
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and organophosphate insecticides has emerged in the Indian Subcontinent, Iran and Sudan, as well 

as pyrethroid resistance in South America (44–47). This shows the importance of novel insecticide 

development or alternative strategies for vector control.  

Paratransgenesis is a potential transmission control methodology which facilitates the expression of 

antimicrobial compounds within insect digestive tracts via the ingestion of transgenic symbiotic 

bacteria (48). This technique was originally developed in the triatomine bugs, Rhodnius prolixus, due 

to T. cruzi parasites developing through multiple life stages within the insect’s midgut and hindgut 

(49). Previous research was able to produce a 65% reduction in T. cruzi infection rates of R. prolixus 

insects by ingestion of Rhodococcus rhodnii bacteria expressing the antimicrobial peptide cecropin A 

(50). To develop a competent immune system 1st instar triatomine nymphs must ingest the faeces of 

older bugs, using this knowledge researchers were able to develop a method of dispersing 

transgenic bacteria by spraying of tainted faeces on surfaces where triatomines reside (51). In semi-

field experiments, transgenic R. rhodnii were detected in 50% of F1 adult triatomine bugs 9 months 

after contact with tainted faeces (50). This methodology has also been adapted to phlebotomine 

sand flies, with initial experiments showing strong expression of GFP from transgenic Bacilus subtilis 

in adult Phlebotomus argentipes, following feeding of tainted rabbit faeces to larvae (52). Furthering 

this, semi-field experiments have shown dispersal to adult Phlebotomus papatasi of Serratia AS1 

bacteria can be achieved by feeding tainted food bait to native rodents which pass the transgenic 

bacteria in their faeces, where roughly 12% of emerged adults in field cages were infected with the 

bacteria (53). Paratransgenesis is still a developing methodology for transmission control and will 

need to pass major ethical and regulatory considerations before it can be implemented in disease 

control strategies (48). 

In summary, control of Chagas disease and leishmaniasis can be effective with appropriate use of 

diagnosis, chemotherapeutics, insecticides, barrier methods, and control of blood transfusions 

(Chagas disease). However, the resources required are substantial and are often not available to 

those in need. New approaches to interrupt transmission are needed. 
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1. 3. Vectors of T. cruzi and Leishmania spp. 

Figure 5. Insect vectors of Chagas disease and leishmaniasis.  
A) an adult Triatoma infestans bug, the primary vector for Chagas disease in Southern cone countries. B) an 
adult Rhodnius prolixus bug, the principal vector for Chagas disease in Central America. C) an adult Lutzomyia 
longipalpis sand fly, one of the main vectors of leishmaniasis. The enlarged image of C is at a 6x magnification.  

Chagas disease is transmitted by Hemipteran vectors of the Reduviidae subfamily Triatominae, 

commonly referred to as triatomine bugs or kissing bugs. There are over 130 species of triatomine 

bugs known, around 120 of these blood feed on mammals and approximately 80% of those are 

capable of transmitting T. cruzi (54,55). Triatoma infestans (Figure 5A) is the most important vector 

of Chagas disease in the southern cone region of South America (Figure 6) (56–59). Rhodnius prolixus 

(Figure 5B) is the primary vector across most of Central America and northern South America (Figure 

6) (56,59). Medically important species possess the capacity to invade domestic environments and 

also tend to defecate when feeding. Triatoma dimidiata, which is far more widespread than R. 

prolixus (Figure 6), colonises dwellings less frequently, reducing the risk for transmission (56,57,59). 

Triatoma spp. frequent terrestrial habitats including rocky crevices or rodent burrows, exploiting 

similar niches within households residing under roof tiles and wall cracks in poorly maintained 

housing (57,60). Rhodnius spp. typically inhabits palm trees in the sylvatic environment. They are 

eclectic feeders of avians and mammals and have adapted well to rural housing with thatched palm 

frond roofing (60). Chagas disease is split into six distinct genotypes (TcI-VI), these genotypes have 

been linked to potential pathologies (61,62). In mouse models, TcI infections developed to severe 

cardiomyopathy in 88% of cases whilst no cardiomyopathy develops in TcVI infected mice (63). The 

development of genotype pathologies is important as specific vector species have been identified as 

only competent to limited genotypes, reducing the capacity for specific lineages to spread within 

large geographical regions (64). Previous studies have found Rhodnius spp. favour TcI genotypes 

whilst Triatoma spp. have been found to transmit all genotypes except for TcIV (65). 
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Figure 6. Distribution of the major epidemiologically relevant triatomine species. 
The approximate geographical distribution of each species is highlighted in red. Species highlighted with red 
text are those seen as the most medically important due to Chagas disease transmission. Figure from (59). 

Dipteran insects of the subfamily Phlebotominae, sand flies, are the vectors for leishmaniasis. 988 

species of Phlebotominae have been identified and split into six genera (66). Representatives of two 

genera, Phlebotomus and Lutzomyia comprise of the major medically important species. 

Phlebotomus spp. are restricted to Afro-Eurasia countries and Lutzomyia spp. in the Americas (Figure 

7) (66,67). Lutzomyia longipalpis (Figure 5C) is the most prominent vector in the Americas and the 

primary vector of VL (L. infantum), which is responsible for over 5,000 deaths per year (1,68,69). 

Phlebotomus argentipes is the only known vector of L. donovani in the Indian subcontinent, leading 

to 90% of global VL cases (70). Whilst Phlebotomus papatasi, an anthropophilic sand fly, is the 

primary vector for cutaneous leishmaniasis (L. major) across most of Afro-Eurasia (71). Poor 

sanitation, climate change and encroachment of humans into sylvatic habitats have been implicated 

in the increasing ecological range of sand flies (68,72). Sand flies are often opportunistic in their 
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feeding habits and are seldom exclusively anthropophilic, therefore, chicken coops/lifestock in 

peridomestic areas or pets such as dogs may help support vector populations (73,74).   

Figure 7. Global distribution of phlebotomine sand flies. 
The map lists epidemiologically relevant sand fly genera based on eight zoogeographical regions. Sand flies are 
estimated to be distributed between latitudes of 50°N and 40°S as marked with the grey lines. Figure from 
(67). 

T. cruzi has been observed in over 180 mammal species spanning domestic and sylvatic 

environments (75). The most medically important animal reservoirs include species from the rodent, 

opossum and primate groups (75,76). For leishmaniasis mammals from Orders Marsupialia, 

Cingulata, Pilosa, Rodentia, Primata, Carnivora, and Chiroptera have been implicated as animal 

reservoirs for human disease (77). Dogs are important reservoirs in the Americas, livestock and 

sylvatic reservoirs are implicated in transmission in Afro-Eurasia (77,78). Animal reservoirs, along 

with the presence of asymptomatic carriers make eradication via chemotherapeutic treatment alone 

unlikely.  

1. 4. Genetic modification of insects 

The use of genetic modification (GM) techniques in insects has been of wide interest to the scientific 

community. This is mostly due to its ability to elucidate gene functions and as a potential route to 

interrupt pathogen transmission (Section 1. 5.). The most commonly used method for delivering 

genome editing components to cells is DNA construct vectors. These deliver genome editing systems 

(Sections 1. 4. 1- 3) by the expression of a DNA cassette containing the coding regions of RNA 
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molecules or proteins, which are expressed in the ribosomes of cells without being present in 

chromosomal DNA. This expression is referred to as transient expression as it is often temporary and 

is unable to multiply with cell replication. The genome editing systems coded in these DNA 

constructs can migrate to the nucleus post-expression, to edit genomic DNA (79). Random 

integration of exogenous DNA can occur during genome replication or repair, when exogenous DNA 

binds with complimentary genomic DNA, often due to small regions of homology (Figure 9) (80,81). 

This is often utilized in vitro to create stable clonal cell lines by randomly integrating DNA cassettes 

containing drug resistance or fluorescent markers which can be selected by drug pressure or 

fluorescence-activated cell sorting (82,83).  

The development of CRISPR-Cas9 based approaches have largely surpassed previous techniques such 

as piggyBac and zinc finger nucleases. The specific removal or replacement of a genes function has 

allowed for a deep understanding of vector-pathogen interactions and vector control strategies (84–

87). Whilst CRISPR-Cas9 has become the main approach for GM in insects, multiple other 

approaches have been validated and optimised and with each one comes a suite of advantages. 

These techniques have the potential to be used by researchers to silence/overexpress/introduce 

genes of interests which can be used to understand the functional basis of gene pathways. This 

understanding of functional genomics allows researchers to further understand insect biology or 

pathogen-vector interactions. Which can be used to produce novel chemotherapies targeting 

parasite pathways involved in transmission or to develop vector control strategies affecting insect 

fecundity or immunity to pathogens.  

1. 4. 1. PiggyBac transposable elements  

PiggyBac transposable elements are one of the most widely used genetic modification techniques in 

insects. They were first identified in the cabbage looper (Trichoplusia ni) when it was observed that 

nuclear polyhedrosis viruses began incorporating genomic sequences from T. ni cells following 

infection (88). These mutations termed FPs (Few-Polyhedra) were characterized by their inverted 

terminal repeats (ITRs) located asymmetrically on either end of the inserted DNA (89). They were 

found to insert only at a TTAA sequence within the genome. A particular FP sequence (IFP2) encodes 

a transposase enzyme, which causes a double stranded break of genomic DNA at the TTAA sites (89). 

Using IFP2, a system of DNA construct vectors were developed, one incorporating ITRs flanking 

exogenous DNA for insertion, and a further vector containing the piggyBac helper transposase based 

on the IFP2 sequence (90). Once expressed the transposases bind to the ITRs in a DNA vector and 

locate a TTAA region in genomic DNA, the transposase then catalyses the integration of the 

exogenous DNA into the genome (Figure 88A) (91). If desired, the exogenous DNA can then be 
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excised from the genome without leaving insertion/deletion (indel) mutations by the use of an 

excision only piggyBac transposase (Figure 88B) (92). 

Figure 8. Integration and excision of a DNA cassette using the piggyBac transposon system.  
A) a DNA cassette is integrated into the target genome at a TTAA site by piggyBac transposases. The piggyBac 
transposases bind to inverted terminal repeats (ITR) in a vector containing a piggyBac transposon. The 
transposon is then “cut” out of the vector and “pasted” into the genome at a TTAA site. B) DNA previously 
integrated via piggyBac is excised from the genome using piggyBac transposases. This excision leaves no 
scarring in the genome sequence. 

Although piggyBac was developed from T. ni, its efficiency within mammalian cells was much greater 

than other transposable elements identified at the time (93–95). Altering the original piggyBac 

transposase’s coding sequence to optimise codon usage for mammalian cells, transposition 

efficiencies increased by 20 fold in mammalian cells (96). Following this, screening of a range of 

transposase mutants found in Saccharomyces cerevisiae against mouse ES cells, a mutant referred to 

as mhyPBase was discovered to produce a 17 fold increase in transposition efficiencies (97). Another 
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mutant was found to contain the same 7aa mutation as mhyPBase but with the codon arrangement 

from the insect piggyBac transposase. This was referred to as ihyPBase and was found to 

significantly increase transposition rates in Drosophila melanogaster over the mhyPBase (98). This 

insect focused hyperactive transposase is now considered the gold-standard for insect piggyBac 

transfections.  

The piggyBac system has shown high transfection efficiencies across multiple orders of insects, with 

species examples such as the Asian tiger mosquito (Aedes albopictus), African malaria mosquito 

(Anopheles gambiae), turnip sawfly (Athalia rosae), Queensland fruit fly (Bactrocera tryoni), two-

formed bumble bee (Bombus bifarius), silk moth (Bombyx mori), New World screw-worm fly 

(Cochliomyia hominivorax), Asian lady beetle (Harmonia axyridis), and Red flour beetle (Tribolium 

castaneum) (99–107). However, to date there are no reports of successful application of PiggyBac 

applied to sand flies or triatomine bugs, a major omission. The semi random nature of piggyBac 

makes for easy integration into the genome but lacks the ability to target specific genes, which is 

necessary in some functional studies. However, the semi-random nature of insertion is a major 

advantage in non-model insects, especially those lacking a full genome assembly. In recent years, the 

inclusion of CRISPR-Cas9 elements (Section 1. 4. 3.) into piggyBac cassettes has allowed the targeting 

of specific genes for functional studies and even the production of high efficiency gene-drives 

(Section 1. 5. 1.) (108,109). This technology has the potential to create lasting vector control 

methods such as sterile insect techniques, which are introduced to populations with relative ease 

(110). 

1. 4. 2. Zinc finger nucleases and transcription activator-like effector nucleases  

Type IIS restriction enzymes are now widely used to cut genomic DNA allowing for targeted 

mutations to occur. Initially these enzymes were discovered to defend bacteria from exogenous DNA 

such as T7 phages (111). With this knowledge the FokI endonuclease from Flavobacterium 

okeanokoites was found to show efficient but non-specific cleavage of eukaryotic double stranded 

genomic DNA (112). Two GM systems were developed by attaching DNA binding proteins to the FokI 

endonuclease, with this adaptation, specific genome sequences could be targeted (113,114). These 
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two systems were known as zinc finger nucleases (ZFN) and transcription activator-like effector 

nucleases (TALEN). 

Figure 9. Genome engineering via zinc finger nuclease (ZFN) or transcription activator-like effector nuclease 
(TALEN) approaches.  
ZFN uses zinc finger proteins to bind to a 3bp region of a target genome sequence. These proteins are attached 
in an array of 3-6 proteins and bound to a FokI endonuclease. This complex is known as a zinc finger nuclease. 
Another ZFN is designed for the complimentary strand directly upstream of the first ZFN. When these bind to 
the genome the FokI endonucleases dimerize causing a double-stranded break in the genomic DNA. This can 
be repaired by non-homologous end joining which can create insert/deletion mutations. Alternatively, if DNA 
with complimentary sequences to the region surrounding the cut site is present, homology directed repair may 
occur inserting the exogenous DNA into the genome. TALENs utilise transcription activator-like effectors 
instead of zinc finger proteins. These are capable of binding to a single nucleotide allowing for more accurate 
targeting of a genomic sequence.  

The process of gene editing via the ZFN system goes as follows, Cys2-His2 zinc-finger proteins (ZFP) 

recognise and bind to a 3bp DNA sequence within the genome, allowing identification of a target 

region (115). 3-6 ZFPs are attached to create an array allowing for the targeting of an 18-36bp 
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region. The array is bound to a FokI restriction enzyme. Another array is formed to bind to the 

complimentary strand of the genome directly upstream and includes a FokI endonuclease. Following 

ZFNs binding to the genome the FokI enzymes dimerize and cleave the genomic DNA causing a 

double-stranded break (DSB) (Figure 99). This DSB can be used for non-homologous end joining 

(NHEJ) and homology directed repair (HDR) genome editing techniques. NHEJ is highly error-prone in 

attempting to repair the DSB, usually resulting in small indels and subsequently gene loss caused by 

a frameshift (Figure 99). HDR incorporates exogenous DNA with flanking arms complementary to the 

region surrounding the DSB, allowing for insertion of template DNA (Figure 99) (79).  

The initial ZFPs were found in Xenopus laevis oocysts, and following FokI injections into oocysts, 

highly efficient cleavage of plasmid DNA was observed (116,117). Whilst initial studies used only 

three ZFPs to an array (identification of 18bp), a six ZFP system was developed allowing for more 

accurate target binding, by permitting mismatched nucleotides in the array (118). Optimizations of 

ZFP arrangements are still being created with recent papers showing the ability to skip nucleotides 

between ZFP binding sites (119). ZFNs have been applied to a wide range of eukaryote organisms 

including amphibians, fish, insects, and mammals (120–123). In the context of this thesis, their use in 

insects is most relevant. ZFNs were utilised for inheritable gene loss studies in model organisms such 

as B. mori and D. melanogaster (121,124). The function of the phenotypic Laccase2 gene was 

removed in two-spotted cricket (Gryllus bimaculatus) offspring, showing ZFNs potential in non-

model insect species (125). However, the complexity of producing ZFNs made it both expensive and 

time consuming and the approach was quickly dropped for insect transgenics in favour of other 

techniques such as piggyBac, CRISPR-Cas9 and TALENs (126).  

Using transcription activator-like effectors (TALE) from the plant pathogenic bacteria Xanthomonas, 

Boch et al., was able to develop a novel DNA binding array using proteins which bind to single 

nucleotides and attach to type IIS restriction enzymes for DNA cleavage (113,127). The biding arrays 

can be 12-28 proteins in length giving a potential 24-56 bp binding site. Similar to ZFNs, researchers 

create an array of TALEs which bind with one strand of double stranded DNA attached to a FokI 

endonuclease on the C-terminal end forming a transcription activator-like effector nuclease (TALEN). 

When the FokI endonucleases dimerize, they will cause a DSB which can lead to NHEJ or HDR repair 

(Figure 99). The main difference between ZFN and TALENs is the level of accuracy that can be 

selected due to TALEs binding to a single nucleotide. This gives much greater control in selecting a 

target site over ZFNs, as ZFNs were dependant on a select number of 3bp combinations (127).  

TALENs are still widely used today for genetic modification of organisms. The system is often 

favoured for human gene therapies over tools such as CRISPR-Cas9 due to its ability to be location- 
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tagged for editing of specific DNA types such as mitochondrial DNA (128). TALENs are used for the 

creation of transgenic insect lines, with successful manipulation in a number of dipteran and 

lepidopteran insects (84,129–131). These approaches have been far more focused on functional 

genomics over those trialled with ZFN. Within B. mori the fibroin heavy chain gene was replaced with 

the major ampullate spidroin-1 gene from the golden silk orb-weaver (Nephila clavipes) creating 

moths capable of producing spider-like silk (130). To halt malaria parasite development in the Asian 

Malaria Mosquito (Anopheles stephensi) the kynurenine 3-monooxygenase gene was removed, 

which reduced xanthurenic acid levels, a necessary acid for plasmodium exflagellation (84). Research 

using the TALENs technique still shows potential, however, due to the protein array production 

being more complex and expensive than that of gRNAs used in CRISPR-Cas9, its adoption in insect 

based research has been limited.  

1. 4. 3.  CRISPR-Cas9 

First identified in Escherichia coli in 1987, CRISPR-Cas9 (Clustered Regularly Interspaced Short 

Palindromic Repeats- CRISPR Associated Sequences 9) is a bacterial defence mechanism against 

bacteriophages and viral transposable elements (132). DNA can be cleaved using CRISPR associated 

recognition sequences and an associated endonuclease (Cas9) causing a DSB at the site of 

palindromic repeats, allowing for targeted mutagenesis (133). The repeats, known as protospacer 

regions, do not naturally occur within bacterial genomes. Cas nucleases will cleave DNA following a 

protospacer adjacent motif (PAM) often the 3-6bp following a protospacer region (79).  

The CRISPR-Cas9 mechanism has been translated for use in eukaryotic organisms to precisely 

manipulate genes in an efficient low-cost manner compared to approaches such as TALENs. The type 

IIA system originally translated from Streptococcus pyogenes is widely used for manipulation of 

eukaryotes, due to its homologous nature and use of the Cas9 endonuclease (134). Cas9 identifies a 

target cleavage site by associating with a short RNA sequence known as a single guide RNA (sgRNA) 

(Figure 1010B). A sgRNA comprises of a 20bp sequence homologous to the target region directly 

upstream of a PAM sequence (5’-NGG) and a 75bp scaffold sequence complementary to the Cas9 

endonuclease. The sgRNA and Cas9 endonuclease bind together to form a ribonucleoprotein (RNP). 

Once the RNP is formed, the Cas9 endonuclease facilitates cleavage of the nucleotide following the 
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PAM sequence (Figure 10C) (79). Following DNA cleavage by Cas9 endonucleases, cells will invoke 

one of two repair mechanisms, NHEJ or HDR (Figure 10D).  

Figure 10. CRISPR-Cas9 cleavage of genomic DNA for Non-Homologous End Joining and Homology Directed 
Repair.  
A) the Cas9 and sgRNA are expressed in or introduced to the target cell. B) the Cas9 endonuclease binds to the 
complementary scaffold and forms a ribonucleoprotein (RNP). C) the cas9 separates double stranded genomic 
DNA at the site complementary to the gRNA. The Cas9 then cleaves the genomic DNA 3bp upstream of the 
gRNA’s terminal end causing a double stranded break. Di) NHEJ repairs the cleavage site potentially 
introducing indel mutations in the genomic DNA strands. Dii) HDR occurs if exogenous DNA with homologous 
arms complimentary to the region surrounding the cleavage site are present. This figure was created using the 
BioRender webtool. 

This system has a number of advantages over that of type IIS restriction enzymes systems, most 

importantly, it is easier to produce target recognition via RNA over the chaining of specific peptides 

which are expensive and labour intensive. The relative simplicity has led to the mass adoption of 

CRISPR-Cas9 for GM over approaches such as ZFN and TALENs. D. melanogaster was the first 

published insect to be edited by the CRISPR-Cas9 system targeting eye phenotype genes white and 

yellow (135). Since then, the system has been applied to the insect orders Coleoptera, Diptera, 

Hemiptera, Hymenoptera, Lepidoptera, Orthoptera, and Zygentoma (136–142). Most of these early 

approaches were simple validations of the system using phenotypic genes as markers of successful 

loss of function mutations. Using the CRISPR-Cas9 system Awata et al, was able to validate the dop1 

gene as a neurotransmitter mediating aversive reinforcement when feeding salt or sugar water to G. 

bimaculatus (143). This revealed important insights in the understanding of learning and memory for 

insects. In locating and targeting relevant effector domains within a gene, researchers are able to 

repress or activate genes for functional studies. These targeted approaches are known as CRISPRi 
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(gene repression) or CRISPRa (gene activation). This has been used in B. mori to activate the silk 

production gene Fibroin Heavy Chain, which resulted in increased cell stress responses and silk 

secretion disorders (144). These approaches have also been shown to reduce the mortality 

associated with Cas9 over expression in Drosophila allowing for more detailed gene function studies 

without trait loss (145). Whilst the applications of CRISPR-Cas9 for the study of gene functions is 

important, other groups have been using the system to implement insect control strategies for crop 

pests and disease vectors (Sections 2. 1. 1. & 5. 1. 1.). 

1. 5. Genetic modification strategies for vector control 

Currently Chagas disease and leishmania vector control strategies rely on insecticides and housing 

improvements. These techniques can be effective but are limited by the emerging resistance to 

insecticides and they require significant funding and infrastructure to remain viable (30,46,146). The 

genetic modification of insect populations brings the opportunity to pass traits through inheritance, 

which are self-sustaining post release. The genetic control of insects has taken two main approaches, 

population suppression, and population replacement. These approaches are often driven through 

populations by the use of a gene drive system (Figure 11). 

Figure 11. Insect genetic modification vector control strategies.  
Gene drives facilitate the inheritance of introduced traits above that of Mendelian inheritance. They work by 
the integration of a CRISPR-Cas9 system into the genome expressed by a germline specific promoter. This 
expression results in the trait being incorporated into both target chromosomes, increasing the chance of an 
offspring inheriting the trait above 50%. Gene drives can be applied to population control strategies either 
replacing the population with a stable line exhibiting a desired trait (population replacement), or the 
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suppression of a population by introducing traits which reduce viability or reproductive fitness (population 
suppression). Figures from (147,148). 

To ensure these traits are inherited by populations, any approach for genetically engineering insects 

(Section 1. 4) must be delivered to pre-blastoderm pole cells. During the embryogenesis of insects, 

the pre-blastoderm period is when the fertilised egg cell separates into two cell types, diploid 

germline derived cells which migrate to the posterior pole to form the embryo (pole cells), and a 

multinuclear coenocyte, which replicates clonally to create several thousand daughter cells (149). 

These daughter cells will migrate to the periplasm of the yolk forming a single cell layer, the 

blastoderm, which protects both the yolk and pole cells, allowing them to divide and differentiate 

into the insect embryo. Delivery to the pole cells prior to blastoderm formation, increases the 

efficiency of transfection as a low number of cell replications have occurred. This ensures the 

desired trait will be present in the majority of the embryonic cells, increasing the likelihood of 

gamete precursor cells carrying the desired trait and thus inheritance to the next generation. The 

blastoderm is thought to develop in the first 36-60 hours post oviposition for sand flies and 12 hours 

for triatomine bugs (150,151). Although, sand flies often oviposit fully melanised eggs, potentially 

inferring these eggs have already developed past blastoderm formation before being oviposited 

(152). The further the pole cells replicate, the lower the efficiency of integrating the desired traits 

into the majority of embryonic cells. This leads to mosaic expression of the trait in G0 tissues, and 

ubiquitous expression in further generations as these will have at least one chromosome expressing 

the trait. The integration of this trait in the second parental chromosome, so all germline cells 

possess the trait, is the basis of gene drive systems (153).  

1. 5. 1. Gene drives 

Gene drives are selfish genetic elements capable of spreading a desired trait, that has no benefit to 

an organism, through populations at levels above Mendelian inheritance (Figure 11) (147,148,154). 

A gene drive system typically incorporates three components, a sgRNA, the Cas9 endonuclease gene, 

and an insertional template incorporating homologous flanking arms targeting the desired 

insertional site leading to autocatalytic incorporation of an exogenous DNA template in the second 

wild- type allele resulting in homozygosity (154–156). This can be applied to a HDR CRISPR-Cas9 

construct by incorporating germline-specific promoters such as nanos, vasa or zpg, this will allow 

desired traits to be inherited by entire populations within 5-15 generations (157,158).  

Although gene drive approaches hold great promise, there are technical hurdles which need to be 

overcome before gene drive populations can be released. A key limitation to current strategies is the 

rise of resistance alleles. These are mutations surrounding the target site which when amplified in a 
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population reduce the ability for gene drives to function, therefore, removing the desired trait within 

a few generations (155). One solution which has been widely adopted is the use of multiplexed 

gRNA, this would require multiple resistance alleles to form before the trait is removed (159). 

Alternatively, by selecting a highly conserved target site in an essential gene, such as the doublesex 

gene, where mutations would elicit a viability loss within population, reducing the risk of resistance 

alleles over multiple generations (157).  

A further limitation of gene drives is the spread of the trait across wider populations without end. If 

an insect carrying a hazardous trait is introduced to wild populations this trait would be carried 

across vast geographical areas. To combat this, two approaches are currently being developed, these 

are reverse gene drives and daisy chain gene drives (AKA daisy drives or local drives) (160,161). 

Reverse drives introduce a gene drive to a transgenic population which directly targets the initial 

gene drive elements halting its function in later generations (160). Although, modelling of the 

reverse drive strategy seems to suggest that the reverse drives would fail to reach every transgenic 

insect and the hazardous traits would migrate to new geographical areas away from reverse drive 

populations (162). Daisy drives introduce gene drive elements into multiple sections of the genome, 

with all elements being required for the trait to function (161). As resistance alleles form in future 

generations some elements cease to function. This limits the inherited trait to only a few 

generations, reducing its ability to spread across a large geographical area. Therefore, self-limiting 

approaches such as daisy chain drives are suggested for driving any trait that does not present a 

fitness cost (163). 

The field of gene drives is still relatively early in development but the approaches being assessed in 

laboratory conditions are high impact and have the capacity to revolutionise vector control. 

1. 5. 2. Population suppression approaches 

Population suppression involves the inheritance of transgenes which cause a reduction in viability or 

reproductive fitness. Potential targets within this approach involve genes which alter sex ratios, 

produce sterile offspring, and limit mate seeking behaviours (110,131,157,164–170).   

One target for the control of insects via population suppression is sex-determining factors. Potential 

genes implicated in sex determination have been discovered across multiple insect orders (171). For 

use in the textile industry, the filial 1 gene in B. mori causes lethal mutations in developing females, 

leading to male only populations which produce higher quality silk cocoons (172). For vector control, 

male determining factors such as the Nix gene can be used to force male sex determination via 

upregulation by CRISPRa or female determination via CRISPR-Cas9 NHEJ (161,164,173). By targeting 
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the I-PpoI gene specifically in the X chromosome of An. gambiae, a high male bias developed in their 

offspring (165). Furthering this, a gene drive system targeting the I-PpoI gene, integrated into the 

doublesex locus, resulted in a male bias with females exhibiting male genitalia, resulting in a 100% 

male population within 10-14 generations from an allelic frequency of 2.5% (166). 

Key genes relating to fecundity have been identified in a number of Diptera, the most important of 

which for vector control include β2-tubulin, doublesex and intersex (157,167,174). The β2-tubulin 

gene functions to produce tubulin in the testes and sperm of insects, a key structural component 

vital for sperm formation (175). Loss of the β2-tubulin gene in Ae. aegypti, created complete male 

sterility within 3 generations without the associated fitness costs found in sterile irradiated 

mosquitos (167). The doublesex gene regulates sex determination mRNAs, the regulation of each 

mRNA is carried out by either the transformer or transformer 2 loci (176). By targeting specific exons 

of the doublesex gene with CRISPR-Cas9, a loss of transcription in either of the mRNAs can initiate 

the development of the gendered genitalia (157). When the female coding doublesex exon of An. 

gambiae was targeted in a CRISPR-Cas9 gene drive system, male genitalia was exhibited in all female 

offspring within 7-11 generations (157). The intersex gene was found to be a regulator of the female 

specific doublesex pathway, as it is required for sex differentiation creating the female genitalia of 

insects (174).  

A number of genes have been targeted to affect mate seeking behaviours, leading to a reduction in 

mating and a population crash. Examples include olfactory targets such as fruitless and odorant 

receptor co-receptor (orco) or flight muscle genes such as actin-4 and myosin heavy chain (myo-fem) 

(131,168–170,177). The fruitless gene is a female specific broad-complex tramtrack zinc finger 

transcription factor gene, which is linked to host seeking behaviours in females (178,179). When loss 

of function occurs in male insects, they lose their mate seeking behaviours making this gene a 

potential target for population suppression (177,179). Multiple orco genes have been discovered in 

insects relating to olfactory responses, especially host seeking behaviours in disease transmission 

(180,181). When targeted via TALENs in the Asian corn borer moth (Ostrinia furnacalis), a specific 

orco gene was found to drastically reduce attraction to sex pheromones, which could lead to a lack 

of mating in a controlled release (131). The actin-4 gene is involved in the formation of muscle fibres 

within female wing muscles of mosquitos such as Ae. aegypti and the southern house mosquito 

(Culex quinquefasciatus) (169,170). The myosin heavy chain gene, myo-fem, is responsible for ATP 

conversion to mechanical energy with female flight muscles (168,170). Both genes have been 

targeted in CRISPR-Cas9 studies on Ae. aegypti and Cx. quinquefasciatus creating insect lines with 

female offspring unable to control their wings (168–170). Reducing mobility limits their contact with 
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potential male mates and reduces their ability to create the wingbeat frequency needed to attract 

mates within swarms.  

The targeting of population suppression genes could replace classic methods of vector control such 

as sterile insect techniques (SIT) via chemicals or irradiation (182). The creation of sterile transgenic 

lines incorporating gene drives allows for a self-sustaining control strategy with little input post 

release. A self-limiting system for GM SIT has been developed, referred to as precision guided SIT 

(pgSIT) functions by introducing Cas9 to a single line of insects and target gRNAs into another line. 

When these lines mate their offspring contain the full machinery to induce the intended CRISPR-

Cas9 trait. This system has been applied to insects targeting genes relating to fecundity, sex 

differentiation and mate seeking behaviours (168,183,184). A pgSIT system targeting the doublessex, 

intersex, and β-Tubulin 85D genes in Ae. aegypti, was able to create a 99% sterile male population 

with a lethal mutation to female offspring, leading to a rapid population decline (110). Similarly, this 

system has been applied to the crop pests Drosophila suzukii, and observed 100% of viable G1 

offspring were sterile males (184). This approach has the potential to rapidly reduce disease 

transmission in localised areas without risking sylvatic population decline. 

1. 5. 3. Population replacement approaches 

Whilst population suppression has been heavily investigated as a leading vector control strategy, 

many ethical concerns have been raised around the eradication of a species. With the main ethical 

concern being the effect of a species loss on the surrounding ecosystem, in particular predators and 

plant species which rely on them for pollination (185). These concerns could be partially alleviated 

by the use of population replacement strategies, which alter the target population to reduce disease 

transmission without harming their ecosystem. Researchers have developed multiple strategies to 

induce refractoriness to disease agents including the loss of vector competency genes, the 

expression of vaccine candidates in insect saliva, and expression of effector molecules. These 

approaches have the potential to reduce the disease transmission from insect vectors without 

supressing populations. 

Many genes related to vector competency in insects have been identified, and with the emergence 

of GM vector control strategies these genes can be targeted to reduce or eliminate transmission. 

One such target is the eye-phenotype gene cardinal, which has been assessed in a field-ready gene 

drive system for An. gambiae, which was able to drive the trait within 6-10 generations (186). The 

cardinal gene catalyses the synthesis of xanthurenic acid, which is required by malaria to activate 

gametogenesis, if the gene’s function is lost, malaria parasites are unable to develop to oocysts 
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within mosquitos (186,187). Multiple potential targets have been identified for interrupting 

Leishmania spp. transmission in sand flies and T. cruzi in triatomine bugs. For leishmaniasis control, 

sand fly glycan genes could be targeted due to their role in parasite attachment to the midgut, which 

is essential for early differentiation (188,189). In Phlebotomus papatasi a galectin similar in form to 

β-galactosides 1-3, was required for attachment of Leishmania major to the midgut wall, whilst N-

acetyl-D-galactosamine in L. longipalpis has been implicated in the binding of Leishmania mexicana 

promastigotes (188,189). In triatomines, gut epithelial cell glycoproteins found on the surface of 

their perimicrovillar membrane have been identified as responsible for T. cruzi attachment to the 

gut (190,191). If the glycoprotein genes were lost, parasite attachment would be inhibited leading to 

their excretion before they could develop to infective stages. The caspar gene in L. longipalpis has 

also been shown to increase immune responses and clear Leishmania infections following loss of 

function (192). All of these targets have the potential to reduce disease transmission with traditional 

loss of function gene-drive strategies.  

A novel approach to combat transmission is the expression of vaccine candidates within insect 

populations. Yamamoto et al., successfully expressed the SP15 Leishmania antigen in An. stephensi 

salivary glands, which following multiple bites to mice raised anti-SP15 antibodies (193). The 

potential antigen would be transferred to humans post bite and induce an immune response, which 

could combat infection when it occurs. In principle, this concept could be applied to many infectious 

disease antigens or mRNA vaccine elements within multiple insect populations. There are concerns 

about vaccine consent and potential side effects, which has limited the application of this approach 

(185,193). 

The final approach for population replacement is the expression of effector molecules. These 

molecules include antibodies, anti-microbial peptides (AMP), DNA/RNA strands, and proteins. 

Effector molecules have shown to be especially effective against arboviruses with multiple 

approaches being taken in Ae. aegypti mosquitos (194–196). One approach is the expression of 

targeted hammerhead ribozymes, which can cleave structural protein genes in viral RNA genomes 

such as chikungunya (194). Similarly transgenic Ae. aegypti expressing small-interfering dsRNA 

molecules targeting the NS3/4A region of the Zika genome were able to cleave essential sequences 

and create near complete inhibition of the virus (195). Another approach was the expression of 

microRNAs targeting viral pathways of dengue and chikungunya in transgenic Ae. aegypti, these 

inhibited the transcription of viral mRNA reducing transmission efficiencies (196). In malaria, 

multiple single-chain antibodies such as m1C3, m4B7, or m2A10 were identified to bind to parasites, 

inhibiting sporozoite formation in mosquitos and affecting release from oocysts (197). These single-
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chain antibodies amongst others have been expressed from multiple gene-drive approaches, 

showing a reduction in transmission as well as reduced resistance alleles and population 

replacement within 5-11 generations (198,199). The expression of glycoinositolphospholipids in 

triatomines has also been theorised to reduce T. cruzi attachment to the midgut, limiting parasite 

development (191,200). AMPs are short peptide molecules usually derived from natural origins such 

as animal or insect genomes. AMPs have been expressed into mosquitos to target malaria via gene 

drives, this approach used magainin 2 and melittin in An. gambiae, limiting oocyst formation and 

creating a line of mosquitoes refractory to malaria (201). This expression was localised to the gut to 

reduce toxicity and increase contact with ingested parasites.  
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Table 1. Anti-microbial peptides active against Leishmania spp.  
Rows highlighted in green are peptides which have known active concentrations against both Leishmania spp. and Trypanosoma cruzi. Active concentrations marked with a 
* represent IC90s, a ** is an IC20 value, and *** is a IC100 value.  

Parasite targeted Peptide name Origin species 
Active concentration 

(µM) 
Mammalian cell 

toxicity CDS length (bp)  References 

Le. amazonensis 
Phylloseptin 1  

Waxy monkey tree frog (Phyllomedusa 
sauvagei ) 

3.93*  98 309bp (202,203) 

Gomesin Tarantula spider (Acanthoscurria gomesiana)  40* 5.3 548bp (204) 

Le. braziliensis Tachyplesin 
Chinese horseshoe crab (Tachypleus 

tridentatus) 
12.5*** Not known 524bp (205) 

Le. chagasi 
Dermaseptin 1 

analogue 
Waxy monkey tree frog (Phyllomedusa 

sauvagei ) 
18.5*** 50** 358bp (206) 

Le. donovani 

Cathelicidin-4 Domestic cow (Bos taurus)  0.000035 Not known 550bp (207) 
Seminalplasmin Domestic cow (Bos taurus) 0.00038 Not known 2156bp (207) 

Thionins Common wheat (Triticum aestivum)  1* 40 567bp (208) 
Le. mexicana Scorpine Emperor scorpion (Pandinus imperator) 27*** 150 538bp (209) 
Le. tarentolae REDLK Pseudomonas aeruginosa 75.83* 75 n/a (210) 

Le. tropica Halictine-2 Six-banded furrow bee (Halictus sexcinctus)  64*** 65** n/a (211) 
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Table 2. Anti-microbial peptides active against T. cruzi.  
Rows highlighted in green are peptides which have known active concentrations against both Leishmania spp. and Trypanosoma cruzi. Active concentrations marked with a 
* represent IC90s, a ** is an IC20 value, and *** is a IC100 value.  

Parasite targeted Peptide name Origin species 
Active concentration 

(µM) 
Mammalian cell 

toxicity CDS length (bp)  References 

T. cruzi 

Cathelicidin-6 Domestic cow (Bos taurus) 2* Not known 477bp (212) 
Scorpine Emperor scorpion (Pandinus imperator) 2.5* 150 538bp (213) 
Melittin Honey bee (Apis mellifera) 2.5 Not known 229bp (214) 

M-PONTX-Dq3a 
South American giant ant (Dinoponera 

quadriceps) 
4.7 25.7 N/A (215) 

Hemocyanin 364-
382 

Asian tiger shrimp (Penaeus monodon)  4.79 200 2174bp (216) 

NK-lysin Wild boar (Sus scrofa) 5 50 780bp (214) 
[Arg]7-VmCT1 Mexican scorpion (Vaejovis mexicanus)  5.37 66.47 412bp (217,218) 
Dermaseptin 1 

analogue 
Waxy monkey tree frog (Phyllomedusa 

sauvagei ) 
6 50** 358bp (206) 

Gomesin  Tarantula spider (Acanthoscurria gomesiana) 6.5 5.3 548bp (204) 
Attacin Tetse fly (Glossina Morsitans) 10 Not known 555bp (219) 

Figainin 1 Chaco tree frog (Boana raniceps) 15.9 10 298bp (220) 

Tachyplesin 
Chinese horseshoe crab (Tachypleus 

tridentatus) 
87.8 Not known 524bp (205) 
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A suite of AMPs have been assessed in published literature, relating to the development of 

chemotherapies for Chagas disease and leishmaniasis. AMP candidates could potentially be adapted 

to expression cassettes for gene drives in sand flies and triatomine bugs. Tables Table 1 and Table 2, 

highlight some of the most promising AMPs previously assessed against Leishmania spp. and T. cruzi. 

These AMPs were selected based on efficacy at low active concentrations against the parasites and 

high concentrations for mammalian cell toxicity. The mammalian toxicity concentrations provide an 

estimate to the insect toxicity, which would need to be assessed prior to AMP integration within a 

gene drive construct. The AMPs with the lowest active concentration for Leishmania are cathelicidin-

4 and seminalplasmin, which showed LD50 concentrations 100-1,000 times lower than the gold 

standard drug liposomal amphotericin B (0.008 µM against Le. donovani) (207,221). Potential AMPs 

for targeting T. cruzi were cathelicidin-6 and scorpine (212,213). Scorpine in particular demonstrates 

a low active concentration (2.5µM IC90 compared to 384µM IC20 for benznidalzole) and a low 

toxicity to a range of mammalian cell lines, limiting potential side effects which are common in 

Chagas disease chemotherapy (213).  

The main limitation of effector molecule expression is the potential toxicity of these molecules to 

the surrounding ecosystems. For example, the expression of insect venoms such as melittin or 

scorpine could prove toxic to predators ingesting transgenic insects or humans who have contact 

with mosquitos. To alleviate this, each potential effector molecule would need to be assessed 

against a wide range of sylvatic animals, insect vectors and humans. A potential marker of this is the 

mammalian cell toxicity shown in Tables Table 1 and Table 2. 

In summary, vector control via genetic modification has the potential to drastically reduce disease 

transmission. With a range of approaches previously assessed in insects, the main bottleneck 

currently is the development of gene editing systems in non-model organisms. In particular sand 

flies and triatomine bugs, for which limited approaches have been attempted (Sections 3. 1. 4. & 5. 

1. 2.), which is a considerable omission considering their potential (222). These approaches could 

revolutionise Chagas disease and leishmaniasis control if the CRISPR-Cas9 system was readily 

available to edit the genomes of triatomine bugs and sand flies. This thesis focused on the 

development of a CRISPR-Cas9 platform for vector control via genome editing to be applied to 

Chagas disease and leishmaniasis. 
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1. 6. Research aim and objectives 

1. 6. 1. Aim 

This research project aims to develop a genome editing platform for the insect vectors of Chagas 

disease (Rhodnius prolixus) and leishmaniasis (Lutzomyia longipalpis and Phlebotomus papatasi). The 

genome editing platform comprises of mutagenesis to the target insects via piggyBac semi-random 

integration and CRISPR-Cas9 target approaches. Successful implementation of these systems would 

be novel for triatomine bugs (Rhodnius prolixus) and sand flies (Lutzomyia longipalpis and 

Phlebotomus papatasi) and provide a basis for potential vector control strategies such as the 

development of a gene drive system.  

1. 6. 2. Objectives 

1. 6. 2. 1. The assessment of two sand fly cell lines for use as an in vitro model for genetic modification 

systems 

The validation of a novel in vitro model for the genetic modification of sand flies via transient 

expression of DNA constructs and genome integration using the piggyBac system. The model would 

be assessed to achieve transient expression via a suite of expression promoters and semi-random 

piggyBac integrations of fluorescent markers. The assessed elements would be applied to a CRISPR-

Cas9 system in Chapter 3. 

1. 6. 2. 2. Development of a CRISPR-Cas9 system in phlebotomine sand flies (Lutzomyia longipalpis and 

Phlebotomus papatasi) 

Demonstration of CRISPR-Cas9 mutagenesis resulting in the targeted loss of gene function and the 

integration of exogenous DNA in in vitro and in vivo sand fly models.  

1. 6. 2. 3. A novel chemotransfection methodology for the delivery of genome editing DNA constructs 

to Rhodnius prolixus embryos 

Due to the robust morphological structure of triatomine eggs conventional transfection 

methodologies (microinjection) are not suitable. A novel methodology for the delivery of DNA 

constructs and the expression of exogenous DNA via piggyBac integrations will be developed.  

1. 6. 2. 4. Application of the CRISPR-Cas9 system to triatomine bugs (Rhodnius prolixus) 

To demonstrate evidence of transgenic triatomine bugs with exogenous DNA integrated at desired 

genomic sites via the CRISPR-Cas9 homology directed repair system. Exogenous DNA would be 

integrated within non-lethal genes which when lost would elicit a phenotypic change.
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2. 1. Introduction  

Genomic transfection methodologies in phlebotomine sand flies are still inefficient, time consuming 

and under-researched (152). In vivo approaches require complex transfection methodologies, 

densely populated insectary colonies and lengthy multigenerational assessments of targets (223). 

Validation and optimisation of molecular methodologies and gene targets can be performed in vitro 

to increase efficiencies prior to in vivo assessments. This chapter provides the primary validation of 

promoter expression and transfection of exogenous DNA within two Lutzomyia longipalpis cell lines, 

which can be adapted to the CRISPR-Cas9 system in vivo. 

2. 1. 1. Insect cell lines as a model for molecular research 

Insect cell lines have been utilized for the study of insect development, vector-parasite interactions, 

gene expression, and the production of recombinant proteins (224–226). In more recent years the 

introduction of CRISPR-Cas9 genetic manipulation has allowed efficient targeting of individual insect 

genes for loss of function and insertion of exogenous DNA. This system has been optimised in 

multiple commercial insect cell lines (Sf9, High Five™, and S2) to provide rapid screening of gene 

targets and expression systems (135,227,228).  

In the context of medically important insects, multiple cell lines have been derived from whole insect 

stages such as embryos (Aag2 from the yellow fever mosquito, Aedes aegypti) or larvae (4a-3B cells 

from the African malaria mosquito, Anopheles gambiae) and from specific tissues (Hsu from the 

Southern house mosquito, Culex quinquefasciatus ovarian tissue) (229–231). Creating cell lines for 

these insects provides researchers with an in vitro model for the understanding of pathogen 

development, or the identification of potential disease control targets. Examples of this include the 

loss of the Dcr2 gene in Aag2 (Ae. aegypti) cells via CRISPR-Cas9 reducing function of the Piwi4 

pathways and increasing viral infection, highlighting a key insect immunity pathway, which could be 

exploited in a CRISPRa system (Section 1. 4. 3) (225). The first use of a CRISPR-Cas9 HDR system in 

mosquito cell lines focused on the AGO1 gene function in the U4.4 (The Asian tiger mosquito, Aedes 

albopictus) and Aag2 cell lines, which was mutated by NHEJ cleavage then restored using CRISPR-

Cas9 HDR approaches to replace the damaged gene section (232). The AGO1 gene was targeted as it 

is responsible for the microRNA immune pathway in mosquitos, by removing or modifying the gene 

researchers could regulate the infection pathways for pathogens. Utilizing bioinformatic pathways 

and mosquito cell lines Sau-5B (the African malaria mosquito, Anopheles coluzzii) and Hsu a high 
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throughput pooled CRISPR gene target screening platform was created (233). This approach allows 

researchers to rapidly test potential vector control targets before taking them forward to in vivo 

methodologies saving time and resources. Examples such as these illustrate the value of insect cell 

lines for the understanding and control of infectious diseases.  

Insect cell lines have been developed and assessed for many species. However, few stable cell lines 

have been developed for phlebotomine sand flies, with a single published study having assessed 

molecular expression systems in vitro (234). Until recently, only two L. longipalpis (LL-5 and Lulo) and 

one Phlebotomus papatasi (PP-9) cell lines had been developed (234–236). The Lulo line has been 

used to show parasite attachment with the potential for further vector-parasite interaction studies 

to use this line (237,238). The LL-5 and Lulo lines were also assessed for parasite attachment 

following Wolbachia establishment, they showed no significant reduction in Leishmania attachment 

in the presence of Wolbachia (239). Both the LL-5 and PP-9 cell lines have been assessed for 

potential promoter expression. Expression of luciferase was achieved under the human 

cytomegalovirus (CMV), the fruit fly (Drosophila melanogaster) heat shock protein 70 (hsp70), simian 

virus 40 (SV40) and the buckeye butterfly (Junonia coenia) densovirus (P9) promoters (234). Whilst 

these lines were shown to be highly useful for leishmaniasis vector-parasite interactions and disease 

control, little further research has been carried out with them. The lines are not commercially 

available making them difficult to obtain and due to this have reduced their viability as an in vitro 

model. Bell-Sakyi et al, at the Tick Cell Biobank has produced four novel sand fly cell lines (240,241). 

These cell lines are yet to be assessed for molecular approaches such as the transfection of plasmid 

DNA or transgenic approaches such as piggyBac or CRISPR-Cas9. This chapter aims to address this 

gap and create an in vitro system for gene editing validation in sand fly cells.  

2. 1. 2. Assessment of insect promoters  

The identification of viable expression promoters in sand flies is key to the success of molecular 

methodologies such as CRISPR-Cas9 gene editing. In particular, population control strategies 

including gene drives (Section 1. 5. 1.), which require germline specific expression of Streptococcus 

pyogenes Cas9 endonuclease (SpCas9) and transcription of gRNAs from DNA integrated within their 

genomes. The assessment of promoters in a target organism is carried out by analysing the 

expression of reporter sequences from transient DNA constructs or the integration of sequences into 

the genome. These reporter sequences code RNAs and proteins which can be easily measured such 

as fluorescent proteins which can be visualised and measured by a light intensity analysis (242).   
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Research into insect promoters via fluorescent protein expression has been carried out in multiple 

model insect cell lines, including promoters based on D. melanogaster (Ac5, Dm-hsp70), the silk 

moth (Bombyx mori) (Bm-hsp90), and multiple mosquito species (AgCP, hemolectin, ZPG) being 

discovered (243–249). Some promoters such as, actin5c, Dm-hsp70 and ZPG, carry conserved 

function across multiple insect orders, however, expression efficiencies can greatly differ between 

species (232,234,250). Previous L. longipalpis cell line research identified promoters CMV, hsp70, P9, 

and SV40 as viable expressors of luciferase (234). Further promoters have been utilized to validate 

CRISPR-Cas9 system expression in insects, this includes 3xP3, Ac5, and PUb (87,183,250). These are 

yet to be assessed for expression in sand flies. 

The synthetic 3xP3 promoter drives expression localised in the ommatidia and ocelli of D. 

melanogaster (251). Due to the localised nature of this promoter it has commonly been used as an in 

vivo marker for fluorescent tag expression (252,253). When transfected into other insects such as 

the Caribbean fruit fly (Anastrepha suspensa) and An. gambiae, the promoter can also express 

ubiquitously or in organs other than the eye (87,252). Localised promoters such as 3xP3 are vital to 

proof of principle transgenic in vivo research and therefore are widely used. However, they are often 

not viable for in vitro experiments unless the cell line is clonal and characterised to express the 

localised promoter. 

As the L. longipalpis lines used in this study are heterologous, the use of ubiquitous expression 

promoters is required to provide high expression. Two high-expression ubiquitous promoters are 

commonly used in insect cell lines, the actin-5c promoter (Ac5) and ubiquitin promoters. Ac5 is 

taken from the D. melanogaster actin-5c gene, a cell cytoskeleton formation gene with functions 

involved in cell structure and mobility (254,255). As actin is an essential gene, the sequence and 

function is conserved across multiple orders of insects, and the Ac5 promoter is found to function 

ubiquitously in a number of insects (227,243,250,256,257). Ubiquitin genes are found in all 

eukaryote cells and function to tag cellular proteins for degradation by their 26S proteosome (258). 

Ubiquitin in particular regulates chromatin formation, therefore, they are essential and highly 

conserved across all eukaryote species. Slight variations in ubiquitin gene sequences and function 

have led to multiple ubiquitin promoters being found to ubiquitously express in insects. These 

include polyubiquitin (PUb from Ae. aegypti), ubiquitin-63E (Ubi-63E from D. melanogaster), SfPub 

(from the fall army worm, Spodoptera frugiperda) (259–261).  

Expression of these promoters in the sand fly cell lines designed by Bell-Sakyi et al., via transient 

(expression plasmids) and integrated (piggyBac) approaches will validate their use for future CRISPR-

Cas9 approaches.  
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2. 1. 3. Cell transfection methodologies 

To assess potential promoters and ultimately CRISPR-Cas9 approaches in the Bell-Sakyi sand fly cell 

lines, transfection of DNA constructs must be achieved. Transfection of insect cells via plasmid DNA 

requires delivery across cell membranes by physical or chemical-based approaches. Examples of 

commonly used physical approaches include electroporation, sonoporation and laser-based 

transfection (262,263). Electroporation, is the most commonly used physical approach in insect cell 

lines, and is able to transfect cells which are resistant to chemical approaches (264,265). Briefly, 

electroporation increases the permeability of cell membranes by the passing of an electrical current 

(266,267). The main limitation of physical approaches is the damage to the membrane pores caused 

after long exposure, high voltage, heat or vibrations (262,268). Chemical transfection methodologies 

began to be favoured due to their reduced damage to cells.  

Chemical transfections (AKA chemotransfection) utilise varied methods based on the formulation of 

their packaging reagent (262). These include lipid-based compounds and charged chemical 

elements. Lipofectamine™ is a lipid-based transfection reagent comprising of positively charged 2,3‐

dioleoyloxy‐N‐ [2(sperminecarboxamido)ethyl]‐N,N‐dimethyl‐1‐propaniminium trifluoroacetate and 

1,2-Dioleoyl-sn-glycerophosphoethanolamine molecules which bind to negatively charged plasmid 

DNA and overcome electrostatic repulsion of membrane pores (269). This has been assessed in 

multiple insect cell lines (c6/36, sf9 and S2) with high efficiencies and significantly less cell apoptosis 

than electroporation (270–272). Other chemotransfection reagents include but are not limited to 

Cellfectin® II, FlyFectin™, Effectene®, and FuGENE® (273,274). Unfortunately, the companies 

producing these reagents are secretive about the chemical formulas and transfection pathways of 

these compounds. Transfection efficiencies can vary greatly depending on the cell line, therefore, 

optimisation and the trial of multiple reagents is often needed to reach viable transfection 

efficiencies (273). Due to their ease of use and low cell mortality rates chemotransfection reagents 

remain the primary choice for insect cell line transfections.  
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2. 1. 4. Aims 

The validation of an in vitro model for phlebotomine sand flies would provide a critical resource in 

the screening of genetic tools, due to the reduced cost, time and effort required for transfections 

over in vivo methodologies. To create an in vitro model for molecular methodologies, multiple aims 

must be validated. This chapter focuses on two main approaches for validating the Bell-Sakyi L. 

longipalpis cell lines for future genetic modifications via CRISPR-Cas9 DNA constructs. The successful 

transfection of transient expressing DNA plasmids; and the transfection of piggyBac plasmids 

capable of genomic integration and expression. In achieving these aims multiple expression 

promoters will also be identified for L. longipalpis that have not been validated in previous research. 

Which can be utilized in CRISPR-Cas9 constructs. The successful transfection of piggyBac constructs 

could confirm successful integration of exogenous DNA via genetic engineering techniques. The 

results of this work would provide significant developments for genetic modification methodologies 

in sand flies.
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2. 2. Methods 

2. 2. 1. Insect cell cultures  

2. 2. 1. 1. Cell line morphology  

The cell lines LLE/LULS40 and LLE/LULS45 were produced by Bell-Sakyi et al., utilizing L. longipalpis 

embryos 5-8 days post oviposition (240,241). Embryos were surface sterilised in 0.1% benzalkonium 

chloride and 70% ethanol before being homogenised in cell medium containing 50µg/ml 

amphotericin B, penicillin/streptomycin, and 5µg/ml tetracycline hydrochloride. Remaining eggshells 

and large embryonic tissue were removed by centrifugation and cultures were incubated in a 

reduced antibiotic medium for 45 days before passages began (240,241). With further passages cell 

lines began to form adherent cells.  

Figure 12. Various insect cell lines.  
A) LLE/LULS40 cells derived from Lutzomyia longipalpis Campo Grande strain (240). B) LLE/LULS45 derived 
from Lutzomyia longipalpis Jacobina strain (241). C) 4a-3B cells derived from Anopheles gambiae strain 4a 
r/r (230). D) S2 cells derived from Drosophila melanogaster strain Oregan-R (275). E) Sf21 cells derived 
from Spodoptera frugiperda (J. E. Smith) (276). Images taken on a Nikon TMS-F microscope (Nikon, Japan) 
at a magnification of 200x. Scale bars represent 100µm in length. Maintenance conditions found in Section 
2.2.1.2. 

E D 

A B C 
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The LLE/LULS40 & 45 lines differ in morphology to each other as well as other insect lines. As seen in 

Figure 12A, LLE/LULS40 favours dense clumps over monolayers and does not coat the entire flask 

surface. These clumps will continue to grow away from the flask surface until they detach from the 

adherent cells and float freely in the culture media. In contrast, LLE/LULS45 produce fibroblast-like 

cells (Figure 12B) that coat the flask surface before forming clumps that often do not detach from 

the adherent cells. Both cultures form bubble-like vesicles that once excreted from cells will float 

within the culture media, though these are more common in LLE/LULS40. Both cultures are 

heterologous which explains their unusual cell morphology. In contrast, the clonal 4a-3B, S2 and 

Sf21 cell lines seen in Figure 12, show single cell types with uniform morphology.  

2. 2 .1. 2. Culture maintenance  

Each insect cell line used has unique media and incubation conditions. Cell lines were incubated at 

28°C in a LEEC Culture Safe Precision 190D incubator (LEEC, UK) without CO2 in Nunclon Delta T25 

flasks (ThermoFisher, USA). Further conditions such as media components; flask type; and time 

between passages are found in Table 3.  

Passages were carried out at the time points mentioned in Table 3. To passage cells, T25 flasks were 

positioned vertically and left to settle for 2-3 minutes. 6.5ml of the media was removed and replaced 

with 7ml of the corresponding media for the cell type (Table 3). Using a stripette™ (Corning, USA) 

cells and the cell media were washed from the flask surface to create a cell suspension. 20µl of this 

cell suspension was added to a new sterile flask which is then topped up with 6.5 ml of the required 

media (Table 3). Parent cultures and passages were then returned to the incubator until needed.  

For cryopreservation, 1 x 106 cells were suspended in 900µl of fresh media with 10% DMSO in a 

1.2ml cryovial (Simport, Canada). The cryovial was gradually frozen to -70°C in a Nalgene® Mr. Frosty 

freezing container (Sigma, USA) over 24-48 hours. After this period vials were transferred to liquid 

nitrogen until needed. 

To revive cells from cryostasis, an appropriate T25 flask was filled with 7ml of prewarmed media 

according to Table 3. The cells were then removed from liquid nitrogen and immediately thawed in a 

37°C water bath for 1 minute. The cell suspension was added directly to the T25 flask and incubated 

for 2-3 days at 28°C or until cells become adherent to the flask surface. After incubation, all the 

media was removed and replaced with fresh prewarmed media with an additional 10% of FBS and 

left to incubate for 2 weeks at 28°C. Following the 2-week incubation, cells returned to their normal 

passage rate.   
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Table 3. Insect cells culture conditions 

Insect species 
Insect 
strain 

Cell line name Media contents Flask type 
Time 

between 
passages  

Lutzomyia longipalpis 
Campo 
Grande 

LLE/LULS40 

L-15 medium + 2.05mM L-Glutamine (Cytiva, USA) 
with 10% heated inactivated FBS (Sigma, USA) and 1% 

Penicillin/Streptomycin (10,000units/10,000µg) 
(Gibco, USA) 

Closed 1-2 weeks 

Lutzomyia longipalpis Jacobina LLE/LULS45 

L-15 medium + 2.05mM L-Glutamine (Cytiva, USA) 
with 10% heated inactivated FBS (Sigma, USA) and 1% 

Penicillin/Streptomycin (10,000units/10,000µg) 
(Gibco, USA) 

Closed 1-2 weeks 

Anopheles gambiae 4a r/r 4a-3B 

Schneider’s insect medium (Sigma, USA) with 10% 
heated inactivated FBS (Sigma, USA) and 1% 

Penicillin/Streptomycin (10,000units/10,000µg) 
(Gibco, USA) 

Closed 2-3 days 

Drosophila melanogaster Oregan-R S2 

Schneider’s insect medium (Sigma, USA) with 10% 
heated inactivated FBS (Sigma, USA) and 1% 

Penicillin/Streptomycin (10,000units/10,000µg) 
(Gibco, USA) 

Vented 2-3 days 

Spodoptera frugiperda J. E. Smith Sf21 
Insect-XPRESS™ medium with 2% heated inactivated 

FBS (Sigma, USA) and 1% Penicillin/Streptomycin 
(10,000units/10,000µg) (Gibco, USA) 

Vented 4-5 days 
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2. 2. 2. DNA constructs 

To develop an in vitro model for sand fly genome editing we assessed several potential expression 

promoters as well as semi-random genomic integration via piggyBac. The piggyBac genomic 

integration system has been validated in multiple other insects and was chosen for its simplicity 

(Section 1. 4. 1.) (183,277). The plasmids selected for this study are Ac5-STABLE1-Neo (addgene 

#32425), pmaxGFP™ (Lonza, Switzerland), Ubiq-Cas9.874W (addgene #112686), and ihyPBase 

(183,277,278). The Ac5-STABLE-Neo plasmid was a gift from Rosa Barrio & James Sutherland. Ubiq-

Cas9.874W was a gift from Omar Akbari. ihyPBase was a gift from Ernst Wimmer.  

Figure 13. DNA constructs used for validating promoter expression with insect cell lines.  
A) Ac5-STABLE1-Neo (addgene #32425) 6,762bp in length (278). B) pmaxGFP™ Vector (Lonza) 3,486bp. C) 
Ubiq-Cas9.874W (addgene #112686) 14,636bp in length (183). D) ihyPBase 5,918bp in length (277). 

Ac5-STABLE-Neo and pmaxGFP were chosen to validate cytoplasmic expression of a green 

fluorescent protein (GFP) via known promoters Ac5 and CMV as seen in their structure (Figure 13). 

Ubiq-Cas9.874W is a piggyBac genomic integration plasmid containing the Ubi-63E promoter which 
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drives expression of hSpCas9 attached to a GFP via a T2A self-cleaving peptide. Ubiq-Cas9.874W has 

a further fluorescent marker DsRed1, which should be expressed under control of the OpIE2 

promoter. piggyBac integration requires a source of transposase, this is provided by a helper plasmid 

ihyPBase. ihyPBase expresses Drosophila based hyperactive transposase by a hsp70 promoter, both 

of which have been shown to have increased efficiency in insects over mammalian based 

transposases (98,277). 

2. 2. 3. Transfection conditions 

DNA constructs were delivered to insect cell lines via chemotransfection reagents. Three 

Chemotransfection reagents were used in the current and following chapter. These were Cellfectin® 

II (Gibco, USA), FlyFectin™ reagent (OZ Biosciences, France), and Lipofectamine™ 3000 reagent 

(Invitrogen, USA). The chemotransfection methodologies for these reagents were adapted from the 

manufacturer’s protocols and optimised with efficiencies recorded by flow cytometry. Optimisations 

and flow cytometry for all reagents were performed by Dr Rhodri Edwards within 4a-3B, LLE/LULS45, 

S2 and Sf21 cell lines. Flow cytometry measures fluorescent light intensity as objects are passed 

through a photometer, if fluorescence is measured above a control threshold (created by wild-type 

controls) and the size/shape of the object matches the expected cell type then an event is recorded. 

The output relating to comparing transfection conditions in this chapter is Odds Ratios (OR) which 

relate to the odds of a transfected population expressing fluorescence over the odds of a wild-type 

population. This result reported by an OR is the number of magnitudes higher than the transfected 

cells are compared to control cells in terms of events e. g. and odds ratio of 3.5 would mean 3.5x 

more events occurred in a transfected population over a wild-type. Using this data, the optimised 

protocols found below were created: 

2. 2. 3. 2. Cellfectin® II 

5x105 cells were seeded on to a 24 well Nunclon Delta plate (ThermoFisher, USA) and maintained in 

complete media until they reach 70% confluency. Wells were then washed twice with Opti-MEM 

reduced serum medium (ThermoFisher, UK) and a final 400µl of Opti-MEM medium was added to 

each well. 3µl of Cellfectin® II reagent was diluted in 100µl of Opti-MEM and incubated at room 

temperature for 15-30 minutes. Whilst in tandem, a solution of 1µg of plasmid DNA and 2µl of 

PLUS™ reagent in 100µl of Opti-MEM medium was made and left to incubate at room temperature 

for 5 minutes. The two solutions were combined and incubated at room temperature for a further 5-

15 minutes, before being added dropwise to the required well. After adding the DNA/Cellfectin® II 

solution to the cells, the plate was incubated at 28°C without CO2 for 4-6 hours before replacing the 
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cell medium with complete cell media (Table 3) and incubating cells at 28°C without CO2 for 48 hours 

before downstream processing was carried out.  

2. 2. 3. 3. FlyFectin™ 

5x105 cells were seeded on to a 24 well Nunclon Delta plate and maintained in complete media until 

they reach 60-80% confluency. Wells were then washed twice with L-15 medium + 2.05mM L-

Glutamine medium without serum or antibiotics and a final 250µl of L-15 medium was added to 

each well. 2µl of FlyFectin™ reagent was diluted in 100µl of L-15 medium and incubated at room 

temperature for 5 minutes. Whilst in tandem, a solution of 1µg of plasmid DNA and 100µl of L-15 

medium was made and left to incubate at room temperature for 5 minutes. The two solutions were 

combined and incubated at room temperature for a further 15-30 minutes, before being added 

dropwise to the required well. After adding the DNA/ FlyFectin™ solution to the cells, the plate was 

incubated at 28°C without CO2 for 4-6 hours before replacing the cell medium with complete cell 

media (Table 3) and incubating cells at 28°C without CO2 for 48 hours before downstream processing 

was carried out.  

2. 2. 3. 4. Lipofectamine™ 3000 

5x105 cells were seeded on to a 24 well Nunclon Delta plate and maintained in complete media until 

they reach 70-90% confluency. Wells were then washed twice with Opti-MEM reduced serum 

medium and a final 450µl of Opti-MEM medium was added to each well. Transfection solutions of 

50µl of Opti-MEM medium, 500ng of plasmid DNA, 1µl of P3000, and 0.9µl of Lipofectamine™ 3000 

reagent was prepared as outline in the manufacturer’s protocol (Invitrogen, USA). After incubating 

solutions for 10-15 minutes at room temperature, the entire solution volume was added to the 

corresponding well. The plate was incubated at 28°C without CO2 overnight (12-16 hours) before 

replacing the Opti-MEM medium with complete cell media (Table 3) and incubating cells at 28°C 

without CO2 for 48 hours before downstream processing was carried out.  

2. 2. 4. Fluorescent imaging 

Fluorescent imaging of insect cell lines was performed on both fixed and live cells. Live cell imaging 

was taken on a Nikon Eclipse Ti2 inverted fluorescent microscope within 24 well Nunclon Delta 

plates. Fixed cell imaging was taken on either a Nikon Eclipse Ti2 inverted fluorescent microscope 

(Nikon, Japan) or a Zeiss LSM880 with Airyscan (Zeiss, Germany) on glass slides through a 0.17mm 

thick coverslip. Images were captured and processed using the NIS-Elements software (Nikon, Japan) 

or Zen microscopy software (Zeiss, Germany). With excitation of the fluorescent proteins at 

wavelengths of 460nm (blue light), 530nm (green light), and 600nm (red light).  
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Live cells were prepared for imaging by DNA staining with Hoechst 33342 (ThermoFisher, USA). 

Following transfection (Section 2. 2. 3.), Hoechst 33342 was added to cell solutions within treatment 

wells to a concentration of 10µg/ml and incubated at 28°C for 1 hour. Cells were imaged 

immediately after incubation and returned to the incubator after imaging had concluded for 

potential downstream processing (Section 3. 2. 5. 1. 2.).  

Cells were fixed for fluorescent imaging by removing the media and washing from the plate surface 

with sterile PBS via pipetting. Cells suspended in PBS were removed from the well and pelleted in a 

microcentrifuge at 1,000 xg. The cell pellet was washed twice more in PBS before being resuspended 

in 100µl of 4% paraformaldehyde and incubated at room temperature for 30 minutes. After 

incubation the cells were washed once more in PBS and the pellet was resuspended in 20µl of PBS. 

The 20µl cell suspension was added to a glass microscope slide and left to air dry at 30°C. Once the 

cell solution had almost evaporated, 15µl of VECTASHIELD with DAPI (Vector Laboratories, USA) was 

added to coat the fixed cells and a 0.17mm thick coverslip was placed over them and sealed with 

clear nail varnish. After the sealant dried the cells were imaged under the conditions outlined above. 

When not being imaged they were stored in a container absent of light at -20°C till required.   
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2. 3. Results 

2. 3. 1. Transfection of sand fly cells with transient expressing fluorescent marker plasmids 

The genetic modification of sand flies requires the delivery of nucleic acids to cells. We have 

provided evidence of the successful delivery of DNA constructs to the recently established 

LLE/LULS40 and LLE/LULS45 cell lines via chemotransfection reagents. In tandem, we have also 

validated expression of fluorescent proteins with the AC5 and CMV promoters. These successes 

demonstrate the LLE/LULS40 and LLE/LULS45 cell lines as a viable in vitro model for transfection 

methodologies, which could be applied to approaches such as CRISPR-Cas9. 

Sand fly cells were successfully transfected with the transient expressing pmaxGFP. The plasmid 

pmaxGFP contains an eGFP fluorescence marker expressed by the CMV promoter, which has 

previously been shown to express in multiple insect cell lines including sand fly cells 

(250,257,278,279). Transfection and promoter function were assessed by expression of eGFP, which 

is observed by fluorescent microscopy at an excitation wavelength of 530nm (Figure 14Aii- Cii). 

Transfection was achieved using the Lipofectamine™ 3000 reagent. CMV expression of eGFP 

provided evidence of the lipofectamine™ 3000 chemotransfection reagent delivering DNA to the 

sand fly cell lines. This result was qualitative only recording the expression of eGFP or lack thereof.  

Following successful expression from the CMV promoter, we assessed the AC5 promoter, as this has 

been used to drive Cas9 expression in several CRISPR-Cas9 insect transfections (250,257,278). The 

plasmid Ac5-STABLE-Neo transiently expresses eGFP under the AC5 promoter. Expression of the 

eGFP from Ac5-STABLE-Neo was observed in both sand fly cell lines (Figure 14Aiii- Ciii). The AC5 

promoter had not previously been shown to promote expression in sand flies. This result validated 

the AC5 promoter for expression of proteins such as Cas9 in CRISPR-Cas9 constructs. 
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Figure 14. Insect cell lines expressing GFP under either the actin-5c or cytomegalovirus promoter.  
A) 4a-3B cells, B) LLE/LULS40 cells, C) LLE/LULS45 cells. All micrographs are composite images of fluorescence in 
blue, green, red and phase channels. Blue colour represents Hoescht 33342 DNA stain excited at a wavelength 
of 460nm. Green colour represents excitation of eGFP at a wavelength of 530nm. Red colour represents artifact 
fluorescence excited at a wavelength of 600nm. Images Ai-iii; Bi & iii; and Ci & ii were imaged at a magnification 
of 200x on a Nikon Eclipse Ti2 inverted fluorescent microscope. Images Bii and Ciii were imaged at a 
magnification of 630x, imaged on a Zeiss LSM880 with Airyscan. The white scale bars represent 100µm; blue 
scale bars represent 50µm; red scale bars represent 10µm. 
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Visual expression of eGFP within the sand fly cell lines was often localised to single cells within 

clusters (Figure 14Biii) and we found reduced cell replication after transfection. In comparison, other 

literature on insect cell lines regularly reports close to 100% of cells showing protein expression 

following a Lipofectamine™ 3000 transfection (270–272). Potential toxicity of Lipofectamine™ 3000 

was ruled out by WT controls, which also entered a death-like phase after nutrient starvation during 

the serum free media stages (Section 2. 2. 3.). The death-like phase presented as a constant release 

of small vesicles from cells until apoptosis (Figure 14Ci-ii). Transfections of the Ac5-STABLE-Neo 

plasmid were repeated with serum rich media for 4a-3B, LLE/LULS40, LLE/LULS45, S2 and Sf21 cell 

lines. Unfortunately, transfection wells containing serum rich media became contaminated on all 

attempts. High contamination levels found in S2 and Sf21 cells, which was potentially due to their 

aerobic culture conditions and therefore they were not used for any further experiments.  

After this multiple other transfection reagents (Cellfectin® II and FlyFectin™) and methodologies 

were assessed to find an optimised protocol for cell transfections. Optimisation was carried out by 

altering the following conditions: DNA concentration; transfection reagent concentration; and initial 

number of cell seeded in the treatment well. Conditions which showed an increase in number of 

fluorescent cells over non-transfected wild-type controls via flow cytometry (carried out by Dr 

Rhodri Edwards) were selected for the optimised methods found in Section 2. 2. 3. Following 

optimisation transfection efficiencies remained low for the sand fly cell lines with flow cytometry 

ORs of 1.32 to 3.86 for Ac5-STABLE-Neo eGFP expression over WT controls. In comparison the ORs 

for S2 cell lines ranged from 1.07 to 348.91 using the same range of transfection methodologies 

(Cellfectin® II and FlyFectin™). The differences in transfection efficiencies for sand fly cell lines 

between the varying reagents were not statistically significant. Therefore, Lipofectamine™ 3000 was 

selected for further experiments. 

2. 3. 2. Transfection of sandfly cells with integrative piggyBac plasmids 

Following successful transfection of transient expressing plasmids into the sand fly cell lines, the next 

aim was the potential integration of exogenous DNA within the genome and expression of 

fluorescent marker proteins. This was achieved by the transfection of piggyBac semi-random 

integrative elements (Section 1. 4. 1.) in the plasmid Ubiq-Cas9.874W (Figure 13). Expression of 

these fluorescent markers provided putative evidence of DNA cassette integration which would 

need to be validated using sequencing techniques.  

Transfection was attempted with the plasmid pHome-T and a helper plasmid expressing mammalian 

transposase under the hsp70 promoter (plasmids were a gift from Dr Tony Nolan, LSTM, UK). 
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pHome-T expresses GFP under the synthetic promoter 3xP3 and RFP under the Ac5 promoter (252). 

After transfection using Lipofectamine™ 3000 (Section 2. 2. 3. 4.), expression was not observed in 

4a-3B, LLE/LULS 40 or 45 cells. Using the insect coded hyperactive transposase found in the ihyPBase 

plasmid expression was not observed for either fluorescent protein in pHome-T. It was theorised 

that the pHome-T plasmid was not expressing as expected, as expression was observed in Ac5-

STABLE1-neo transfections which utilise the same AC5 promoter was able to drive expression of 

eGFP. Due to this we decided to assess the Ubiq-Cas9.874W piggyBac based construct.   

Figure 15. Insect cell lines validating transfection of Ubiq-Cas9.874W.  
A) 4a-3B cells, B) LLE/LULS40 cells, C) LLE/LULS45 cells. All micrographs are composite images of fluorescence 
in blue, green, red and phase channels. Blue colour represents Hoescht 33342 DNA stain excited at a 
wavelength of 460nm. Green colour represents excitation of eGFP at a wavelength of 530nm. Red colour 
represents DsRed1 expression excited at a wavelength of 600nm. The red ring in image A ii highlights the 
DsRed1 excitation in the red-light field. Images Ai-ii, and Ci were imaged at a magnification of 200x. Images Bi-
ii, and Cii were imaged at a magnification of 400x. All images were captured using a Nikon Eclipse Ti2 inverted 
fluorescent microscope. The white scale bars represent 100µm, and blue scale bars represent 50µm. 
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The plasmid Ubiq-Cas9.874W was assessed to replace pHome-T and for its Ubi-63E promoter. The 

Ubi-63E promoter is a ubiquitous ubiquitin-based promoter, which has been found to strongly 

express in Drosophila spp. We believed this would promote expression within our heterogenous cell 

line at higher efficiencies than the eye specific 3xP3 promoter (183,260,280). Ubi-63E drives 

expression of both hSpCas9 and an eGFP attached to the hSpCas9 via a T2A self-cleaving peptide. 

Ubiq-Ca9.874W also expresses DsRed1 under the OpIE2 promoter, which has been shown to provide 

high expression in a number of insect cell lines (281,282). Transfection of Ubiq-Cas9.874W via 

Lipofectamine™ 3000 showed both eGRP and DsRed1 expression in 4a-3B cells, and eGFP expression 

in LLE/LULS40 and LLE/LULS45 cells (Figure 15). eGFP expression was not observed in every well for 

LLE/LULS cells and green fluorescence in the positive wells was only observed in ~30% of the field of 

visions. This is significantly less than with the transient expressing plasmids where fluorescence was 

visible in almost every field of vision. Expression of DsRed1 was only observed faintly in a small 

number of 4a-3b cells (Figure 15Aii) (less than 10 per treated reaction well) and was not visible in 

eGFP expressing cells. Expression of these fluorescent markers could be transient expression of the 

DNA construct and does not provide robust evidence of piggyBac cassette integration into the 

genome.  
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2. 4. Discussion 

This chapter was successful in validating an in vitro model for DNA construct delivery and expression 

in L. longipalpis sand flies. This model is important for further research into genetic modifications via 

multiple transgenic approaches such as CRISPR-Cas9, allowing high-throughput assessment of these 

techniques without the costly labour-intensive rearing of insect populations. With further 

assessment the model could also be adapted for the screening of other methods such as insecticide 

treatments or vector-parasite interaction.  

Transfection and expression of fluorescent protein tags were achieved with these cell lines. 

However, their heterologous nature and the fragility of cells in a low nutrient environment (Section 

2. 3. 1.) infers that refinement of the cell lines would be needed before further in vitro work could be 

performed. Both L. longipalpis lines developed large tissue-like cell clusters which likely reduced 

transfection potentials due to reduced membrane contact with chemotransfection reagents. These 

cell clusters are potentially formed due to the cultures being produced from late-stage embryos with 

cells likely having already differentiated into tissues such as epidermis or muscle cells before being 

homogenised for cell line formation. The heterologous nature of the cell line could create biases in 

transfection efficiencies that would make modelling of any methods difficult (283). Potential 

approaches to overcome this bias could be the production of clonal cultures via drug selection or 

semi-solid agar approaches (278,284). Though, drug selection of insect cells has been proven to be 

difficult due to their high tolerance of common drug selection markers such as G418 (278). The use 

of serum free media in chemotransfection has previously been linked to reduced protein expression 

and loss of viability in cells (285). Once a clonal line is created further transfection methodologies 

such as electroporation or sonoporation could be viable options to remove the low nutrient medium 

stages of chemotransfection methodologies (263,265,286).  

The potential promoters validated here provide valuable candidates for further transgenic research 

that could be incorporated into DNA constructs, driving expression of CRISPR-Cas9 components or 

proteins within exogenous DNA cassettes. These promoters included Ac5, CMV, hsp70, OpIE2, and 

Ubi-63E. Expression levels of these promoters were visually assessed showing that CMV and Ac5 

gave high intensities of fluorescent light in both insect cell lines. Ubi-63E’s low green fluorescence 

levels could be due to the T2A self-cleaving peptide in the Ubiq-Cas9.874W plasmid. T2A has been 

shown to reduce expression of downstream proteins by 70-95% (287). However, in other insects 

Ubi-63E has shown high expression making it a viable option for sand fly transgenics (183,288,289). 

Expression of eGFP and hSpCas9 has been shown within sand fly cells. These are vital for future 

transgenic approaches as both required endonucleases and fluorescent markers. Further approaches 
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could be taken to validate hSpCas9 expression following genome integration with the piggyBac 

system, by utilizing southern blotting and CRISPR-Cas9 cleavage assays.  

In providing evidence of expression of piggyBac constructs in L. longipalpis cell lines, we have shown 

the potential of in vitro modelling for genome engineering of sand flies above that of any previous 

research (234). Due to the semi-random nature of piggyBac approaches confirmation of exogenous 

DNA integration by PCR and sequencing is limited. This is due to plasmids remaining in the media 

and cytoplasm of cells, which would be amplified by PCR giving false positives in Sanger sequencing. 

Without knowledge of integration sites amplifying from flanking regions of the genome is difficult. 

Techniques such as inverse PCR have previously been used to confirm piggyBac genome integrations 

and should be used in future experiment to rule out transient expression (290). To solve this future 

research would focus on targeted genome integration approaches such as CRISPR-Cas9.  

Transgenic modification of sand flies in vivo is difficult, labour intensive and low yielding. Therefore, 

the demonstration of an in vitro model as shown here, is important for the rationalisation of 

transgenic approaches and gene targets before in vivo research can be caried out.  
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3. Development of a CRISPR-Cas9 system in 

phlebotomine sand flies (Lutzomyia 

longipalpis and Phlebotomus papatasi). 
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3. 1. Introduction 

In recent years, the genetic modification of insects for vector control has become an achievable 

approach for multiple species that transmit disease. Whilst other genome editing techniques were 

initially assessed, CRISPR-Cas9 has become more widely adopted due to its highly specific gene 

targeting and relative ease of use. For the control of diseases spread by mosquitoes within the 

Aedes, Anopheles, and Culex genera, CRISPR-Cas9 has previously been assessed to supress or replace 

populations with mosquitoes that are refractory to pathogens (157,201,291–293). To date, there has 

been a lack of validation for CRISPR-Cas9 approaches for vector control of phlebotomine sand flies, 

the vectors of Leishmania parasites.  

3. 1. 1. CRISPR-Cas9 genetic modification methodologies 

Previous genetic modification methodologies in insects included piggyBac transposable elements, 

TALENs and ZFNs (Section 1. 4. 1. & 1. 4. 2.). These approaches were technically challenging, time 

consuming or targeted non-specific genomic regions (128,294,295). Since CRISPR-Cas9 approaches 

were adapted to insects, research into precise genomic editing has become widespread across 

multiple insect orders (Section 1. 4. 3.). This has allowed us to observe the precise functions of 

essential genes and gain insight into disease-vector interactions using infection models (84,157,198).  

Briefly, CRISPR-Cas9 gene editing occurs by a CRISPR associated endonuclease (Cas9) forming a 

ribonucleoprotein complex (CC9-RNP) with a specific guide RNA which is complimentary in sequence 

to the genome target site (296). The CC9-RNP is able to binds to a single strand of genomic DNA and 

cleaves both strands just downstream of a specific protospacer adjacent motive (PAM) site (Figure 

10A). The cell’s repair mechanisms will repair the double stranded break via two methods that we 

can utilize for gene editing. The first, Non-Homologous End Joining (NHEJ) attempts to repair the 

break by blunt end ligation, which can be error prone introducing insertion/deletion mutations 

(indels) at the repair site (Figure 10B). These indels when targeted in the coding region of a gene can 

cause loss of function. Alternatively, homology directed repair (HDR) functions by cells repairing the 

break site using sequences complementary to the genomic DNA surrounding the cut site as a guide 

(Figure 10C). Using these complimentary regions exogenous sequences can be inserted by flanking a 

DNA cassette with homology arms (HAs).  

Gene-drives are able to increase the inheritance of CRISPR-Cas9 induced traits in a transgenic 

organism’s offspring above that of Mendelian inheritance (Section 1. 5. 1.). Gene-drives insert a 

cassette into the genome containing the coding regions for target gRNAs and a Cas9 endonuclease. 

The Cas9 must be expressed by a germline specific promoter (vasa, nanos, zpg), expressing the 



74 
 

entire CRISPR-Cas9 editing components into the pre-blastoderm era of embryonic cells copying the 

mutation to unmutated chromosomes, which leads to all offspring inheriting the desired trait (155). 

The use of gene-drives to spread mutations through populations has created a viable way to control 

disease vectors by population suppression or replacement (Sections 1. 5. 2. & 1. 5. 3.). The most 

promising examples of gene drives have been proved possible in lab strains of African malaria 

mosquitoes (Anopheles gambiae). Gene-drives have been used to reduce their reductive capacity by 

knocking out the doublesex gene, creating intersex females that are unable to reproduce (157). 

Expression of anti-malarial peptides within An. gambiae guts has been achieved via integration of a 

gene-drive into the gambicin gene (201). Whilst technical hurdles still exist for gene-drives, such as 

resistance alleles, their ability to control malaria transmission with little human involvement post 

insect release is preferable to the resource exhaustive vector control methods currently used (155).   

3. 1. 2. CRISPR-Cas9 component delivery methods for in vivo transfection of insects 

For mutations to occur via CRISPR-Cas9 delivery of the CC9-RNP must be achieved, ideally into the 

pre-blastoderm cells. Delivery of the CC9-RNP has been performed in insects in multiple ways, such 

as the delivery of purified CC9-RNPs; delivery of gRNAs into Cas9 expressing insect lines; or DNA 

constructs containing the coding regions of the CC9-RNP components. These approaches have been 

successfully assessed in multiple insect orders such as Diptera, Coleoptera, Hemiptera and 

Lepidoptera (136,232,292,297–300). The development of Cas9 expressing mosquito lines has been 

well established and provides the highest mutation efficiencies for both CRISPR-Cas9 NHEJ and HDR, 

due to only gRNAs needing to be delivered to embryos (137,291,292). However, in non-model or 

longer living insects, creating lines such as these is difficult and the direct delivery of CC9-RNPs or 

DNA constructs has become mandatory. These approaches have very low efficiencies but can still 

achieve mutations that can be amplified through multiple generations (136,294,301). 

Delivery of CRISPR-Cas9 components in vivo is usually carried out via microinjection of embryos in 

the pre-blastoderm stage or the ovaries of adults. Although the microinjection of embryos is the 

most common approached used, it results in significant mortality with survivorship for mosquitoes 

around 4-19% (155,186). Survivorship in other insects varies significantly due to the high skill barrier 

required for successful microinjection and morphology of other insect embryos not being well suited 

to injection (152,302). Alternative delivery methods have been attempted for insects but due to low 

uptake are underutilised in transfections. These alternatives include biolistic bombardment, 

chemotransfection and electroporation. Biolistic bombardment is the projection of DNA constructs 

coated on metal particles at high speeds into embryos (303,304). Chemotransfection and 

electroporation are able to deliver packaged DNA or proteins by altering porosity in cell membranes 
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using either chemical reagents or an electrical current (305–307). For insects, waxy layers on the egg 

shell or the melanised chorion, must be removed to allow CRISPR-component solutions to make 

contact with the embryonic cell membranes (306). These delivery methods and CRISPR-Cas9 

approaches have revolutionised gene editing in insects and are likely to evolve further as they are 

adapted to new insect species, such as sand flies.  

3. 1. 3. Insect phenotypic markers for in vivo gene knockout  

Utilising the techniques outlined above, researchers have targeted non-lethal phenotypic markers as 

a validation method for CRISPR-Cas9. The main phenotypic gene groups targeted in insects are 

cuticle tanning, eye phenotypes and wing phenotypes (Figure 16), these can elicit distinct 

phenotypic changes that would visually confirm genetic modifications in target organisms.  

Multiple cuticle tanning genes have been identified in insects. These include but are not limited to 

black, ebony, pale, straw, tan, and yellow (Figure 16). They are often important regulators of melanin 

synthesis, regulation, or transport, and therefore loss of function has a dramatic effect on body 

colour in insects (308,309). These genes have been used as markers of CRISPR-Cas9 function in 

insects such as the yellow fever mosquito (Aedes aegypti), Asian swallowtail (Papilio xuthus) and 

tobacco cutworm (Spodoptera litura) (310–312).  

Genes involved in ommochrome synthesis and transport are known to elicit an eye colour 

phenotype when function is lost. Examples of these genes in insects are brown, cinnabar, rosy, 

scarlet, vermillion and white. These genes have been knocked out by CRISPR-Cas9 in a number of 

insects including the silk moth (Bombyx mori), cotton bollworm (Helicoverpa armigera), glassy-

winged sharpshooter (Homalodisca vitripennis), and red flour beetle (Tribolium castaneum) 

(300,313,314). Further eye phenotypes such as the eyeless gene effect eye development (315).  



76 
 

 

Figure 16. Drosophila melanogaster examples of phenotypic marker genes.  
Gene abbreviations are as follows: e represents the ebony gene; y represents the yellow gene; cn represents 
the cinnabar gene; ey represents the eyeless gene; st represents the scarlet gene; w represents the white 
gene; r represents the rudimentary gene; and vg represents the vestigial gene. All images were taken from 
Otto 2000 (316). 

There are a number of wing developmental genes known, which when targeted cause a non-lethal 

phenotypic change, examples include crumpled, curly, rudimentary, vestigial, and wavy. Most of 

which have been characterised in D. melanogaster, several have been assessed in other insects such 

as Ae. aegypti, B. mori, and the brown stink bug (Euschistus heros) (311,317,318).  
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These phenotypic markers are helpful to rapidly screen genome mutations via visual confirmation. 

Visual markers such as these are particularly beneficial when considering a target gene for HDR DNA 

cassette insertion not expressing a visible marker.   

3. 1. 4. CRISPR-cas9 genomic modification of sand flies 

Previous research into the genetic modification of sand flies has shown that molecular approaches 

are possible, but only one group , to my knowledge, has transfected sand flies (Phlebotomus 

papatasi) via CRISPR-Cas9 (222). 

Initial molecular sand fly research focused on the adaptation of microinjection methodologies to 

sand flies. Creating a standardised protocol was important, as compared to mosquitos, sand fly 

embryos are smaller and more fragile, with the process of producing eggs via leking being more 

complicated. Two groups attempted this, Jeffries et al., (LSHTM, UK) and Martin-Martin et al., (NIH, 

USA) (152,319). Jeffries et al., focused on the microinjection of Wolbachia bacteria (wMel strain) into 

L. longipalpis embryos. They were able to achieve an adult survivorship rate of 0.33% in the G0 

(6/1815 embryos), which they refer to as similar to their Ae. aegypti microinjection survivorship rate 

(0.51% survivorship). From this 50% of G1 offspring were positive for Wolbachia. In contrast, Martin-

Martin et al, injected L. longipalpis embryos with CC9-RNP targeting the yellow gene. Their larval 

hatch rates ranged from 11.9-14.22% with an adult survivorship rate of 9.95%. Unfortunately, no G0 

were confirmed to be mutated by the CC9-RNPs injected and breeding of the G1 is not mentioned. 

These methodologies showed the potential of microinjection to deliver CRISPR-Cas9 components to 

sand flies. 

Following this, Louradour et al., (NIH, USA) were able to genetically modify P. papatasi using CRISPR-

Cas9 NHEJ to target the relish gene (222). They achieved this using the Martin-Martin et al., 

methodology injecting CC9-RNPs. The relish gene is involved in a transcription factor of the insect’s 

immune deficiency pathway, this led to sand flies that were more susceptible to Leishmania major 

infection. G0 adult survivorship for this study was 2.04% (11/540 embryos), however 72.73% of 

these showed mutagenesis. These mutations were also passed to the G1 offspring, although 

potentially due to the loss of key immune pathway functions the line was soon lost.  

These research studies show the potential of CRISPR-Cas9 methodologies in sand flies. However, to 

this date no further research into the genetic modification of sand flies has been achieved. Genome 

editing has not been achieved in any further sand fly species and the HDR approach is yet to be 

assessed in published literature. This is an important omission in Leishmaniasis research and 

something that we aimed to change with this chapter.  
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3. 1. 5. Aims 

Vector control via CRISPR-Cas9 is being applied to disease spreading insects but is yet to be fully 

optimised in phlebotomine sand flies. The research described here aims to validate CRISPR-Cas9 

protocols applied to sand flies via in vitro and in vivo methodologies. To achieve this both CRISPR-

Cas9 NHEJ and HDR approaches are pursued to demonstrate targeted mutations to the selected 

sand fly genomes. Achieving this would create novel methodologies for future development of 

vector control based CRISPR-Cas9 gene-drive technologies in phlebotomine sand flies.  
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3. 2. Methods 

3. 2. 1. Identification and rationalisation of phenotypic targets for gene editing 

3. 2. 1. 1. Sand fly genome assemblies 

The genome assemblies of L. longipalpis and P. papatasi used for this research were hosted on 

VectorBase, a bioinformatics resource webtool focusing on invertebrate vectors of human disease, 

providing genome assemblies and bioinformatic tools for these organisms (320).  

The L. longipalpis Jacobina strain genome was sequenced and assembled by the Baylor College of 

Medicine sand fly genome project (Houston, TX, USA) (321). This assembly consists of 22.6 million 

reads, with 38.9x coverage of the genome. The initial assembly was built using the Celera CABOG 

assembler (version 6.1), and longer superscaffolds were formed using Baylor’s ATLAS-link program to 

fill discernible gaps. In 2020, Apollo annotations were integrated into the genome assembly leading 

to the most recent version, LlonJ1.6. This assembly is 154.23Mb, and consists of 11,532 scaffolds, 

and 10,458 protein coding genes. Genome versions LonJ1.5 and 1.6 were used for this chapter.  

The P. papatasi Israel strain was sequenced and assembled at The Genome Institute, Washington 

University School of Medicine (St. Louis, MO, USA), with the DNA derived from Dr Mary Ann 

McDowell, Eck Institute for Global Health, University of Notre Dame (Notre Dame, IN, USA) (322). 

The assembly was built using the Newbler assembler (test release 2.6RC02) and screened for 

contamination and gaps using the PolyGraph Assembler. In 2020, Apollo annotations were 

integrated into the genome assembly forming the most recent version, PpapI1.6. This assembly 

shows ~22.5x coverage with 363.77Mb, 106,826 scaffolds and 11,405 protein coding genes. Genome 

versions PpapI1.5 and 1.6 were used for this chapter. 

3. 2. 1. 2. Rationalisation of gene targets 

Potential target genes were identified through a review of published literature across a large variety 

of insect species. Literature was searched via PubMed queries using key word searches such as 

“(((insect) OR (drosophila) AND (cuticle/eye/wing phenotype)) AND (gene)) AND (loss of function)”. 

A shortlist of candidate genes was selected based on those implicated in exhibiting a non-lethal 

phenotypic change following knockdown of function. Candidate genes with conserved function 

across multiple insect orders were also used to rank candidates. Orthologues and paralogues within 

L. longipalpis and P. papatasi were identified using the bioinformatic web tools FlyBase and 

VectorBase (323). These orthologues were assessed via protein alignment by Clustal Omega (ver. 1. 

2. 3.) against model organisms and gene function by searching on AmiGO 2 (ver. 2. 5. 17) (324,325).  
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3. 2. 1. 3. Identification of gRNAs 

To identify potential gRNAs in candidate genes the webtool ChopChop (ver. 3) was used. ChopChop  

is a webtool capable of identifying gRNAs in a target sequence or genome based on a gene id or 

chromosome coordinates (326).  gRNAs provided by ChopChop are displayed in a ranked order of 

estimated mutation efficiency based on potential off-target cleavage; GC-content; self-

complimentary binding; and frameshift estimations, all of which have been shown to alter CRISPR-

Cas9 efficiencies based on previous research (327–329). The tool can also provide primers flanking 

the gRNA for sequence confirmation and mutation confirmation in potentially transgenic organisms. 

For this research certain settings were altered from ChopChop’s default. For gRNA generation, after 

selecting the relevant genome, the setting “I intend to replace the leading nucleotides with GG” is 

selected. This is due to transcription of gRNAs from the pDCC6 plasmid requiring the gRNA to start 

with a GG in the 5’ position. When designing gRNAs for the replacement of a gene’s coding sequence 

in the multiplexed HDR approach the 5’ or 3’ UTR region is selected in the “Target specific region of 

gene” setting. For primer design, the product size is changed to 500-600bp as we use short read 

sanger sequencing for mutation confirmation; the primer size is changed to 18-22bp with the 

optimal at 20bp; and the distance to target site is changed to 200bp.  

gRNAs were selected based on the rankings produced by the ChopChop webtool. Primers are 

selected by choosing the pair with the lowest off target binding sites. Utilising the designed primers 

gRNA sequences are confirmed by PCR and Sanger sequencing of the amplified region (Section 3. 2. 

4. 4 & 3. 2. 4. 5.). A visual methodology for using ChopChop is seen in Appendix 1, as well as, all 

gRNA confirmation primers in Appendix 2. 

3. 2. 2. CRISPR-Cas9 DNA constructs 

3. 2. 2. 1. Endogenous U6 pDCC6 constructs 

For the knockout of genes via CRISPR-Cas9 NHEJ, the plasmid backbone pDCC6 (addgene #59985) 

was used (Figure 17). pDCC6 is a bicistronic construct capable of expressing the entire CRISPR-Cas9 

NHEJ system (330). The plasmid contains a D. melanogaster U6-2 promoter for expression of gRNAs 

attached to a gRNA scaffold (for formation of the CC9-RNP), and hSpCas9 expressed by the hsp70 

promoter (245). This plasmid was chosen for its ability to elicit mutations via CRISPR-Cas9 NHEJ in D. 

melanogaster and Ae. aegypti/albopictus (232,330).  

Target gene gRNAs are incorporated in this plasmid using the Golden Gate Assembly method. Briefly, 

the gRNAs are synthesised (Integrated DNA Technologies, USA) as single-stranded oligonucleotides 
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with an overhang matching the restriction site of the Type IIS restriction endonuclease BpiI 

(CTTCTGNNNNNN) on both the 5’ and 3’ end. The pDCC6 plasmid is digested twice via BpiI 

(ThermoFisher, USA) removing a section between the U6 promoter and gRNA scaffold. Following 

digestion, the linearised plasmid is de-phosphorylated using alkaline phosphatase (ThermoFisher, 

USA). Oligonucleotides are annealed and phosphorylated before being ligated into the linear pDCC6 

and transformed into NEB® 5-alpha Competent E. coli (New England Biolabs, USA). Bacterial colonies 

formed are screened via PCR and Sanger sequencing (Section 3. 2. 4. 4 & 3. 2. 4. 5.) utilizing primers 

flanking the insertion region (Appendix 2). E. coli colonies confirmed to carry edited pDCC6 

constructs are stored at -70°C in 10% glycerol LB media until required. When plasmids are required, 

colonies are amplified in liquid LB media and the plasmid is extracted by a Monarch® Plasmid 

Miniprep Kit (New England Biolabs, USA) following manufacturer’s instructions.  

Initial transfections in L. longipalpis cell lines showed no confirmation of gene mutations with the 

standard pDCC6 plasmid. One theorised reason for this was the dU6-2 promoter, which has been 

shown to have limited function in insects other than D. melanogaster (331). The decision was made 

to remove the dU6-2 promoter an incorporate endogenous U6 promoters from both L. Longipalpis 

and P. papatasi. Orthologues of the D. melanogaster U6 gene (FBgn0266758) were identified using 

VectorBase. The 400bp upstream of the U6 start codon was noted and key promoter sequences such 

as the pol III proximal sequence element A (PSEA) and TATA box were identified within this region 

(Figure 17C). The U6 promoter in pDCC6 was replaced via Gibson Assembly® following standard 

protocols (Gibson Assembly® Cloning Kit, New England Biolabs, USA). Pairs of primers were designed 

using the 5’ and 3’ promoter ends with 30bp overlaps of the genome/insert site (Appendix 2). 

Insertion of the U6 promoters into the pDCC6 plasmid were confirmed via PCR and Sanger 

sequencing (Section 3. 2. 4. 4 & 3. 2. 4. 5., with primers shown in Appendix 2). The adapted plasmids 

were hereon referred to as Llon1-pDCC6 and Ppap1-pDCC6. 
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Figure 17. An illustration of the replacement of the D. melanogaster U6 promoter in pDCC6 with 
endogenous sand fly promoters.  
A) the structure of pDCC6 with the D. melanogaster based U6-2 promoter being removed by Gibson 
Assembly®. B) the D. melanogaster U6-2 promoter being replaced with endogenous L. longipalpis or P. 
papatasi U6 promoters by Gibson Assembly®. C) sequences of the original D. melanogaster (Dmel) U6-2 
promoter with the replacement L. longipalpis (Llon) and P. papatasi (Ppap) promoters. Gene IDs for locating 
these promoters are in brackets. Green text highlights the pol III proximal sequence element A (PSEA) and the 
red text highlights the TATA box.  
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3. 2. 2. 2. pDsRed-attP 

The pDsRed-attP (addgene #51019) plasmid is a double-stranded DNA (dsDNA) donor plasmid that 

facilitates the insertion of exogenous DNA into a target genome via CRISPR-Cas9 HDR. The pDsRed-

attP plasmid was delivered in tandem with the endogenous pDCC6 plasmids which are required to 

cause a CRISPR-Cas9 double-stranded break. pDsRed-attP was designed to transcribe a dsDNA 

cassette containing a DsRed-Express fluorescent marker promoted by 3xP3 (297). Within the 

cassette loxP recombination sites flank the fluorescent marker and an attP ΦC31 docking site to 

facilitate subsequent modifications of transgenic insects by recombinase-mediated cassette 

exchange (332). The entire cassette is flanked by 800bp homology arms that complement the 800bp 

upstream and downstream of the target gene insertion site as required by HDR.  

Figure 18. The design and methodologies utilized by the pDsRed-attP plasmid.  
A) a diagram of the removal and replacement of the 3xP3 promoter via Gibson Assembly®. B) a diagram of the 
two strategies taken for exogenous DNA insertion via CRISPR-Cas9 HDR (Section 3. 2. 2. 2.). B, i) the HUTR gRNA 
approach. B, ii) the HSC gRNA approach.  

As this chapter assessed this plasmid in both in vitro and in vivo methodologies, the eye specific 3xP3 

promoter was replaced with the ubiquitous Ubi-63e promoter (Figure 18A). This was due to 

unknown expression activity for the eye-specific 3xP3 promoter in sand fly cell lines. The Ubi-63e 

i 

ii 



84 
 

promoter was amplified from the Ubiq-Cas9.874W plasmid (Addgene #112686) with 30bp overhangs 

complimentary to the sequence flanking the 3xp3 promoter in pDsRed-attP. In tandem, the pDsRed-

attP vector was amplified with primers complementary to those used for the Ubi-63e promoter. The 

insertion was then performed via Gibson Assembly® following standard protocols (Gibson Assembly® 

Cloning Kit, New England Biolabs, USA). Successful Ubi-63e promoter insertion was confirmed by 

PCR and Sanger sequencing (Section 3. 2. 4. 4 & 3. 2. 4. 5.). This resultant plasmid is referred to 

hereon as pDsRed-Ubi63e-attP. 

Modifying the pDsRed-Ubi63e-attP plasmid to target specific genes, the homology arms must be 

replaced with those complimentary to the gRNA cleavage site (targeted by endogenous pDDC6 

plasmids). For this chapter, two gRNA targeting approaches were assessed, a multiplexed gRNA 

approach which would replace the entire gene CDS with the dsDNA cassette (HUTR); and a single 

central gRNA approach (HSC) that would knockout gene function by placing the dsDNA cassette in 

the centre of the gene’s CDS (Figure 18B). The HUTR approach uses two gRNAs identified from the 5’ 

or 3’ untranslated regions (UTRs) of the target gene. The homology arms are designed to be 

complimentary to upstream of the 5’ UTR gRNA and downstream of the 3’ UTR gRNA. Whereas the 

HSC gRNA approach has homology arms designed directly upstream and downstream of a single 

gRNA located within the gene’s protein coding sequence. Homology arms are replaced within 

pDsRed-Ubi63e-attP via Gibson Assembly®, one at a time, using primers with 30bp overlaps 

matching the genome site and the pDsRed-Ubi63e-attP plasmid. For amplifying the vector two 

universal primers were designed for amplification of the pDsRed-Ubi63e-attP vector. Universal 

primer 1 (ataatgtatgctatacgaagttatcgtacgcgcgcagatcgccgatgggcgtggcgccgg) is located at the 5’ end of 

the Ubi-63e promoter in the forward direction. Universal primer 2 

(atagcatacattatacgaagttataccggttaagatacattgatgagtttggacaaacca) is located on the 3’ end of the SV40 

poly(A) signal in the reverse direction. All primers for homology arm amplification are found in 

Appendix 2. 

3. 2. 3. Delivery of the CRISPR-Cas9 NHEJ constructs to sand flies in vivo 

Sand fly microinjections were carried out with the assistance of Mrs Barbora Kykalová (Charles 

University, Prague, Czech Republic) and Dr Rhodri Edwards (LSHTM, London, UK). Rearing of the 

colonies and breeding of transgenic lines was primarily carried out by Mrs Kykalová. The majority of 

the microinjections were performed by Dr Edwards and Mrs Kykalová and the delivery of CRISPR-

Cas9 HDR plasmids via microinjections was performed by me.  
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3. 2. 3. 1. Sand fly colony rearing 

The L. longipalpis and P. papatasi sand fly colonies used in this research were reared and maintained 

in the laboratory of Professor Petr Volf (Charles University, Prague, Czech Republic), following his 

maintenance procedures (333,334). These species were used due to availability and ease of rearing 

over other sand fly species available to us within Professor Petr Volf’s laboratory.  

Sand fly adults were maintained in large (50 x 50 cm) cages, with cotton wool soaked with 30% sugar 

solution placed on top of the cage. Cages were maintained at 25-28°C, 80% relative humidity, and a 

14hr dark: 10hr light cycle. Female sand flies were offered blood 1-2 times a week. 5-6 days after 

feeding, gravid females were aspirated into 10cm diameter plastic containers with a plaster of paris 

base. The containers were sealed with a mesh cover to prevent escape of adult females and allow 

airflow. Females lay eggs 6-10 days post blood-feeding and were removed once oviposition has 

occurred. Larvae hatch from eggs 6-10 days later. Larvae feed on a mixture of rabbit faeces and 

rabbit pellets, air-dried and ground to a powder, which is applied to the larval pot surface. Larval 

pots were placed within plastic boxes containing a base of moist sand until they pupate (around 3 

weeks). The pupal stage lasts for ~7-10 days. Emerging adults were then moved back to new colony 

cages and the cycle repeats. 

3. 2. 3. 2. Sand fly embryo microinjection  

3. 2. 3. 2. 1. Pulling of microinjection needles 

Microinjection needles were pulled with a Narishige PC-10 needle puller (Narishige, Japan) using 

Narishige G-1 borosilicate glass capillaries (Narishige, Japan). A two-step pulling method was used 

with the following settings: heater #1= 65.1; heater #2= 75; upper shutter= 2.5; lower shutter= 5; 

Weight was set to the highest possible setting. Following pulling, the aperture at the tip of the 

needle is opened by using a micro-grinder beveller set at 20-30°. Prepared needles are stored 

horizontally in a petri dish attached in place by putty adhesive.   

3. 2. 3. 2. 2. Microinjection methodology  

The sand fly microinjection methodologies were adapted from Jefferies et al.,(152). 15- 20 female 

sand flies were collected 3 days post blood feeding and transferred to custom laying containers 

(Figure 19A). These containers were constructed from 50ml centrifuge tubes cut in half with mesh 

covering the open end, and 2% agar in the screw top to act as the oviposition surface (Figure 19A). 

The sand flies were incubated to oviposit in the dark for 1 hour. Following oviposition, the cap was 

removed and replaced with a fresh 2% agar lid to allow the sand flies to continue laying (Figure 19B). 
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Laid eggs in the screw top were gently removed with a damp paint brush and placed on a glass 

microscope slide aligned against a damp piece of Hybond™ hydrophilic membrane (Cytiva, USA) 

(Figure 19C). Aligned embryos were then microinjected with a steady flow of injection mixture by 

piercing the egg in the lower third of its length. The microinjections were carried out using a manual 

Narishige IM-9B microinjector and Narishige MMO-4 micromanipulator (Narishige, Japan) mounted 

on a Leica DMi8 inverted microscope (Leica, Germany). Following injection eggs remained on the 

slide and were moved to a petri dish lined with damp filter paper where they were incubated for 3 

days at 25- 28°C and 80% relative humidity, absent of light. After incubation, the eggs were brushed 

into a traditional oviposition container and reared using the methods outlined in Section 3. 2. 3. 1.   

Figure 19. Methodology for the microinjection of sand flies.  
A) graphic of the oviposition of eggs onto agar in a custom-made oviposition container. B) the removal of the 
screw top showing freshly laid eggs ready for microinjection. C) alignment and microinjection of sand fly 
embryos on a glass slide with a Narishige IM-9B microinjector. Further information on microinjection 
methodologies is found in section 3. 2. 3. 2. 2. 

Microinjection mixtures were made up to 10µL, 20 minutes prior to injections commencing. They are 

incubated at 37°C prior to being loaded into the backend of a microinjection needle and fixed into 
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the Narishige IM-9B microinjector. This mixture contains plasmids extracted from E. coli colonies 

directly into DEPC water. The concentrations of these plasmid mixtures can be found in Table 5. 

When multiple plasmids were combined, they were mixed in equal measures by molecular weight to 

give a similar copy number.  

3. 2. 4. Confirmation of CRISPR-Cas9 genome modification in sand flies 

Imaging of putative transgenic sand flies was primarily performed by Mrs Kykalová, with a small 

proportion imaged by Dr Rhodri Edwards and me. Genomic DNA extraction of all adult sandflies was 

performed by Mrs Kykalová and Dr Edwards. The PCR, Sanger sequencing and T7EI digestion was ran 

primarily by Dr Rhodri Edwards, whilst I analysed CRISPR-Cas9 HDR transfected samples. Algorithmic 

deconvolution and densitometric analysis results presented in this chapter were produced by me.  

3. 2. 4. 1. Imaging of transfected insects 

To identify potential phenotypic mutations caused by transfection of CRISPR-Cas9 plasmids, sand 

flies were imaged on a Leica M205 FA microscope (Leica, Germany). Sand flies were imaged at 

multiple life stages; L1-4 larvae; pupal stage; and adults prior to mating. Sand flies are assessed for 

phenotypic mutations in both generations 0 and 1 (G0 and G1).  

3. 2. 4. 2. Outcrossing and backcrossing of transfected sand flies 

For outcrossing and backcrossing of potentially modified sand flies, multiple approaches were taken. 

For the pDCC6 (NHEJ) injections of L. longipalpis all G0 adults were mated with their siblings. For P. 

papatasi G0 adults were outcrossed with wild-type populations, and G1 showing phenotypic 

changes were sibling crossed. Females were separated before oviposition, so that offspring could be 

traced back to specific females. Further downstream analysis such as DNA extraction was carried out 

after males were separated from the females and after oviposition for females. Out crossing was 

carried out with P. papatasi as low numbers of adults emerged and wild-types were used in an effort 

to increase potential G1 offspring following low numbers from L. longipalpis. 

For the pDsRed-Ubi63e-attP injected flies, female survivors were crossed with wild-type males in 

separate cages. Males were immediately processed by DNA extraction after fluorescence was 

imaged (Section 3. 2. 5. 2. 1.). Females were processed by DNA extraction after oviposition.   

3. 2. 4. 3. Genomic DNA extraction  

Genomic DNA was extracted using either the DNeasy® Blood and Tissue Kit (Qiagen, Germany) or 

the Monarch® Genomic DNA Purification Kit (New England biolabs, USA). For the DNeasy® kit, the 
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insect tissue protocol was followed, whilst the animal tissue protocol was followed for the Monarch® 

kit. Some alterations to the protocols were carried out. All samples were homogenised using a sterile 

microcentrifuge pestle. Following homogenisation, the lysis incubation was carried out in a shaking 

incubator at 1,400rpm for both kits. For the Dneasy® kit, elution was carried out in 50µL of 

preheated (56°C) elution buffer. Elution of the Monarch® kit was collected with 30µL of preheated 

(56°C) elution buffer. Extracted genomic DNA was quantified using a Ds-11 FX+ spectrophotometer 

(Denovix, USA). 

3. 2. 4. 4. PCR amplification 

PCR amplifications were carried out using a Phusion® High-Fidelity PCR Kit (New England Biolabs, 

USA) following the manufacturers' protocol. Reactions are made up to 20µL with DEPC water. The 

annealing temperatures for primers was estimated using the NEB® Tm Calculator (335) set to 

Phusion® High-Fidelity PCR Kit (HF Buffer) at a primer concentration of 200nM. The extension stage 

is set for 30 seconds per 1,000bp plus 15 seconds (e.g., a 2,000bp product would have a 1 minute 15 

second extension).  Primers for relevant PCR amplification can be found in Appendix 2. PCR products 

were purified by the Monarch® PCR & DNA Cleanup Kit (New England Biolabs, USA). If unexpected 

amplicons were amplified desired PCR products were purified by the Monarch® DNA Gel Extraction 

Kit (New England Biolabs, USA). 

3. 2. 4. 5. Sanger sequencing of PCR products 

Sanger sequencing of PCR products was conducted by GeneWiz® (Azenta Life Sciences, Germany). 

Purified PCR products (Section 3. 2. 4. 4.) are provided to GeneWiz® at a concentration of 50ng/µL of 

DNA with 5mM of primer mixed a 1:1 ratio. Sequencing results are returned in a .ab1 file format. 

3. 2. 4. 6. Algorithmic deconvolution analysis of sequence data  

Sanger sequencing often amplifies the most abundant allele within a pooled sample. When 

transfection efficiencies are low, mutated DNA will not be the most abundant alleles and may not be 

detected as high peaks on the ab1 file chromatogram. An algorithmic deconvolution analysis (ADA) 

searches sequencing metadata to find estimated trends in low level peaks for confirmation of indels 

caused by gene editing techniques. There are a number of webtools using ADA to validate 

sequencing for CRISPR-Cas9 NHEJ mutations. These tools use gRNA and a wild-type sequences to 

search for mismatches surrounding the predicted cut sight. Some examples of these tools include 

CRISP-ID, CRISPResso2, DECODR v3, Synthego ICE Analysis tool v3 (ICE), and TIDE (336–340).  
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The webtools above were all assessed for ease of use and result quality using a known positive file 

set. Following this assessment, the ICE tool was chosen as my personal preference due to its ease of 

use, bulk uploading, and appealing visual readout. Therefore, all further ADAs were carried out using 

ICE.  

ICE outputs include a discordance graph; an indel size-frequency histogram and an aligned trace file 

(Section 3. 3. 1. 4. 2.). The discordance graph shows the difference between the control wild-type 

sample and putative edited DNA sample. The graph contains a black dotted line at the estimated cut 

site and an orange section highlighting the potential interference window where a mutation would 

cause discordance on the graph. The red highlighted area is the sequence used by ICE to align the 

control and edited samples.  

The indel size histogram quantifies the various predicted frame shifts in the edited DNA. Whilst the 

trace file shows the sequence mismatches surrounding the cut site. Further statistical data output by 

the ICE analysis includes an indel percentage, knockout-score, and R2 value. The indel percentage is 

an estimated sum of all of the indel alleles in the sample against the wild-type alleles. The knockout 

score is the percentage of the indels that would likely cause gene function loss due to frameshifts. 

The R2 value is the Pearson correlation coefficient measuring how well the ICE algorithm and indels 

fit the edited DNA sequence data. An R2 value of 1 infers that the edited DNA is consistent with the 

ICE algorithm’s prediction perfectly. Values lower than 1 represent the percentage that match the 

prediction, e.g. 0.6 would be 60% matching the ICE algorithm whilst 40% are unexplained. An R2 

value of ≥0.8 would be seen as a good fit. Lower scores potentially indicate poor sequencing quality 

and may lead to false positive/negative results. 

3. 2. 4. 7. Detection of mutagenesis via T7 Endonuclease I heteroduplex assay  

The T7 Endonuclease I heteroduplex assay (T7EI assay) can detect mutations in amplified DNA 

caused by CRISPR-Cas9 NHEJ. For this research the EnGen® Mutation Detection Kit (NEB, USA) was 

used following the manufacturer’s protocol.  

Briefly, a target region is amplified via PCR (Section 3. 2. 4. 4.). If indels have occurred following 

transfection, the PCR product will be an amplicon pool of homoduplexes of unmodified DNA and 

homoduplexes of mutated DNA. The PCR product is subjected to denaturation and annealing, 

heteroduplexes can form between the amplicons with a modified locus and un-modified locus, in 

addition to re-formation of homoduplexes. The T7EI recognises indels in the heteroduplexes and 

cleaves both strands resulting in fragmentation. Gel electrophoresis is used to separate and visualise 

DNA products, and the size of the fragments generated can be used to determine if a mutation has 
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occurred at the expected site based on gRNA location (Section 3. 3. 1. 4. 3.). Efficiency of 

transfection can be inferred by the intensity of fluorescence from the DNA products on the gel, 

compared to an unmodified DNA PCR product. The fluorescence intensity is analysed by Image Lab 

Software (BioRad, USA) using their standard densitometric analysis method. Briefly, the uncut and 

cleaved DNA strands are highlighted with the lane profile tool, and background is removed by 

selecting high and low boundaries for each band. A percentage fluorescence for each band is given 

based on the entire fluorescence of the lane. By comparison of the lane fluorescence data, a 

percentage modification can be estimated based on this equation designed by New England Biolabs: 

%modification= 100 x [1-√(1-M)] 

M (modified DNA) = % fluorescence of digested products / (% fluorescence of digested products+ % 

fluorescence of undigested products) 

A positive control comprised was used based on a pJet plasmid backbone with a single nucleotide 

polymorphism. The mutated pJet plasmid is mixed with DNA from an unmutated pJet backbone. 

These create heteroduplexes that are cleaved at a mutation percentage of ~20%.  

3. 2. 5. Delivery of exogenous DNA to sand flies via CRISPR-Cas9 HDR  

3. 2. 5. 1. Assessment of pDsRed-Ubi63e-attP in vitro  

3. 2. 5. 1. 1. Transfection of LLE/LULS45 cells 

Transfection of LLE/LULS45 cell lines with pDsRed-Ubi63e-attP and Llon1-pDCC6 were performed 

with FlyFectin™ following the methods outlined in section 2. 2. 3. 3. Cells were transfected with the 

plasmids designed in section 3. 2. 2., following either the HSC or HUTR gRNA approach. Transfection 

controls were: untreated wild-type; pAc5-STABLE-NEO-RFP as an RFP positive control; and the 

appropriate Llon1-pDCC6 to confirm CRISPR-Cas9 cleavage. 

3. 2. 5. 1. 2. Confirmation of genomic integration 

48-72 hours following transfection cells were imaged by the live cell imaging protocol described in 

section 2. 2. 4. 

Following fluorescent imaging genomic DNA was extracted from transfected cells using the 

Monarch® genomic DNA purification kit (New England biolabs, USA) following the cultured cells 

protocol. 35µL of DNA was extracted per sample and then quantified using a Ds-11 FX+ 

spectrophotometer (Denovix, USA). 
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Confirmation of exogenous DNA insertion was confirmed by PCR amplification (Section 3. 2. 4. 4.) of 

the target region utilizing the primers found in Appendix 2. Primers confirm insertion from within 

the HDR DNA cassette to a primer 100-200bp downstream of the right homology arm. Confirmation 

is seen as the presence of a band following gel electrophoresis of around 1,300bp. The wild-type 

DNA will not amplify with these primers. Any bands present were excised and confirmed via Sanger 

sequencing (Section 3. 2. 4. 5.). 

For the Llon1-pDCC6 control, sequences were amplified by PCR (Section 3. 2. 4. 4.) using the gRNA 

confirmation primers (Appendix 2). These were then analysed for mutations via the T7EI assay 

(Section 3. 2. 4. 7.) and Sanger sequenced for ADA (Section 3. 2. 4. 5. & 3. 2. 4. 6.).  

3. 2. 5. 2. Assessment of pDsRed-Ubi63e-attP in vivo 

Rearing, imaging, and genomic DNA extraction for this section was carried out by Barbora Kykalová. 

Confirmation of genomic insertion (Section 3. 2. 5. 1. 2.) was produced by me.  

3. 2. 5. 2. 1. Fluorescent microscopy of emerged sand flies 

To validate DsRed-Express expression, sand flies were imaged on a Leica M205 FA microscope (Leica, 

Germany). Sand flies were imaged at multiple life stages; L1-4 larvae; pupal stage; and adults prior to 

mating. Sand flies are assessed for mutations in both the generations 0 and 1 (G0 and G1). 

Fluorescence was excited at wavelengths of 485nm for green fluorescence, and 558nm for red 

fluorescence. Green fluorescence was used as an artifact control.  

3. 2. 5. 2. 2. Confirmation of genomic integration 

Genomic DNA extraction from sand flies was carried out following the methods outlined in section 3. 

2. 4. 3. Confirmation of exogenous DNA insertion was carried out following the protocols outlined in 

section 3. 2. 5. 1. 2.  
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3. 3. Results 

3. 3. 1. Transfection of sand flies via CRISPR-Cas9 NHEJ techniques 

3. 3. 1. 1. Identification and incorporation of phenotypic markers into NHEJ constructs  

Several hundred putative non-lethal phenotypic genes were identified using previously published 

literature in model insects. These were assessed for their potential in sand flies based on whether 

the phenotype would be clearly visible in either target sand fly species. Following this, orthologues 

within the target genomes were assessed for amino acid sequence alignment, conserved functions, 

and paralogues (Section 3. 2. 1. 2.). Those that were found to show minimal phenotypic changes in a 

target organism; vastly different amino acid sequences; or multiple paralogues without a conserved 

gRNA, were excluded from selection. Table 4 shows the candidate phenotypic genes chosen for 

CRISPR-Cas9 construct production against sand flies and lists the target gRNAs designed in ChopChop 

v3. Phenotypic genes were grouped under three main functions: cuticle tanning, eye phenotypes 

and wing phenotypes. These are visible in Figure 16 following function knockout in D. melanogaster.  

Selected cuticle tanning genes include ebony and yellow. The ebony gene encodes N-β-alanyl 

dopamine (NBAD), a key protein needed in the melanin synthesis pathway (309). NBAD breaks down 

cuticular hydrocarbons (CH) forming shorter CHs that are visible as a paler colour in an insect’s 

cuticle. Loss of function in this gene is exhibited as longer CHs forming leading to a dark 

pigmentation in the cuticle and has been shown to alter neurological functions due to the lack of 

dopamine metabolization (308). L. longipalpis produces a dark pigmented cuticle in wild-type 

insects, therefore, ebony phenotypes would likely be indistinguishable with wild type populations. As 

P. papatasi is pale coloured in wild-type populations, ebony mutations were selected as a 

phenotypic knockout for this species. The yellow gene is also involved in the melanin formation 

pathway, being directly involved in the synthesis of black dopamine melanin (308). Loss of this gene 

reduces the formation of long CHs, and due to this cuticle pigmentation in knockout insects is lighter 

in colour (309). L. longipalpis presents a dark cuticle in wild-type populations, a loss of function in 

the yellow gene would cause an obvious phenotype.  

Multiple eye phenotype genes were selected, these include cinnabar, eyeless, scarlet, and white. The 

cinnabar gene encodes kynurenine 3-monooxygenase, which is involved in the tryptophan 

degradation pathway, metabolising kynurenine to 3-hydrokynurenine. This process is essential to 

the formation of ommochromes, the pigment visible to us as eye colour (341). In Drosophila loss of 

function leads to an increase kynurenic acid build up in the brain causing neurotoxicity similar to that 

found in Huntingdon’s disease (341). The potential neurological effects are not ideal and therefore 
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cinnabar was ranked low against the other selected genes. The eyeless gene encodes a Pax6 

homologue required for brain and eye development (315). Knockout of this gene will result in eyes 

not being formed and potentially lethal lack of brain development. An intact paralogue of the gene is 

required for viable insects to form, therefore, this target is ranked low compared to other target 

genes. The white gene encodes an ATP-binding cassette (ABC) guanine transporter, which is known 

for transporting molecules such as ommochromes throughout insects (342,343). Loss of function 

mutations of the w gene show a complete lack of pigmentation to the eye, and are commonly used 

as a phenotypic marker in insects (314,344). The scarlet gene encodes a transporter of the ABC 

family which is linked to the white gene. The function of scarlet is to transport brown pigment 

precursors in the eyes of insects in tandem with the white gene transporters, leading to a lightening 

of the eye pigmentation if function is lost (342,345). Loss of function of this gene has shown good 

viability in multiple insect species, it is a good candidate for CRISPR-Cas9 knockout in sand flies (299). 

Two wing phenotype expressing genes were selected, these are rudimentary and vestigial. The 

rudimentary gene encodes a carbamoyl-phosphate synthase, required in pyrimidine biosynthesis 

(346). Loss of function to this pathway can cause lethal pyrimidine auxotrophy, however, it more 

commonly causes a non-lethal reduction in wing size (347). This stunted wing phenotype can be 

used in sand flies as a marker of CRISPR-Cas9 mutagenesis. The vestigial gene encodes a 

transcriptional activator linked to the wing/haltere identify selector gene, scalloped (348). Loss of 

function in vestigial causes a number of wing phenotypes including malformed shortened wings as 

well as a lack of wings forming. This is an obvious phenotypic marker for gene knockout and was 

selected for further investigation in sand flies. 

The phenotypic genes above were selected for further investigation and gRNAs with high estimated 

knockout efficiencies were designed and placed into the pDCC6 plasmid backbone (Section 3. 2. 1. 

3.). Initial transfections of LLE/LULS45 cells with pDCC6 targeting the cinnabar, ebony, eyeless, and 

white genes were performed using Lipofectamine™ 3000 as a chemotransfection reagent (Section 2. 

2. 3. 4.). These transfections were assessed via PCR, Sanger sequencing, and ADA, showing no 

detectable indels at the target site. Following consultation with Dr Andrew Hammond (Imperial 

College London, UK), it was decided to replace the D. melanogaster U6-2 promoter driving gRNA 

transcription with an endogenous U6 promoter from the target insect. Orthologues of the D. 

melanogaster U6 gene were located in L. longipalpis and P. papatasi and the 400bp promoter region 

was amplified and inserted into the pDCC6 plasmid via Gibson Assembly®. Another limitation of the 

early transfections was the low transfection efficiencies limiting the amplification of mutated alleles 

(Section 2. 3. 1.). It was decided that endogenous pDCC6 plasmids were assessed in vivo targeting 
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ebony, rudimentary, and vestigial. Once the gRNAs were designed, they were incorporated into the 

novel endogenous pDCC6 plasmids and readied for in vivo transfection.  
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Table 4. Sand fly genes selected for editing via CRISPR-Cas9 NHEJ.  
The gRNA sequences used for knockout of function are present. Red gRNAs were used in NHEJ based CRISPR-Cas9 constructs. Green gRNAs were used in HDR based 
CRISPR-Cas9 constructs.  

Gene name Function 

Reference 
gene 

L. 
longipalpis 
orthologue 

L. longipalpis gRNA 
sequence 

P. papatasi 
orthologue 

P. papatasi gRNA 
sequence 

Relevant 
references 

caspar (casp) 

Implicated in the Imd 
immune pathway in 

Drosophila. FBgn0034068 N/A N/A PPAI005190 

GGATTCTGAGAGTTCCATGG 

(349) 

TATCCTCAAGAATCTCAATG 

GATGAAGCAACGCTGTAGGG 

TGAGGCTATCTATTTGCTAG 

cinnabar (cn) 

Loss of function reduces 
the formation of 

ommochromes causing 
eyes to lose brown 

pigmentation. FBgn0000337 LLOJ009814 GATTTGATCATCGGCTGCGA N/A N/A (341) 

ebony (e) 

Supresses melanin 
formation in specific 

cuticle cells. FBgn0000527 LLOJ008326 GCCTCAATTGTCGATTCTCA PPAI005863 

TCGCATTCAGCACATCCTTG 

(308,309) 

AAAGTGCATGGTAATCAGGA 

CACATTTCCATATGGCCAGG 

GTGGCTATCAAGTTGTCCGA 

eyeless (ey) 

A Pax6 homolog, 
required in the 

development of insect 
eyes and brains. FBgn0005558 LLOJ006069 GTTGCATTGATGTTGACACG N/A N/A (315) 

rudimentary (r) 

Associated with the 
development of wing tip 

cells and fertility in 
females. FBgn0003189 LLOJ009278 

AGCATTGGAAGACACAGGGT 

N/A N/A (347) 

TTGTAGCCCATCTTCACGA 

GGAACTATGGCATTCCGTG 
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scarlet (st) 

Required for the 
transport of brown 

pigment precursors in 
the eye. FBgn0003515 LLOJ001495 

5’- GCGCATCATCAATAACGTGA 

N/A N/A (342,345) 

3’- GCAGGTACACACTACGAATG 

SC- CAAGACATGCCAGTGCAAGG 

vestigial (vg) 

Regulates cell 
proliferation in the 

wing/haltere identity 
selector gene. FBgn0003975 LLOJ009695 

TCATCATTACGGTTCCTACG 

PPAI008343 

CGTGGAGTAACTTCCGTCTG 

(348) 

ACCACAATATGGCCCAGTAT 

GGAAAATTTCTCGCCGACAT TGTGGTGATGATGGTAAGCG 

TCGCGGACACGTATTGTGCT GTATGCTGCGGCACTCTCGA 

white (w) 

Required for the 
transport of brown 

pigment precursors in 
the eye. FBgn0003996 LLOJ001311 GCCACCACAGTTCAGTCGTG N/A N/A (342,343,345) 

yellow (y) 

Required for the 
formation of melanin in 

cuticle cells. FBgn0004034 LLOJ007802 

TCGATACACCCTCCACACTG 

PPAI006879 

CGTCTCGGTCGACAACATCG 

(309) 

AGTCGATCTTGACGTCAGCG 

AACTCACCGTCCTTCCATCG GAGATCAATGTACGTCAGAG 

CCCGTGGGCATTGAGCATTG GAAGTGGAGCTTGGAAGATG 
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3. 3. 1. 2. Microinjection procedure and survivorship 

Following gRNA design and pDCC6 production, the microinjection of sand fly embryos was 

performed following the methods outlined in section 3. 2. 3. 2. 2. Injections were carried out in 

batches based on embryo availability and processing speed each day. Plasmids injected, 

concentrations and survivorship data can be seen in Table 5. In total, 4,369 sand fly embryos were 

injected with CRISPR-Ca9 DNA constructs. 

Table 5. In vivo transfection conditions and survivorship.  
Text in red identifies the CRISPR-Cas9 NHEJ mutation approach. Text in green identifies the CRISPR-Cas9 HDR 
mutation approach. The * symbol refers to larvae being difficult to identify in oviposition containers and 
therefore some may not have been counted.  

Species Plasmid 

Concentration of 
plasmids 

injected (ng/µl) 
Eggs 

injected 
Larvae 

hatched*  

Adult 
male 

emerged  
Adult female 

emerged 

Adult survival 
from eggs 

injected (%) 

L. 
longipalpis 

rudimentary 
1-3 & 

vestigial 1-3 
Llon1-pDCC6 317.58 579 6 (1.04%) 3 3 1.04 

L. 
Longipalpis  

HUTR 
pDsRed-

Ub63e-attP 
& 5/3’ HUTR 
Llon1-pDCC6 300 701 3 (0.43%) 1 2 0.43 

L. 
longipalpis 

HUTR 
pDsRed-

Ubi63e-attP 300 539 4 (0.74%) 2 2 0.74 

P. papatasi 

Caspar 1-4 
Ppap1-
pDCC6 214.48 1,516 12 (0.79%) 2 4 0.40 

P. papatasi 

ebony 1-4 
Ppap1-
pDCC6 278.48 1,034 8 (0.77%) 6 6 1.16 

Constructs with gRNAs targeting wing phenotypes (rudimentary and vestigial) in L. longipalpis were 

pooled together to give the best chances at eliciting a phenotypic change by multiplexing. For P. 

papatasi, due to a lack of resources, ebony was targeted as the only phenotypic marker. Further 

constructs targeting an immune pathway gene (caspar) were also used to provide a platform for 

future Leishmania infection studies. Further plasmids for yellow in L. longipalpis and vestigial in P. 

papatasi were constructed but due to time constraints and rearing capacity were not injected into 

sand flies.  
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Adult survivorship data following the injection of pDCC6 plasmids (G0) shows an average of 1.04% 

for L. longipalpis. For P. papatasi, microinjection survivorship showed an average of 0.78%. This 

survivorship rate is similar to sand fly targeting publications, however, it is much lower than the 

9.95% survivorship quoted in one study (152,222,319).  

3. 3. 1. 3. Phenotypic and genotypic analysis of sand flies 

Following emergence sand flies are screened for phenotypic changes (Section 3. 2. 4.). Following 

phenotypic screening, the sand flies are crossed following methods section 3. 2. 4. 2., their offspring 

(G1) are also screened for phenotypic changes as these are more likely to be present in the following 

generation (Figure 20 and Figure 22).  

Following phenotypic analysis injected sand flies and their offspring were assessed for mutations via 

the molecular techniques found in section 3. 2. 4. Genotypic analysis comprised of PCR and sanger 

sequencing (Sections 3. 2. 4. 4. & 3. 2. 4. 5.); an ICE algorithmic deconvolution analysis (Section 3. 2. 

4. 6.); and a T7 endonuclease I heteroduplex assay (Section 3. 2. 4. 7.). The initial PCR and Sanger 

sequencing of the target gRNA regions to observe SNPs compared to wild-type DNA. Genotypic 

analysis is particularly important to this research due to no previous studies having targeted these 

phenotypic genes in sand flies. Therefore, phenotypic changes are not known and may not occur 

following genomic mutations via CRISPR-Cas9 NHEJ. 

The ICE algorithmic deconvolution analysis provides an estimated likelihood of mutations from the 

Sanger sequencing chromatograms of transfected insects against control wild-type populations. 

Briefly, the output from the ICE analysis provides an Indel %, Knockout-score, and R2 fit value. The 

Indel % represents an estimated percentage of alleles in the transfected samples that have indels 

compared to a wild-type control sample. The Knockout-score shows the percentage of indels that 

could result in loss of gene function, providing and estimated gene knockout efficiency. The R2 value 

is a measurement of good fit between the transfected sequence and the wild-type. A high R2 means 

that the result is likely accurate and not down to bad quality sequencing. In tandem with the ADA, 

gRNA regions were assessed for mutations using a The T7EI assay. Briefly, T7EI heteroduplexes are 

able to confirm small indels created by CRISPR-Cas9 NHEJ mutations by cleavage of mismatched DNA 

using a T7 endonuclease I enzyme. This mismatched DNA occurs when an amplicon pools of 

homoduplexes of unmodified DNA and homoduplexes of mutated DNA are subjected to a series of 

denaturing and annealing, which re-forms them as heteroduplexes. Gel electrophoresis is used to 

separate and visualise the cleaved DNA products, and the size of the fragments generated can be 

used to determine if a mutation has occurred at the expected site based on gRNA location. 
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3. 3. 1. 3. 1. caspar targeted Phlebotomus papatasi 

Loss of function in the caspar gene is not related to a visual phenotype and therefore phenotypic 

analysis was not carried out on caspar targeted insects. Six G0 caspar targeted sand flies developed 

to adulthood (two male, four female), after backcrossing, their genomic DNA was extracted and four 

produced an allele at the expected size via PCR. Those presenting alleles were F1, F2, F4 and M2. No 

indels or SNPs were observed at the target sites in the Sanger sequencing chromatogram. No indels 

were reported from the ICE analysis of sequences from caspar gene. T7EI heteroduplex assays were 

also performed for caspar gRNA regions showing no successful cleavage following T7EI treatment. 

Due to time constraints no analysis was performed on G1 caspar targeted sand flies.  

3. 3. 1. 3. 2. ebony targeted Phlebotomus papatasi 

Figure 20. The processing pipeline for conformation of mutations in P. papatasi sand flies transfected with 
CRISPR-Cas9 plasmids targeting the ebony gene (PPAI005863). 

For ebony targeting transfections in P. papatasi, two G0 sand flies showed a dark banding in the 

pupal stages (Figure 21). 50 wild-type pupae of a similar age were monitored whilst developing and 

none showed the dark banding phenotype. The ebony G0 adults were compared to these ~50 wild-

type sand flies and showed a darkened cuticle in comparison (Figure 21). 

G0- 1,034 injected 

eggs  

G0- 6  
Crossed with wild-type 

males and placed in 
separate oviposition pots 

G1- No obvious 
phenotype observed, 

genomic DNA was 
extracted 

G1- No obvious 
phenotype observed, 

genomic DNA was 
extracted 

G0- 6  
Crossed with wild-type 

females and females 
placed in a grouped 

oviposition pot 
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Figure 21. Phenotypic mutations observed in P. papatasi following transfection with a CRISPR-Cas9 plasmid 
targeting the ebony gene (PPAI005863).  
A and B) P. papatasi pupae at 7 days post pupal case formation. C and D) adult sand flies 2 days post 
emergence.  A and C) wild type sand flies. B and D) G0 sand flies following injection with a CRISPR-Cas9 
plasmid targeting the ebony gene. All images were taken on a Leica M205 FA microscope (Leica, Germany). The 
scale bar in B represents 500µm.  

The four gRNA regions (Table 4) of G0 adults injected with ebony 1-4 Ppap1-pDCC6 were amplified 

by PCR. Five male sand flies (out of six) and four female sand flies (out of six) demonstrated a 

amplicon of the expected size following PCR. Sequence analysis of the target regions showed no 

indels or SNPs present for any samples. The PCR fragments for G0 females 2 and 5 could not be 

assessed by Sanger sequencing due to bad read quality. ICE analysis of sequences from ebony gene 

targeted insects showed no indels in any sample. T7EI heteroduplex assays were also performed for 

ebony gRNA regions showing no successful cleavage following T7EI treatment. Due to time 

constraints no analysis was performed on G1 ebony targeted sand flies. 

A 

C D 

B 
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3. 3. 1. 3. 3. Wing phenotype targeted Lutzomyia longipalpis 

Figure 22. The processing pipeline for conformation of mutations in L. longipalpis sand flies transfected with 
CRISPR-Cas9 plasmids targeting the rudimentary and vestigial genes (LLOJ009278 and LLOJ009695). 

Phenotypic analysis of the G0 wing phenotype targeting L. longipalpis survivors presented one 

female (G0-f1) with a putative “stunted” wing, related to a mutation in the rudimentary gene (Figure 

23b).  

Of the six G0 L. longipalpis targeted for mutations to the wing phenotype genes, rudimentary and 

vestigial, all showed alleles of the expected sizes following PCR of the six gRNA regions. Following 

manual screening of the Sanger sequencing chromatograms, two samples (G0-F1 and G0-M3) 

showed mismatches around the expected cut site for the r gRNA2, and two samples (G0- F1 and G0-

M1) showed expected mismatches surrounding the r gRNA3 region. Unfortunately, the Sanger 

sequencing quality was low and multiple sequence alignment was not possible. The low Sanger 

sequencing quality for r gRNA1 and all three vg gRNAs meant that potential mismatches could not 

be validated.  

Four of the six G0 wing phenotype targeting survivors were successfully ran through the ICE analysis 

for the r gRNA 2 and 3. As seen in Table 6, indels were found in sample G0-M3 for gRNA2 and indels 

surrounding gRNA3 were found in samples G0-F1 (Figure 25) and G0-F2. 

T7EI heteroduplex assays were carried out on all rudimentary and vestigial gRNA regions for G0 sand 

flies. However, the poor-quality PCR products produced a range of off target cleavages in the 

controls making confirmation of mutations inconclusive.  

G0- 579 injected 
eggs  

G0- 3  3  
Crossed with siblings and 

females placed in 
separate oviposition pots 

G1- adults without wing 
mutations collected and 
genomic DNA extracted 

G1- From G0  #3  
Three adults with wing 

phenotypes, imaged and 
genomic DNA extracted  
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Figure 23. L. longipalpis adults exhibiting a phenotypic change following mutations to the rudimentary and 
vestigial genes (LLOJ009278 and LLOJ009695) via CRISPR-Cas9 transfection.  
A) a wild-type L. longipalpis adult. B) a G0 adult showing stunted wing phenotypes. C) a G1 sand fly showing a 
crumpled wing phenotype. D) a G1 adult missing its left wing following transfection. All images were taken on 
a Leica M205 FA microscope (Leica, Germany). 

Following sibling crossing, two G1 adults presented a phenotypic change in the wing structure 

(Figure 23C and D). One male (G1-D) presented with a “crumpled” wing characteristic of a vestigial 

mutation (Figure 23C). Another male (G1-Z) was missing a wing which infers a vestigial mutation 

(Figure 23D).  

C D 

B A 
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Following phenotypic analysis all G1 sand flies were screened to genotypic analysis. Twenty-six G1 L. 

longipalpis sand flies (labelled A-Z), targeted for wing phenotypes, amplified an allele of the 

expected size targeting the 6 gRNA regions. Of the twenty-six amplified rudimentary gene alleles, 

twelve sequences aligned with the gRNA1 (Figure 24Ai); sixteen with gRNA2 (Figure 24Aii); and 

seven with gRNA3. Due to conserved regions within the rudimentary gene the gRNA3 confirmation 

primers were split across the gene and were unable to confirm mutations. One sample (G1-B) for r 

gRNA1 showed a mutation around the expected cut site following alignment. All samples aligned 

with vg gRNA1 (Figure 24Bi) and twenty samples aligned with gRNA2 (Figure 24Bii). One sample (G1-

F) potentially has multiple base pair substitutions surrounding the vg gRNA1 region (Figure 24Bi). 

One sample (G1-Y) presents multiple base pair substitutions surrounding the vg gRNA2 region 

(Figure 24Bii). Sequences for the vg gRNA3 region were too low in quality to be used in any analysis.  

Figure 24. Sanger sequence alignments for G1 L. longipalpis insects transfected with wing phenotype 
inducing CRISPR-Cas9 plasmids.  
A) alignments of the rudimentary gene (LLOJ009278) focusing on the regions surrounding target gRNAs (Ai for 
gRNA1 and Aii for gRNA2). B) alignments of the vestigial gene (LLOJ009695) focusing on the regions 
surrounding target gRNAs (Bi for gRNA1 and Bii for gRNA2). gRNA sequences are highlighted in blue. 

Ai 

Bii 

Aii 

Bi 
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Alignments were carried out using SnapGene software v6.2 (Dotmatics, USA) under the MUSCLE alignment 
tool.  

Sequence data from the r gRNAs 2 and 3 were successfully analysed via ICE ADA. The other four 

gRNAs (r gRNA1, vg gRNA 1-3) failed to analyse due to poor sequence read quality. Sixteen G1 sand 

flies were positive for indels surrounding the r gRNA2 site (Table 6). Two sand flies were positive for 

indels in the r gRNA3 site (Table 6). All of the r gene ICE ADAs show low R2 values of between 0.52-

0.57, which infers possible errors in indel identification.  

Table 6. ICE analysis summary of positive results for L. longipalpis transfected with CRISPR-Cas9 plasmids 
targeting the rudimentary gene (LLOJ009278).  
gRNA regions can be found in Table 4. Indel % represents the percentage of alleles present in the sample with 
indels compared to a wild-type control sample. KO-score represents the percentage of indels found that would 
cause loss of function in the target gene. R2 is a model fit estimation. Orange text is data from G0 sand flies 
and green text is from G1. 

Transfected L. longipalpis gRNA region 
analysed Indel % KO-score R

2 
G0-M3 2 23 19 0.54 
G0-F1 3 54 54 0.54 
G0-F3 3 57 0 0.57 
G1-A 2 22 17 0.53 
G1-H 2 22 18 0.53 
G1-I 2 22 18 0.53 
G1-K 2 22 18 0.53 
G1-L 2 22 18 0.53 

G1-M 2 22 18 0.53 
G1-N 2 22 18 0.53 
G1-O 2 22 18 0.53 
G1-P 2 21 17 0.52 
G1-Q 2 21 17 0.52 
G1-R 2 22 18 0.53 
G1-S 2 22 18 0.53 
G1-U 2 22 18 0.53 
G1-X 2 22 18 0.53 
G1-Y 2 22 18 0.53 
G1-Z 2 22 17 0.53 
G1-F 3 54 54 0.54 
G1-G 3 55 55 0.55 
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Figure 25. ICE analysis graphical output for a L. longipalpis sand fly (G0-F1) transfected with CRISPR-Cas9 
plasmids targeting the rudimentary gene (LLOJ009278).  
A) the text output for the ICE analysis, where; Indel % represents the percentage of alleles present in the 
sample with indels compared to a wild-type control sample; KO-score represents the percentage of indels 
found that would cause loss of function in the target gene; R2 is a model fit estimation. B) the trace file output 
from the ICE analysis focusing on the predicted cut site from the target gRNA in both the mutated sample and 
wild-type control. C) an indel size-frequency histogram, showing the size of indels against their percentage 
frequency in the mutated sample. D) a discordance graph visualising the difference between the mutated trace 
file (green) and the control trace file (orange). The black dotted line on the graph shows the predicted cut site.   

Assessing mutations within the vestigial gene was successful for G1 sand flies with amplicons of the 

expected size for gRNA1 (577bp) and gRNA2 (567bp) being produced for all samples except J (for 

gRNA1 and 2) and L (for gRNA2). T7EI cleavage of the gRNA1 region would have created bands of 

222bp and 355bp. Ten samples showed successful cleavage producing bands of the expected size 

(Figure 27). Following densitometric analysis these ten samples showed mutation percentages 

ranging from 1.67-19.21% (Table 7). The expected T7EI cleavage of gRNA2 would have produced 

bands of 261bp and 306bp. For nine samples successful cleavage of this size was observed (Figure 

27). Following densitometric analysis of these samples the estimated mutation percentage ranged 

from 6.43-18.77% (Table 7). Multiple unexpected bands were seen in the negative PCR controls for 

both gRNAs, but bands of the expected positive cleavage size were not seen. For vg gRNA3, no 

amplicons of the expected size could be amplified. Therefore, T7EI cleavage could not be assessed 

on vg gRNA3. 

For the rudimentary gene gRNAs, no cleavage was obtained for gRNAs 1 and 2. Unfortunately, due to 

a lack of PCR amplification samples A, I, K, N, and T were not assessed for gRNA1 and B, C, D, E, F, G, 

A 

B 

C D
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I, S, T, U, V, W, X, Y, and Z were not assessed for gRNA2. For gRNA 3 amplicons of the expected size 

(534bp) were seen in all samples A-Z. If heteroduplexes had formed T7E1 cleavage would result in 

bands of 244bp and 290bp. Following the T7EI assay, no expected cleavage occurred. A band around 

400bp (Figure 26) was visible in six T7EI treated samples. However, this band was also present in 

thirteen untreated PCR controls.  

Figure 26. T7 endonuclease I heteroduplex assay of a G1 L. longipalpis fly targeting the rudimentary gene 
(LLOJ009278) by CRISPR-Cas9.  
A) DNA products imaged following cleavage by T7EI. B) a densitometric image showing the lanes highlighted in 
blue and the bands selected for analysis highlighted by a purple line. In both A and B the sample highlighted 
with a * shows treatment with T7EI. The expected gRNA region length was 534bp which would have been 
cleaved into two 244bp and 290bp fragments following T7EI treatment. P and PA are positive plasmid samples 
ran independently from each other, with the +ve lane showing the formation of heteroduplexes which are 
cleaved with T7EI (Section 3. 2. 4. 7.). A Meridian bioscience HyperLadder™ 1kb is present in the far-left lane. 

Table 7. Densitometric analysis results inferring mutations in the vestigial gene (LLOJ009695) of G1 L. 
longipalpis insects transfected with CRISPR-Cas9 plasmids.  

gRNA targeted Sample ID Band No. Band Volume % of Lane % Modification 

vg gRNA 1 

H 

1 37120086 48.69 

5.72 2 15853477 6.02 

3 8723622 0.07 

I 

1 21126130 25.75 

9.87 2 10864555 5.39 

3 5385579 0.56 

P 

1 12604560 45.56 

19.21 3 9449882 20.91 

4 5986006 3.32 

R 

1 13916288 53.64 

16.89 4 11030382 21.96 

5 5421318 2.06 

T 

1 13617298 58.88 

4.12 3 6670638 3.77 

4 5302476 1.39 

V 

1 7863466 26.31 

14.96 3 5877952 7.48 

4 5223538 2.59 

W 

1 15231032 65.23 

1.67 2 4013600 1.26 

3 4563440 0.98 

R3Z* R3Z P PA +ve 

R3Z* R3Z P PA +ve 

A B 
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X 

1 23972661 35.90 

1.75 3 7524171 1.21 

4 4507503 0.08 

Y 

1 23961574 29.31 

9.29 3 12554566 5.82 

4 5469950 0.49 

Z 

1 31433380 42.10 

2.56 3 7959746 1.01 

4 8935564 1.22 

vg gRNA 2 

G 

1 23000206 55.95 

18.77 2 16980790 24.72 

3 7716669 4.13 

H 

1 14169853 44.86 

17.71 2 13569351 17.87 

3 6242141 3.53 

I 

1 16881906 57.70 

12.62 2 10961964 11.23 

3 9083935 6.64 

K 

1 16377043 55.37 

11.27 2 8569396 8.98 

3 7818149 5.98 

N 

1 20982937 66.02 

6.43 
2 5750612 4.23 

3 6882527 4.26 

4 3903322 0.89 

O 

1 12965368 46.74 

17.30 2 9565198 10.63 

3 9713819 10.96 

Q 

1 12390472 52.27 

15.15 2 8287553 10.07 

3 8706571 10.26 

R 

1 28939678 13.84 

11.70 2 17224530 2.08 

3 14329750 1.83 

U 

1 45787124 24.83 

15.24 2 23882834 7.67 

3 15698586 2.06 
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Figure 27. T7 endonuclease I heteroduplex assay of G1 L. longipalpis flies targeting the vestigial gene (LLOJ009695) by CRISPR-Cas9 gRNA1 and gRNA2.  
A) DNA products imaged following cleavage by T7EI. B) A densitometric image showing the lanes highlighted in blue and the bands selected for analysis highlighted by a 
purple line. In both A and B, the samples highlighted with a * shows cleavage with T7EI. Expected fragment sizes are found in section 3. 3. 1. 4. 3. P and PA are positive 
samples ran independently from each other, with the +ve lane showing the formation of heteroduplexes, which are cleaved with T7EI (Section 3. 2. 4. 7.). A Meridian 
bioscience HyperLadder™ 1kb was used. 

V1A*|V1A|V1B*|V1B|V1C*|V1C|V1D*|V1D|V1E*|V1E|V1F*| V1F| V1G*|V1G|V1H*|V1H|V1I*| V1I| V1K*|V1K| V1L*| V1L|              P    |  PA |  +ve  V1M*|V1M|V1N*|V1N|V1O*|V1O|V1P*|V1P|V1Q*|V1Q|V1R*| V1R| V1S*| V1S|V1T*| V1T| V1U*| V1U| V1V*|V1V|V1W*|V1W|            P   |   PA  | +ve  V1X*| V1X|  V1Y*|  V1Y|  V1Z*| V1Z|  

V1A* V1A   V1B*  V1B   V1C*  V1C   V1D*  V1D   V1E*  V1E    V1F*  V1F   V1G*  V1G   V1H* V1H    V1I*   V1I    V1K*  V1K   V1L*   V1L               P       PA     +ve  V1M* V1M   V1N*  V1N   V1O*  V1O   V1P*   V1P   V1Q*   V1Q   V1R*   V1R    V1S*   V1S    V1T*   V1T   V1U*   V1U   V1V*  V1V   V1W*  V1W                 P        PA     +ve  V1X*   V1X    V1Y*   V1Y     V1Z*   V1Z  

A 

B 

V2A*|V2A| V2B*| V2B |V2C*|V2C| V2D*|V2D| V2E*|V2E|  V2F*| V2F| V2G*| V2G| V2H*| V2H|  V2I*| V2I|  V2K*|  V2K|  V2M*|V2M|V2N*|V2N|V2O*|V2O| V2P*| V2P| V2Q*|  V2Q  V2Q*|V2Q| V2R*|V2R| V2S*| V2S|  V2T*| V2T|V2U*|V2U| V2V*|V2V| V2W*|V2W|V2X*|V2X| V2Y*|V2Y|  V2Z*|V2Z 

 V2A*  V2A    V2B*  V2B    V2C*  V2C    V2D*  V2D   V2E*  V2E    V2F*   V2F V2G*    V2G    V2H*   V2H     V2I*     V2I     V2K*   V2K    V2M*  V2M    V2N*  V2N    V2O*   V2O    V2P*    V2P    V2Q*   V2Q  V2Q*  V2Q   V2R*   V2R    V2S*   V2S    V2T*   V2T    V2U*  V2U   V2V*   V2V   V2W* V2W   V2X*   V2X    V2Y*   V2Y    V2Z*   V2Z 
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In summary, the genotypic analysis of transfected sand flies revealed 22 L. longipalpis sand flies 

mutated within the rudimentary gene (1 G0 via Sanger sequence alignment, 3 G0 via ADA 18 G1 via 

ADA) and 21 mutated within the vestigial gene (2 G1 via Sanger sequence alignment, 19 G1 via T7EI 

assay). This is important as no previous literature has achieved a CRISPR-Cas9 genomic mutation 

with L. longipalpis sand flies.   

3. 3. 2. Integration of exogenous DNA into sand fly genomes via CRISPR-Cas9 HDR 

The endogenous pDCC6 plasmids successfully forming mutations in the previous section, facilitated 

the ability to deliver exogenous DNA cassettes into sand flies via CRISPR-Cas9 HDR. This approach 

has been a major omission in previous literature on sand fly genome engineering as insertion of 

exogenous DNA is required for population control techniques such as gene-drives.  

3. 3. 2. 1. Transfection of LLE/LULS45 cells 

To assess the integration of exogenous DNA into the genome of sand flies via CRISPR-Cas9 HDR 

approaches, the LLE/LULS45 cell line (L. longipalpis Jacobina strain) was transfected with DNA 

constructs. The CRISPR-Cas9 elements (gRNA and Cas9) were delivered by a Llon1-pDCC6 and the 

exogenous DNA cassette was delivered by pDsRed-Ubi63e-attP. The scarlet gene was targeted with 

two NHEJ cleavage approaches, one targeting the gene centrally (HSC), and an approach utilizing two 

gRNA targeting either the 5’ or 3’ UTR to remove the gene’s coding region (HUTR). Nine wells (3 

replicates within 3 rounds of transfection) of ~2 million attached cells were transfected for each 

approach with control wells as mentioned in section 3. 2. 5. 1. 1. This approach demonstrated an 

important step for CRISPR-Cas9 HDR genome editing in L. longipalpis sand flies. 

3. 3. 2. 1. 1. Fluorescent microscopy 

The DNA cassette within pDsRed-Ubi63e-attP contains a DsRed-Express fluorescent tag, visible under 

red wavelengths of light during fluorescent microscopy (629nm). This was the initial screening 

method for HDR insertion into the genome of LLE/LULS45 cells (Section 3. 2. 5. 1. 2.). Figure 28 

shows, expression of the DsRed-Express was achieved with both gRNA approaches. Expression was 

also observed in all wells containing pDsRed-Ubi63e-attP, including control cells without the Llon1-

pDCC6 plasmids and without chemotransfection reagents.  
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Figure 28. Fluorescent micrographs of LLE/LULS45 cells expressing DsRed-Express after integration into the scarlet gene (LLOJ001495) via CRISPR-Cas9 HDR.  
A) wild-type control; B) RFP positive control; C) cells transfected with plasmid mixtures targeting the scarlet gene with the HSC approach. D) cells transfected with plasmid 
mixtures targeting the scarlet gene with the HUTR approach. i) cells transfected with only pDCC6 plasmids; ii) cells transfected with Llon1-pDCC6 and pDsRed-Ubi63e-attP 
plasmids without chemotransfection reagents; iii) Cells transfected with only pDsRed-Ubi63e-attP plasmids; and iv) Cells transfected with Llon1- pDCC6 and pDsRed-
Ubi63e-attP plasmids with transfection reagents. All micrographs are composite images of fluorescence in blue, green, red and phase channels. Blue colour represents 
Hoescht 33342 DNA stain excited at a wavelength of 455nm. Red colour represents DsRed-Express fluorescence excited at a wavelength of 629nm. Green colour represents 
excitation of artifacts at a wavelength of 530nm. Images A; C. i-iv; and D. i-iv were imaged at a magnification of 200x. Image B was taken at a magnification of 400x. All 
micrographs were imaged on a Nikon Eclipse Ti2 inverted fluorescent microscope. Scale bars with a white colour represent 100µm and blue scale bars represent 50µm. 
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3. 3. 2. 1. 2. Genotypic analysis 

In an attempt to confirm that DsRed-Express expression within LLE/LULS45 cells was due to 

integration in the genome, the 5’ and 3’ ends of the integration site were amplified and sequenced. 

Utilizing primers within the DNA cassette and downstream from either RHA (HSC/HUTR) we were 

able to confirm insertion into the genome (primers found in Appendix 2). These primers will not 

produce an amplicon in wild-type DNA. However, if intact pDsRed-Ubi63e-attP constructs are 

present in the PCR solution then an allele of the expected positive size may form. This infers that 

results by PCR and sanger sequencing cannot confirm integration with these primer sets. In Figure 

29A and B, an amplicon of the expected size (1234bp) was produced for all pDsRed-Ubi63e-attP 

transfected cells. When sequenced by Sanger sequencing the amplicon confirmed genomic 

integration at the target site for both approaches (Figure 29C and D). An allele around 3kbp was also 

amplified and sequenced for the pDsRed-Ubi63e-attP treated cells (Figure 29A and B). This allele was 

confirmed to be the pDsRed-Ubi63e-attP plasmid remaining in cells/media following DNA extraction.  

B 
    i                 ii               iii              iv                v                vi 
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Figure 29. Confirmation of exogenous DNA integration into the scarlet gene (LLOJ001495) within LLE/LULS45 
cells via CRISPR-Cas9 HDR.  
A) PCR amplicons corelating to DNA insertion at the target site via the HUTR approach; B) PCR amplicons 
corelating to DNA insertion at the target site via the HSC gRNA approach; C) the sequence upstream of the 
right homology arm against the pDsRed-Ubi63e-attp construct confirming exogenous DNA insertion into the 
scarlet gene; D) the sequence downstream of the right homology arm against the st gene confirming 
exogenous DNA insertion into the st gene. The loading plan for the gels are as follows A. i) Meridian bioscience 
HyperLadder™ 1kb; ii) Meridian bioscience HyperLadder™ 100bp; iii) wild-type DNA; iv) transfection with 
Llon1-pDCC6 plasmids only; v) transfection with pDsRed-Ubi63e-attP only; vi) transfection with Llon1-pDCC6 
and pDsRed-Ubi63e-attp. B. i) wild-type DNA; ii) transfection with Llon1-pDCC6 and pDsRed-Ubi63e-attP 
without chemotransfection reagents; iii) transfection with Llon1-pDCC6 plasmids only; iv) transfection with 
pDsRed-Ubi63e-attP only; v) transfection with Llon1-pDCC6 and pDsRed-Ubi63e-attp; vi) Meridian bioscience 
HyperLadder™ 1kb. Bands highlighted with an orange box show amplification of pDsRed-Ubi63e-attp plasmid. 
Bands highlighted with a yellow box show successful integration of endogenous DNA into the st gene. The 
aligned sequences are labelled as follows: C. i) template DNA focused on the endogenous DNA 3’ end; D. i) 
template DNA focused on the downstream end of the right homology arm of the st gene; C & D. ii) amplified 
DNA from cells transfected with only pDsRed-Ubi63e-attP; C & D. iii) amplified DNA from cells transfected with 
Llon1-pDCC6 and pDsRed-Ubi63e-attP. 

When processing these results, we were unaware of the formation of heteroduplexes between wild-

type and DNA constructs in the PCR reaction above (Figure 29). We assumed that HDR integration 

was successful and attempted to confirm that the Llon1-pDCC6 plasmids were cleaving genomic DNA 

and forming indels via NHEJ. To do this amplification of the gRNA target regions by PCR was carried 

out, followed by analysis of CRISPR-Cas9 mutations via Sanger sequencing, algorithmic 

deconvolution analysis, and T7EI heteroduplex assays (Sections 3. 2. 4. 4., 3. 2. 4. 5., 3. 2. 4. 6., 3. 2. 

4. 7.). The ICE algorithmic deconvolution assay did not detect indels around the target sites of the 

gRNAs in either approach (Figure 30 and Table 8). The T7EI heteroduplex assay demonstrated 

cleavage and amplicons around the expected sizes for the HSC gRNA (246 and 260bp) and 5’ HUTR 

gRNA (267 and 326bp) (Figure 31). A densitometric analysis of the T7EI assay under multiple camera 

exposure times (0.4-4 seconds) inferred modification percentages of 2.2-3.49% for the HSC gRNA, 

and 1.85-5.75% for the 5’ UTR gRNA (Table 8). The modification percentages are in line with those 

recorded following in vivo transfection (Section 3. 3. 1. 4. 3). The positive T7EI assay provides 

evidence that the Llon1-pDCC6 plasmids are capable of cleaving genomic DNA within the LLE/LULS45 

cells.  

  



113 
 

Table 8. The analytical data for LLE/LULS45 cells treated with CRISPR-Cas9 Llon1-pDCC6 plasmids targeting 
the scarlet gene (LLOJ001495) utilizing three different gRNAs.  
Outputs from an algorithmic deconvolution assay on Sanger sequencing and a T7 endonuclease I heteroduplex 
densitometric analysis. 

gRNA analysed Indel % Knockout-score  R2 Band No.  Volume  % of Lane % modified 

st central 0 0 1 
1 557961968 55.31 

3.49 2 212430760 2.20 
3 264136968 1.87 

3' UTR Failed Failed Failed 1 609784648 67.66 N/A 

5' UTR 0 0 0.99 
1 831706680 64.59 

5.75 2 366264328 7.11 
3 239268080 1.01 

 

 

Figure 30. ICE algorithmic deconvolution analysis for LLE/LULS45 cells transfected with Llon1-pDCC6 
plasmids targeting the scarlet gene (LLOJ001495).  
A) the text output for the ICE analysis, where; Indel % represents the percentage of alleles present in the 
sample with indels compared to a wild-type control sample; KO-score represents the percentage of indels 
found that would cause loss of function in the target gene; R2 is a model fit estimation. B) the trace file output 
from the ICE analysis focusing on the predicted cut site from the target gRNA in both the mutated sample and 
wild-type control. C) an indel size-frequency histogram, showing the size of indels against their percentage 
frequency in the mutated sample. D) a discordance graph visualising the difference between the mutated trace 
file (green) and the control trace file (orange). The black dotted line on the graph shows the predicted cut site.   

A 

B 

C D
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Figure 31. A T7 endonuclease I heteroduplex assay for LLE/LULS45 cells transfected with Llon1-pDCC6 
plasmids targeting the scarlet gene (LLOJ001495).  
A) DNA products following cleavage by T7EI. B) a densitometric analysis with lanes highlighted in blue and the 
bands selected for analysis highlighted by a purple line with high and low band boundaries in dotted purple 
lines. In both A and B, the samples are all treated with T7EI and those highlighted with a * show transfected 
cell DNA, those without a * are the gRNA region from wild-type cell DNA. A Meridian bioscience HyperLadder™ 
100bp was used. 

 

  

A 

B 

SC 3’ SC* 3’* 5’ 5’* 

SC 3’ SC* 3’* 5’ 5’* 
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3. 3. 2. 2. Microinjection of L. longipalpis sand flies 

Following our early interpretation of the CRISPR-Cas9 HDR results within LLE/LULS45 cells, in vivo 

approaches were attempted. Transfection of L. longipalpis embryos was carried out via 

microinjection of the HUTR approach CRISPR-Cas9 constructs at Charles University, Prague, Czech 

Republic. 701 L. longipalpis embryos were injected with the pDsRed-Ubi63e-attP plasmid and Llon1-

pDCC6 plasmid, whilst 539 embryos were injected with only the pDsRed-Ubi63e-attP construct. 

Adult survivorship data is seen in Table 5 and breeding pathways of these lines are seen in Figure 32.  

Figure 32. The processing pipeline for conformation of mutations in L. longipalpis sand flies transfected with 
CRISPR-Cas9 HDR plasmids for the insertion of an exogenous DNA cassette into the scarlet gene 
(LLOJ001495). 

  

HUTR pDsRed-Ubi63e-attP and Llon1-
pDCC6s 

G0- 701 injected eggs  

G0- 1  1  
Backcrossed with wild-type 

and females placed in 
separate oviposition pots 

G1- No detected 
fluorescence, so genomic 

DNA was extracted 

HUTR pDsRed-Ubi63e-attP 
G0- 539 injected eggs  

G0- 2  2  
Backcrossed with wild-type 

and females placed in 
separate oviposition pots 

G1- No detected 
fluorescence, so genomic 

DNA was extracted 
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3. 3. 2. 2. 1. Fluorescent microscopy 

To validate the expression of DsRed-Express from the integrated DNA cassette, larval and adult sand 

flies were imaged under a fluorescent stereomicroscope. No fluorescence was observed in either the 

G0 or G1 populations (Figure 33). As no fluorescence was observed genomic DNA was extracted 

from adults post death to confirm DNA cassette integration.  

Figure 33. Fluorescent micrographs of G1 L. longipalpis sand flies following parental transfections with HUTR 
pDsRed-Ubi63e-attP and Llon1-pDCC6 plasmids.  
A) a wild-type larvae. B) a G1 larvae C) a wild-type adult. D) a G1 adult. i) white light micrographs. ii) green light 
micrographs taken at a wavelength of 530nm to highlight artifacts. iii) red light micrographs taken at a 
wavelength of 629nm to highlight DsRed-Express expression. All images were taken on a Leica M205 FA 
microscope (Leica, Germany). The yellow scale bars represent 500µm, the blue scale bars represent 2.2mm. 

  

A. i ii iii 

B. i ii iii 

D. i ii iii 

C. i ii iii 
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3. 3. 2. 2. 2. Genotypic analysis 

Following the absence of fluorescence, genomic DNA was extracted from the six G0 adults and the 

four G1 adults that developed. These were assessed via PCR amplification utilizing primers within the 

DNA cassette and downstream from the RHA. These primers should have only produced an amplicon 

if the DNA cassette was present as seen in Figure 29. No amplicon was amplified for the G0 or G1 

adults (Figure 34).  

Figure 34. PCR confirmation of transfection in L. longipalpis adults with HUTR pDsRed-Ubi63e-attP.  
A) G0 adults, those marked with a * were injected with both pDsRed-Ubi63e-attP and Llon1-pDCC6. B) G1 
adults and a positive control from transfected LLE/LULS45 cells.  

  

  M1*    M2     M3     F1*      F2       F3       WT A 8M2  8M3    8F2   8F3     PC B 
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3. 4. Discussion 

The results outlined above demonstrate evidence supporting the first successful mutation of 

genomic DNA via CRISPR-Cas9 NHEJ plasmids in L. longipalpis. These results are supported by 

phenotype expression, Sanger sequencing, algorithmic deconvolution assays, and T7EI heteroduplex 

assays. These results also provide the reported attempt to integrate exogenous DNA into the 

genome of L. longipalpis via in vitro transfection of CRISPR-Cas9 HDR plasmids. With further 

genotypic analysis needed to validate these results. We have achieved validation for the use of 

CRISPR-Cas9 NHEJ in phlebotomine sand flies, paving the way for future work into Leishmaniasis 

control.  

3. 4. 1. CRISPR-Cas9 gene knockout via NHEJ 

Initially the in vitro platform assessed in section 2, was to be used to assess the pDCC6 plasmids 

targeting phenotypic marker genes (cinnabar, ebony, eyeless, and white genes) which could be 

validated in vivo at a later stage. Initially no mutations were detected via PCR and Sanger 

sequencing. This was theorised to be due to the D. melanogaster U6-2 promoter transcribing the 

gRNAs. In previous research this promoter has shown low level expression in mosquitoes, whilst, 

high expression is seen from endogenous promoters amplified from upstream of DU6-2 gene 

orthologues (136,331,350). Therefore, endogenous U6 promoters for L. longipalpis and P. papatasi 

were designed. It was decided that these would be assessed via in vivo approaches. This was due to 

a belief that the low transfection efficiencies in cells (Section 2. 3. 1.) led to unmutated DNA being 

amplified by PCR over the mutated alleles, reducing the sensitivity of Sanger sequencing and ADAs. 

At the time the T7EI heteroduplex assay had not been fully assessed which has been shown to show 

a much higher level of sensitivity over standard PCR and Sanger sequencing (351). If possible we 

would have preferred validation of mutations via amplicon sequencing which would have allowed us 

to sequence low copy mutated alleles (352). We were limited to in vitro methods due to a lack of 

viable sand fly colonies at the LSHTM and the COVID-19 pandemic restricting travel to collaborators 

abroad. The construction of Llon1/Ppap1-pDCC6 plasmids coincided with the lifting of multiple travel 

bans in Europe, allowing us to collaborate with Prof. Petr Volf’s team at Charles University. 

In vivo transfection approaches for sand flies continues to be logistically difficult due to the fragility 

of sand fly embryos. Currently, we rely on microinjection of recently laid embryos prior to 

melanisation providing only a short window (2-3 hours) to undertake transfection experiments. This 

is due to microinjection needles fracturing on the surface of the chorion before penetration. 

However, unmelanised embryos are prone to rupturing from the pressure of the injection mixture as 
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well as failing to heal the injection site. These disadvantages, partially explain the low survivorship 

rates observed in this research and others (152,222,319). The one study siting 9.95% survivorship 

was related to a single batch of embryos and further research from the same group showed a 

survivorship of 2.04% (222,319). The main difference between our approach and this study is the use 

of halocarbon oil to limit embryo desiccation, this could have increased survivorship. It is also 

important to ensure the integration of mutations in pre-blastoderm cell genomes to increase the 

likelihood of the entire developing embryo receiving the intended trait. This is done by injecting 

embryos at the posterior end where pole cells form. Whilst the timeline for this stage is well 

understood in mosquitoes, little has been done to identify this state in sand flies (353). One study, 

theorised this stage will occur in the first 36-60 hours of development for P. papatasi (354). 

Following this, we based our times off of the first 2-3 hours post oviposition to increase our chances. 

As the sandfly embryos are perfectly symmetrical (north to south), the location of the pole cells was 

unknown during injection. Embryos were instead injected ¾ of the way to the south hoping that this 

would place the mixture close to the pole cell end without damaging cells. This could have reduced 

contact of the plasmid mixture with early cells reducing transfection efficiencies. If the mixture is 

injected too close to the cells, the increase in pressure could cause damage, reducing viability. 

Manual handling of the embryos following injection would have also had an effect on survivorship 

(152). Currently, there is no replacement for microinjection in sand flies but potentially 

chemotransfection or electroporation could be explored as alternatives. These approaches could 

reduce the manual handling of embryos, increasing viability.  

The survivors of pDCC6 plasmid microinjections produced multiple positive results. Putative 

phenotypes for loss of gene function in the ebony, rudimentary and vestigial genes were observed 

visually (Figures Figure 21 and Figure 23). Molecular validation inferred mutations in twenty-two L. 

longipalpis adults targeting wing phenotype genes (out of 32 adults analysed). One sample (G1-Z) 

was positive for a mutation by presentation of a mutant phenotype and by the genetic approaches 

ADA and T7EI. Due to time constraints, a large number of G1 offspring were not assessed for 

mutations by any molecular techniques. Repeats of those which failed to amplify by PCR were not 

possible due to having limited sample DNA. As mentioned above, PCR and Sanger sequencing will 

amplify the most dominant alleles in the DNA sample. This creates a problem in vivo as 

microinjection techniques are unlikely to result in all pole cells being transfected. This would lead to 

G0 adults presenting mosaic mutations, which if integrated into the germline could lead to 

heterozygous offspring with ubiquitous phenotypic mutations. This mosaic formation has been 

previously documented in insect CRISPR-Cas9 studies and they found amplicon sequencing of the G0 

generation can detect the low level mutated amplicons (300). As seen in Table 6, ADA results for the 
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rudimentary gene have low R2 values potentially showing bad DNA quality. This could have been due 

to the PCR amplification, or the DNA extraction being contaminated by bacteria or fungi in the 

decomposing sand fly. Spectrophotometer readings on the extracted genomic DNA often read a 

260/280 ratio of around 1 (expected to be 1.8 for purified DNA). This would indicate contamination 

in the sample potentially by proteins or chemicals that absorb light at the 280nm wavelength. 

Ideally, with more resources and time, the DNA samples would be sequenced by amplicon 

sequencing.  This approach would allow us to sequence individual alleles, identifying small 

populations of mutated cells and removing background sequences caused by contamination. This 

approach is seen as the gold standard for G0 insects and assessing mutation copy numbers within 

the genome for many other insect CRISPR-Cas9 studies (168,300,355). Molecular analysis of dead 

larvae and pupae would also be analysed as previous research has shown the knockout of the vg 

gene can lead to development failures in the pupal stage (311).  

As amplicon sequencing was not available, the T7EI heteroduplex assay was used to identify low 

level mutations which would not be picked up via Sanger sequencing. This method was able to 

identify mutations at potential efficiencies ranging from 1.67-19.21%. T7EI assays are dependent on 

DNA quality and large indel sized mutations (356). The negative controls for r gRNA3 and both vg 

gRNA1/2 showed multiple background amplicons, which could have been cleaved causing fragments 

in the test sample. By only carrying out the densitometric analysis on bands of the expected size, we 

hopefully avoided anomalous DNA. However, without sequencing these bands further we cannot 

confirm they are related to the CRISPR-Cas9 mutations. 

For P. papatasi, the phenotype exhibited in the ebony gene targeting transfections is promising 

(Figure 21). After consulting with Prof. Petr Volf and his team, we are confident that this is a mutant 

phenotype. This theory is supported by the lack of dark banding in the wild-type P. papatasi pupae 

screened. The phenotype was also not present in wild-type adult flies or in caspar targeted 

survivors. The lack of molecular evidence could be due to the problems with ADA and T7EI outlined 

above. Given more time and resources, DNA from these samples would be assessed by amplicon 

sequencing and further P. papatasi transfections would be carried out to at least G1 to demonstrate 

germline transformation. 

3. 4. 2. Expression of exogenous DNA via CRISPR-Cas9 HDR 

Genetic manipulation via CRISPR-Cas9 HDR has become a powerful tool for control of insects. No 

previous research has been published using this technique in phlebotomine sand flies. Here we 

provide reported attempt of insertion of a DNA cassette containing a fluorescent marker into L. 
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longipalpis cell lines via CRISPR-Cas9 HDR. With further genotypic evidence this in vitro approach 

could lay the groundwork for future vector control in vivo.  

Expression of the DsRed-Express following integration into the scarlet gene was high, with 

fluorescence intensity during microscopy visually higher than that of other markers used in section 

2. 3. and the Ac5-STABLE-neo-RFP plasmid control (Figure 28). Unfortunately, access to the flow 

cytometry equipment at LSHTM was limited, preventing quantitative measurements of these 

transfections. Transient expression of DsRed within the HDR donor plasmid is possible so 

confirmation via sequencing is required.  

Confirmation of genomic integration was attempted by PCR and Sanger sequencing (Figure 29). 

Obtaining positive results via PCR and Sanger sequencing was should be more sensitive for HDR, due 

to the primer pair spanning the 3’ end of the DNA cassette/integration site. In wild-type DNA these 

primer pairs do not amplify via PCR. This creates a relatively rapid and easy to use CRISPR-Cas9 

validation method. However, if intact DNA constructs are present in the PCR solution amplification 

of a heteroduplexes formed from single primers amplifying genomic DNA and plasmid DNA would 

occur. This could create alleles of the expected positive size following repetitive PCR cycles. 

Confirmation of genome integration was not possible for our in vitro cultures at the time and would 

need to be further validated by utilizing techniques such as amplicon sequencing or inverse PCR 

(300,357,358). Due to the low levels of plasmid in adult tissues and G1 insects any positive results in 

vivo would provide robust evidence using the primer set found in Figure 29. If the research was to 

continue in vivo, future transfections would use the HDR approach with new targeted gRNAs and 

HAs designed for the successful phenotypic targets from section 3. 3. 1 (e.g. ebony, rudimentary, and 

vestigial genes). Alternatively, to further assess the HDR approach in vitro, drug selection markers 

such as zeocin™ could be integrated to select for stable transgenic lines (359). As the HDR plasmids 

are non-replicative within insect cells these lines would eventually degrade the plasmid DNA 

reducing the risk of false positives due to heteroduplexes forming.  

Unexpectedly, the negative controls for the in vitro CRISPR-Cas9 HDR transfections presented 

positive alleles for integration. The cells treated without chemotransfection reagents showed 

transfection efficiencies at similar rates to those with reagents (estimated by counting cells during 

microscopy). This is most likely due to heteroduplexes forming in the PCR reaction between the HDR 

constructs and wild-type DNA as described above. However, to provide an alternative theory, 

transient transfection has been observed in mammalian cells following nutrient shock (360). In this 

context, the lack of serum and high plasmid concentrations could have damaged cell membranes, up 

taking plasmids and recovering once serum rich media was returned. Alternatively, the poly-D-lysine 
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or polyethyleneimine coating the culture flasks is known to induce transfections in mammalian and 

insect cells (361–363). The cell line is also heterogenous with the possibility of certain cell types 

showing higher transfection efficiencies (Section 2. 4.). It is possible that both the nutrient shock and 

adherence chemicals made certain cell types more susceptible to transfections.   

A further unexpected result was positive alleles for the cell transfected without Llon1-pDCC6 

plasmids. Once again, this is most likely due to the formation of heteroduplexes within the PCR 

reaction. However, HDR is a mechanism used to repair genomic DNA with complimentary DNA found 

in cells. Usually the break from CRISPR-Cas9 NHEJ causes an increase in HDR if a complimentary 

piece of DNA is present. It has been reported, that genetic modification can occur at low rates in the 

presence of DNA cassettes with HAs (364). Long length HAs (700-1000bp) can cause high efficiency 

insertions especially with older transgenic techniques such as TALEN/ZFNs (365). These long HAs 

could facilitate integration without CRISPR-Cas9 NHEJ elements, which should increase HDR greatly 

and reduce the need for long HAs (366). To overcome concerns that the pDCC6 plasmids were not 

functioning as intended, amplification of the gRNA regions and molecular mutation validation was 

assessed (Sections 3. 2. 4. 4., 3. 2. 4. 5., 3. 2. 4. 6., 3. 2. 4. 7.). Although Sanger sequencing and ADA 

showed no cleavage, they are prone to the errors mentioned in section 3. 4. 1. Outputs from the 

T7EI assay demonstrated cleavage for the HSC and 5’ gRNA (Figure 31), providing evidence for the 

successful expression of pDCC6 elements at a low rate (1.85-5.75%). To increase HDR efficiencies, 

future work would focus on reducing the length of the HAs to increase the dependency on the 

CRISPR-Cas9 NHEJ cleavage.  

Previous research into optimising HDR efficiencies suggested that a multiplexed gRNA approach 

would increase integration efficiencies (366,367). To maximise our chances with successful 

integration we utilised a two-gRNA approach targeting the scarlet gene’s UTRs, alongside a single 

central gRNA approach. Following transfections, microscopy could not easily identify if one 

methodology led to a higher number of cells expressing DsRed-Express. We had intended to use flow 

cytometry data to infer which methodology produced increased transfection rates. Unfortunately, as 

mentioned above, this service was not available when transfections occurred. The similar levels of 

expression might be due to transient expression of the plasmid in both cases rather than genome 

integration which still needs to be confirmed by inverse PCR and sequencing. Due to this it was 

decided to assess the HDR approaches in vivo instead.  

In vivo assessment of HDR transfections did not demonstrate DsRed-Express expression or genetic 

integration. It is likely that the limitations outlined in section 3. 4. 1. also applied to the HDR 

approaches. However, amplification via PCR should have yielded more obvious results due to its 
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increased sensitivity. Adult survivorship numbers were low, and this limited potential back crossing. 

We were also limited by time and resources at Charles Univeristy, which meant that only a few 

rounds of HDR plasmid injections could occur and only the HUTR approach was attempted. Previous 

research into insect transfections of CRISPR-Cas9 HDR have microinjected thousands of embryos and 

not seen expression till G1 to G3 (137,297). Further collaborations with Prof. Petr Volf’s team would 

focus on repeating the HUTR microinjections as well as the HSC plasmids. A P. papatasi targeting 

HDR construct based on ebony gRNA 3 was also constructed but not microinjected due to logistical 

constraints. One further pathway that was considered was the integration of a gene-drive elements 

integrated into the genome via piggyBac constructs. This approach has been very successful in Aedes 

mosquitoes and removes the need for complex HDR approaches (168,291).  

In summary, we provide evidence of genome modifications within phlebotomine sand flies via 

CRISPR-Cas9 NHEJ and HDR approaches. With further development this approach could form a 

platform for the future vector control of leishmaniasis. It also furthers the adaption of CRISPR-Cas9 

approaches to non-model insects contributing practical knowledge to the whole molecular 

entomology field.  
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4. 1. Introduction  

An increase in insecticide resistance and limited resources for vector control of Chagas disease has 

resulted in the need for novel approaches to triatomine bug control (38,368,369). To my knowledge, 

no previous research has reported the genetic modification of triatomine bugs. This is potentially 

due to the lack of available methods for the delivery of genome engineering elements (302). This 

limits the capacity for research into vector-parasite interactions and novel vector control strategies. 

This chapter describes a novel methodology for delivering transfection macromolecules to R. 

prolixus bugs. 

4. 1. 1. Delivery of transfection agents to Hemiptera via microinjection 

The genetic modification of insects for population control could revolutionise the way we prevent 

crop destruction, habitat loss and disease transmission (355,370,371).  Approaches such CRISPR-

Cas9 or RNAi have become vital tools for targeting specific genes, allowing researchers to produce 

detailed gene function assessments. This can be applied to control efforts reducing populations by 

interfering with reproductive fitness (157,355). Alternatively, by understanding the functions of 

genes involved in disease pathways or sensory cues these can be interrupted on a population scale, 

reducing disease transmission (85,141,372–375). Whilst these approaches have been well studied in 

multiple insect orders, there is a lack of research into the genetic modification of Hemiptera. One 

theory for this is the difficulty in delivering genetic modification elements to preblastodermal 

embryos (302). Therefore, the identification and validation of transfection element delivery methods 

is vital to the control of insects.  

Microinjection of recently laid embryos is the most widely used approach for delivering transfection 

elements in insect orders such as Diptera and Lepidoptera (298,300,310,311,318). These elements 

could include double-stranded RNA for RNAi or Cas9 endonucleases and transcribed gRNAs or DNA 

constructs for CRISPR-Cas9 (79,376).  When adapting microinjection methodologies to Hemiptera, 

multiple alterations are needed to overcome the oviposition surface, egg size and chorion thickness 

(302). Alterations are required as hemipteran insects are often magnitudes larger in size than 

Diptera (such as mosquitos) and lay eggs attached to surfaces or with chorions that are more robust 

than those of most dipterans. In the glassy-winged sharpshooter (Homalodisca vitripennis), CRISPR-

Cas9 macromolecules were microinjected through leaf epidermis as to not damage embryos by 

removing them from leaves (300). To remove leaves from the oviposition process, the Western 

tarnished plant bug (Lygus Hesperus) were induced to oviposit on parafilm which could be stretched 

to gently dislodge embryos post microinjection (377). Some hemipterans have large eggs which are 
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more easily microinjected, however, microinjection of small eggs (<0.3mm) can be damaged by the 

needle or injection mixture. To increase viability and transfection efficiencies in these smaller 

embryos, finer microinjection needles must be pulled and used in more controlled microinjectors 

such as those with robotic arms (378). Chorion thickness can be a major limitation to microinjection, 

with some insect embryos damaged by chorion shards or fracturing microinjection needles before 

the injection reaches the pole cells. To overcome this, European firebug (Pyrrhocoris apterus) 

embryos were soaked in water prior to microinjection (138). As outlined above with appropriate 

adaptations, microinjection into the embryos of insects can become a viable and highly efficient 

method of delivering genetic elements.  

A less commonly used alternative to embryo microinjections is the direct injection of transfection 

components into the ovaries of adult insects. This reduces the trauma to the embryo caused by 

chorion fractures, injection solution pressure and secondary infections. Ovary injections of RNAi and 

CRISPR-Cas9 components have been validated in a number of insect species including the silverleaf 

whitefly (Bemisia tabaci), German cockroach (Blattella germanica), deer tick (Ixodes scapularis), 

kissing bug (Rhodnius prolixus), red spider mite (Tetranychus urticae) and red fluor beetle (Tribolium 

castaneum) (379–384). The advantage of this is especially important in T. urticae embryos, which 

have a diameter of ~100µm. To aid inclusion in developing embryos, transfection macromolecules 

can be packaged by Receptor-Mediated Ovary Transduction of Cargo (ReMOT) (385). ReMOT 

functions by attaching CRISPR-Cas9 ribonucleoproteins (RNPs) to peptides which are incorporated 

into insect oocytes, which facilitates migration of the RNPs from the insect haemolymph to the 

ovaries. This approach has since been successfully adapted to multiple insect orders including 

Hemiptera (380,385). The ReMOT system is limited to the delivery of CRISPR-Cas9 RNPs and 

therefore cannot deliver the DNA cassettes required for homology-directed repair (HDR) approaches 

(386). RNAi injections into R. prolixus nymphs and adults, have been applied to screen potential 

phenotypic genes, which could be used for CRISPR-Cas9 studies in both adults and emergent nymphs 

(383). Vieira et al., was able to interrupt embryo development by injecting dsRNA targeting the 

RpATG6 gene (382). Both of these studies show that injections into R. prolixus bugs have the 

potential to deliver transfection agents to embryos.  

Microinjection has been shown as a versatile methodology for the application of genetic 

modifications in insects (298,300,310,311,318,379–381). However, the adaptations create further 

complications such as processing speed and reduced viability. With further research, less traumatic 

approaches could be developed for insect transgenics.  
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4. 1. 2. Delivery of transfection agents to insects via non-microinjection methodologies 

Whilst microinjection of embryos is the most common delivery method of transfection elements in 

insects, other methodologies have been assessed. These include biolistic delivery, 

chemotransfection, electroporation, and ingestion (304–306,387–389).  

Biolistic delivery has been used for decades to deliver DNA constructs to in vitro cell lines and tissue 

sections such as plant leaves (390,391). The technique coats gold microparticles in packaged 

DNA/RNA, which is propelled at high speeds into cells/tissue using pressurised helium gas (390). 

Biolistic delivery has been adapted to embryo transfections of multiple insect species including the 

silk moth (Bombyx mori) and fruit fly (Drosophila melanogaster) (303,304,392). Typically, embryos 

were aligned vertically on agar and dsRNA was delivered into embryos at a fairly high throughput 

rate compared to microinjection (~200 embryos transfected with each bombardment). However, 

due to the random nature of particle dispersal and variance in quality of microparticle coating, 

discrepancies between samples were often recorded (305). This technique was initially assessed in 

insects before microinjection became widely available and standardised. More recent developments 

in plant biolistics, including more accurate ejection barrels, could standardise this technique making 

it a viable approach for large scale insect transfections (393). 

Electroporation has been assessed as a possible delivery method of transfection elements in both 

embryos and developed larvae (Section 2. 1. 3.). This technique had limited results when applied to 

delivering DNA constructs from a solution, generally exhibiting low expression of transient plasmids 

(305). Further refinement of this technique has been applied to Asian blue tick (Rhipicephalus 

microplus) embryos to deliver RNAi macromolecules showing a ~50% efficiency with ~25% reduced 

embryonic viability (306). This is important as the small size of tick eggs (~500µm diameter) makes 

them difficult to microinject. Electroporation following microinjection of transfection agents has also 

been shown to dramatically increase the efficiency of DNA/RNA delivery to cells (387,394,395). This 

post injection technique has been applied to multiple insect species (Asian malaria mosquito 

Anopheles sinensis, B. mori, Asian swallowtail Papilio xuthus and T. castaneum) with expression 

levels up to ~76% higher than standard microinjection and ~5% viability reduction (387,394,395).  

The ingestion of transgenic elements has resulted in the loss of gene function via RNAi in multiple 

insect species (396–399). There are two ingestion approaches currently utilised, the feeding of 

transcribed dsRNAs or the feeding of microorganisms that express dsRNA. Both approaches have 

been assessed as a possible pest control methodology. Although, one theory for its success as a pest 

control method is due to an increase in RNases and gut microbiota following dsRNA ingestion (397).  
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For direct dsRNA feeding, loss of function in essential genes (e.g. Fak, Snf7, Mad1, Srp54k, Actin, 

Snap, and Shihas) been recorded in the sweet potato weevil (Cylas puncticollis) and willow leaf 

beetle (Plagiodera versicolora) (396,397). Expression of dsRNA within microorganisms such as E. coli 

and Saccharomyces cerevisiae, can increase efficiency of RNAi due to protection from RNAases and 

continued expression within insect organs (398,399). The microorganism delivery method has been 

validated as a pest control method in multiple insects such as emerald ash borer (Agrilus 

planipennis) and spotted wing Drosophila (Drosophila suzukii), as well as being adapted for high-

throughput gene screening in R. prolixus (388,398,399). In R. prolixus, the expression of egg 

development genes was successfully limited, resulting in a reduction to oviposition rates by 84% 

(388). Whilst these examples show future promise for RNAi, there is a need to establish ingestion as 

an approach as a means to deliver DNA constructs for use in genome engineering methodologies 

such as CRISPR-Cas9. 

Whilst chemotransfection is the most common delivery method for in vitro gene modifications 

(Section 2. 1. 3.), it is under-researched for delivery to in vivo embryos, with very limited current 

applications. Injecting EGFP expressing plasmids packaged by FlyFectIN™ into squinting bush brown 

butterfly (Bicyclus anynana) pupae increases transfection efficiencies by up to 30% over 

electroporation alone (400). To my knowledge no studies have attempted to transfect embryos by 

immersion in chemotransfection reagents, similar to in vitro protocols. This is potentially due to egg 

chorions preventing liquid from reaching the embryo. Most insect embryos require respiratory 

diffusion to ambient air from aeropiles (pores in the chorion for air intake) protected by hairs, ridges 

or wax to inhibit external liquid contact with the embryo surface (389,401). A study by Bomfim et al., 

focuses on exploiting these aeropiles on R. prolixus eggs (Figure 35B) to deliver potential insecticides 

(389). Ethanol was applied to strip the wax surrounding the aeropiles which enabled liquid 

insecticides to reach the embryonic membranes. There is an air cavity between the chorion and 

vitelline membrane (Figure 35C), which could be exploited to deliver chemotransfection reagents to 

the embryos. This was theorised by Bomfim et al., although to date no further research has 

attempted this approach. By adapting the delivery method discovered by Bomfim et al., we could 

create a rapid easy-to-use chemotransfection methodology to genetically modify triatomine bugs. 



129 
 

Figure 35. The egg structure of Rhodnius prolixus demonstrating a possible delivery route of transfection 
reagents to the embryo.  
Images A and B are field emission scanning electron micrographs of a Rhodnius prolixus egg (389). A) the whole 
egg structure. B) the aeropiles on the rim of the operculum. C) the egg structure focusing on the air cavity and 
embryonic membranes that delivery of macromolecules must pass for successful transfection.  

4. 1. 3. Aims 

To date, the genetic modification of triatomine bugs has not been achieved in published literature. A 

major barrier is the lack of delivery methods for transfection reagents. Here we aim to develop a 

delivery methodology capable of successfully transfecting Rhodnius prolixus embryos. To validate 

this methodology multiple objectives must be achieved; the delivery of transfection macromolecules 

to a developing embryo; assessment of viability following treatment; and the demonstration of 

successful delivery of DNA constructs capable of integrating exogenous DNA into the genome.  
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4. 2. Methods 

4. 2. 1. Rhodnius prolixus colony rearing 

The R. prolixus colony used in this study was maintained by me at the London School of Hygiene and 

Tropical Medicine (LSHTM, UK) with the assistance of Shahida Begum. This colony was derived from 

insects originating from Venezuela and maintained at the LSHTM since the late 1920s (402). 

The R. prolixus bugs were maintained in glass jars (H9.5 cm × D14 cm) with qualitative Whatman™ 

filter paper QL100 (Cytiva, USA) lining the base, and with folded filter paper running the vertical 

length of the jar to allow resting surfaces for the bugs. The colony is incubated at 26 °C ± 2 °C, at 70% 

relative humidity with a 12h light: 12h dark cycle. Bugs are fed every 4–6 weeks on defibrinated 

horse blood (TCS Microbiology, Buckingham, UK) using a Hemotek® membrane feeding system with 

5ml reservoirs (Hemotek Ltd., Blackburn, UK).  

4. 2. 2.  Ethanol-chemotransfection methodology validation via Hoechst 33342 

To assess the ethanol wax stripping methodology, embryos were stained with Hoechst 33342 DNA 

stain following the stripping of hydrophobic wax by ethanol. Embryos were collected ~96 hours post 

oviposition from the R. prolixus colony and placed in a 1.5ml microcentrifuge tube (max 40 per 

reaction). To remove the wax, 200µl of 95% ethanol was added to the tube and embryos are 

incubated at room temperature for 5 minutes. The ethanol was removed, and embryos were air 

dried on sterile filter paper for 1 minute. The embryos were placed in a new tube and coated with 

200µl of Hoechst 33342 diluted in phosphate-buffered saline (PBS) at a final concentration of 

20µg/ml. These were incubated at room temperature for 5 minutes then the solution was removed. 

The embryos were washed with PBS three times before being air dried on filter paper. The embryos 

were incubated at room temperature in a 9cm petri dish containing a sterile saline wipe for 1 hour. 

Following incubation, the embryos were then prepared for imaging following the methods described 

in Section 4. 2. 5. excluding the Hoechst 33342 staining step.  

As a control, embryos were treated in the Hoechst solution for 5 minutes without wax stripping via 

ethanol then washed 3 times in PBS and prepared following the methods in Section 4. 2. 5. 
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4. 2. 3. Click-iT™ Plus EdU Kit for plasmid DNA  

The Click-iT™ Plus EdU Imaging Kit (ThermoFisher, USA) is a commercial product for evaluating the 

replication of DNA in cell samples. It does this by incorporating EdU into replicating DNA, replacing 

the thymine bases. EdU contains an alkyne that can bind covalently to a picolyl azide attached to a 

fluorescent tag. This allows for DNA to be tagged after fixation and imaged using fluorescent 

microscopy. By incorporating EdU into a DNA plasmid replicating within E. coli, we can later tag this 

plasmid (with fluorescent probes) within a fixed embryo to confirm delivery to cells.  

The Click-iT™ Plus EdU Alexa Fluor™ 594 Imaging kit (ThermoFisher, USA) was used to incorporate 

EdU into plasmid DNA. The EdU solution was added to E. coli replicating the ihyPBase plasmid (277), 

following the manufacturers protocol for cells. After EdU incorporation and replication, ihyPBase 

plasmids were purified using a Monarch® Plasmid Miniprep Kit (New England Biolabs, USA). Purified 

plasmids were then transfected into R. prolixus embryos 24 hours post oviposition using the Nucleic 

Acid Squaramide Carriers (NASC) based ethanol-chemotransfection (EC) methodology (Section 4. 2. 

4. 1.). After 72 hours of incubation, transfected embryos were dissected and fixed in 

paraformaldehyde (PFA) as described in Section 4. 2. 5. Fixed embryos were tagged with Alexa 

Fluor™ 594 (red) following the Click-iT Plus EdU Imaging Kit protocol, excluding any steps that 

required pelleting cells. The embryos were then imaged following standard protocols (Section 4. 2. 

6.).  

4. 2. 4. Chemotransfection methodologies for Rhodnius prolixus embryos 

An adapted protocol based on the Bomfim et al. method was assessed to deliver DNA constructs to 

R. prolixus embryos (389). Briefly, this protocol hereon referred to as ethanol-chemotransfection 

(EC), uses ethanol to wash away the hydrophobic wax surrounding aeropiles on the operculum rim. 

Once the wax was cleared, liquid was able to enter the cavity between the chorion and vitelline 

membrane (Figure 35C). Using chemotransfection reagents packaged DNA constructs can pass 

through the vitelline and plasma membranes to reach embryonic cells. Multiple approaches were 

taken to validate this transfection approach. 

4. 2. 4. 1. Ethanol-chemotransfection via Nucleic Acid Squaramide Carriers 

Nucleic acid squaramide carriers (NASC) are a novel chemotransfection reagent designed and 

assessed by Asst. Prof. Francisco Olmo (LSHTM, UK). NASC use polarity to deliver packaged DNA or 

proteins into cells. Transfection efficiencies in mammalian cells have been shown to be up to 10-fold 
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higher than electroporation with reduced toxicity (unpublished data, Olmo et al.,). This method was 

used for the Click-iT™ Plus EdU method as well as viability assays post EC (Section 4. 3. 2. & 4. 3. 3.). 

The protocol is as follows, embryos 1-4 hours post oviposition were collected from the R. prolixus 

colony and placed in a 1.5ml microcentrifuge tube (max of 40 per reaction). To remove the wax, 

200µl of 95% ethanol was added to the tube and embryos were incubated at room temperature for 

5 minutes. The ethanol was removed, and embryos were air dried on sterile filter paper for 1 minute 

(NASC can be damaged by ethanol). The embryos were placed in a new tube and immersed in 200µl 

of a solution containing 1µg of plasmid DNA packaged by NASC in serum free RPMI media at a 

concentration of 160 µM. The embryos were incubated at room temperature for 5 minutes then the 

solution was removed. Embryos were then gently pressed into the surface of putty adhesive in a 

9cm petri dish containing a sterile saline wipe for humidity. The dish was incubated under normal 

colony conditions (Section 4. 2. 1.) for 72 hours before being prepared for embryo imaging (Section 

4. 2. 5.) or until nymphs emerge (9-14 days).  

4. 2. 4. 2. Ethanol-chemotransfection via Cellfectin® II 

For the transfection of embryos with DNA constructs, Cellfectin® II (Invitrogen, USA) was used as a 

chemotransfection reagent in the EC methodology. Cellfectin® II is a cationic lipid based 

chemotransfection reagent which has been commercially optimised for insect cell lines such as Sf9 

and High Five™ cells.  

Cellfectin® II transfection mixtures were produced as follows: 3µl of Cellfectin® II reagent was diluted 

in 100µl of RPMI media and incubated at room temperature for 15-30 minutes. Whilst in tandem, a 

solution of 1µg of plasmid DNA and 2µl of PLUS™ reagent in 100µl of RPMI medium was incubated at 

room temperature for 5 minutes. The two solutions were combined and incubated at room 

temperature for 5-15 minutes. Whilst the packaging reaction was occurring, embryos 1-4 hours post 

oviposition were collected from the R. prolixus colony and placed in a 1.5ml microcentrifuge tube 

(max of 40 per reaction). To remove the wax, 200µl of 95% ethanol was added to the tube and 

embryos were incubated at room temperature for 5 minutes. The ethanol was removed, and 

embryos were air dried on sterile filter paper for 1 minute. The embryos were placed in a new tube 

and coated with 200µl of plasmids packaged by Cellfectin® II. These were incubated at room 

temperature for 5 minutes then the solution was removed. Embryos were then gently pressed into 

the surface of putty adhesive in a 9cm petri dish containing a sterile saline wipe for humidity. The 

dish was incubated under normal colony conditions (Section 4. 2. 1.) for 72 hours before being 

prepared for embryo imaging (Section 4. 2. 5.) or until nymphs emerged (9-14 days).  
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4. 2. 4. 3. Ethanol-chemotransfection via FlyFectIN™ 

For the transfection of embryos with DNA constructs, FlyFectIN™ (OZ Biosciences, France) was used 

as a chemotransfection reagent in the EC methodology. FlyFectIN™ is a catatonic lipid and polymer 

based chemotransfection reagent which acts by exploiting endosomal escape methodologies. It has 

been commercially optimised within multiple insect cell lines such as Bm5, High Five™, S2 and Sf9. 

FlyFectIN™ transfection mixtures were produced as follows; 2µl of FlyFectIN™ reagent was diluted in 

100µl of RPMI medium and incubated at room temperature for 5 minutes. Whilst in tandem, a 

solution of 1µg of plasmid DNA in 100µl of RPMI medium was incubated at room temperature for 5 

minutes. The two solutions were combined and incubated at room temperature for a further 15-30 

minutes. Whilst the packaging reaction was occurring, embryos 1-4 hours post oviposition were 

collected from the R. prolixus colony and placed in a 1.5ml microcentrifuge tube (max of 40 per 

reaction). To remove the wax, 200µl of 95% ethanol was added to the tube and embryos were 

incubated at room temperature for 5 minutes. The ethanol was removed, and embryos were air 

dried on sterile filter paper for 1 minute. The embryos were placed in a new tube and coated with 

200µl of plasmids packaged by FlyFectIN™. These were incubated at room temperature for 5 

minutes then the solution was removed. Embryos were then gently pressed into the surface of putty 

adhesive in a 9cm petri dish containing a sterile saline wipe for humidity. The dish was incubated 

under normal colony conditions (Section 4. 2. 1.) for 72 hours before being prepared for embryo 

imaging (Section 4. 2. 5.) or until nymphs emerged (9-14 days).  

4. 2. 5. Preparation of Rhodnius prolixus embryos for imaging 

Following treatment, embryos were prepared for imaging by fluorescence microscopy. As the 

chorion is highly auto-fluorescent in multiple wavelengths of light, chorions were removed from the 

embryo via dissection. 

The dissection methodology for a R. prolixus embryos was performed as follows (Figure 36). Using a 

cyanoacrylate adhesive, the embryos were attached to a glass microscope slide. Once the adhesive 

had dried the embryos were covered with a few drops of sterile PBS (Figure 36A). Using a 10A 

Surgical scalpel blade (Swann-Morton, UK) the operculum of the embryo was removed and 

discarded (Figure 36B). Both vertical sides of the chorion were then cut making sure to avoid cutting 

the vitelline membrane and leaving a small section of chorion attached at the posterior pole (Figure 

36C). The upper half of the chorion was then gently lifted back using the scalpel blade and severed at 

the posterior pole (Figure 36D). The embryo was removed using a pipette fitted with a wide-bore 

1mL pipette tip and placed into a 1.5mL microcentrifuge tube (Figure 36E). For fixation, the PBS 
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surrounding the embryo was replaced with a 4% PFA solution and incubated at room temperature 

for 30 minutes. For transfection experiments, the PFA was then removed and replaced with a 

solution of Hoechst 33342 diluted in PBS at a final concentration of 20µg/mL and incubated for 1 

hour at room temperature. The Hoechst solution was then removed and replaced with PBS. The 

embryos were then stored in complete darkness at 4°C until microscopy was performed.   

 

Figure 36. Methodology for dissection of a Rhodnius prolixus embryo.  
A) an embryo is glued to a glass microscope slide and covered in a drop of PBS. B) the operculum is removed 
by scalpel blade. C) both sides of the chorion are cut making sure not to cut the vitelline membrane and 
leaving a small section at the posterior pole uncut. D) the upper half of the chorion is folded back to reveal the 
embryo. E) the embryo is gently removed by a wide-bore 1ml pipette tip and placed into 4% PFA for further 
processing. 

4. 2. 6. Fluorescent imaging of Rhodnius prolixus embryos 

Following fixation and staining, embryos were placed into an uncoated µ-Dish glass coverslip imaging 

dish (Ibidi, Germany), and 2mL of PBS applied. The embryos were imaged on either a Nikon Eclipse 

Ti2 inverted fluorescent microscope (Nikon, Japan) or a Zeiss LSM880 with Airyscan (Zeiss, 

Germany). Images were captured and processed using the NIS-Elements software (Nikon, Japan) or 

Zen microscopy software (Zeiss, Germany). Emission wavelengths for fluorescent molecules were 

460nm for blue, 530nm for green and 600nm for red. 
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4. 3. Results 

4. 3. 1. Assessment of wax stripping methodology 

To assess the potential of the ethanol-chemotransfection method, we first attempted to 

demonstrate that the stripping of wax with ethanol facilitates the absorption of chemicals into the 

embryo. An experiment performed by Bomfim et al., was adapted to treat embryos with Hoechst 

33342 diluted in PBS (389). This was to mimic the solutions used for chemotransfection reagents in 

future experiments and infer our ability to deliver DNA constructs to embryonic cells.  

Figure 37. Validation of the wax stripping ethanol methodology in R. prolixus embryos.  
A) a wild-type embryo; B) an embryo immersed in Hoechst 33342 stain in PBS without wax stripping; C) an 
embryo treated with ethanol for 5 minutes then immersed in Hoechst diluted in PBS. The embryos were 
imaged on a Nikon Eclipse Ti2 inverted fluorescent microscope at a magnification of 40x. The micrographs only 
show blue light exciting the Hoechst 33342 stain at 455nm. The scale bars represent 500µm. 

C 
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As seen in Figure 37, dewaxing with ethanol facilitates the delivery of Hoechst stain to the entire 

embryo (45 embryos treated with EC-Hoechst). The control embryos did not exhibit nuclear staining 

(25 embryos for each control). The artifact present in the wild-type embryo image (Figure 37A) is 

autofluorescence from a chorion piece remaining from the dissection. The experiment 

demonstrated that the removal of wax surrounding aeropiles is crucial for successful chemical 

solution delivery. This experiment was carried out on a single occasion to validate molecule delivery, 

which once achieved we progressed to validate chemotransfection of DNA constructs. 

4. 3. 2. Delivery of a Click-iT™ EdU tagged DNA construct  

As wax stripping facilitates the delivery of molecules to R. prolixus embryos, validation of DNA 

construct delivery was needed. We used the Click-iT™ Plus EdU Imaging Kit to tag transfected 

plasmid DNA following fixation of embryos allowing us to visualise successful delivery to embryonic 

cells.  

Figure 38. Rhodnius prolixus embryos transfected with a DNA construct via an ethanol-chemotransfection 
methodology.  
A) an embryo which was treated with ethanol and stained with Hoechst 33342 after fixation; B) a cluster of 
cells from an embryo treated with a GFP tagged NASC transfection reagent; C) two embryos transfected with a 
ihyPBase plasmid which was tagged and stained using a Click-iT™ Plus EdU Alexa Fluor™ 594 (red) kit 
(ThermoFisher, UK). All images were taken on a Zeiss LSM880 with Airyscan. Multiple light emission 
wavelengths were used, for blue light at 405nm, green light at 488nm, red light at 543nm. White scale bars 
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represent 100µm and the red scale bar represents 10µm. A) and C) were imaged at a magnification of 100x. B) 
was imaged at a magnification of 630x. 

Following transfection and embryo fixation (Sections 4. 2. 4. 1. And 4. 2. 5.) plasmid DNA was tagged 

with Alexa Fluor™ 594 which is visible as red light excitation during fluorescent microscopy. DNA 

constructs were successfully delivered to developed R. prolixus embryos (20 embryos per 

treatment). Fluorescent microscopy confirmed ubiquitous uptake of DNA constructs to the 

developed embryos (Figure 38C). GFP tagged NASC were also delivered without a packaged plasmid 

and demonstrated high binding efficiencies with cell membranes providing evidence of their ability 

to deliver packaged DNA (Figure 38B). 

We delivered the ihyPBase plasmid to cells using a novel chemotransfection reagent known as NASC 

(Figure 38C). This chemotransfection reagent is currently being assessed by Asst. Prof. Francisco 

Olmo (LSHTM, UK) in several organisms (unpublished data from Asst. Prof. Francisco Olmo). We 

delivered the ihyPBase plasmid as it was known to not reduce viability in other insect species 

(Section 2. 3. 2.) and expressed no fluorescent markers (Section 2. 2. 2.).  

The successful delivery of DNA demonstrated here formed the basis of the EC methodology that we 

would carry forward for further optimisation with alternative chemotransfection reagents (Section 4. 

3. 4.) following a viability assay (Section 4. 3. 3.). Therefore this experiment was carried out on a 

single occasion to validate DNA construct delivery, which once achieved we progressed to 

survivability experiments  

4. 3. 3. Viability assays of ethanol-chemotransfection methodology 

Following successful delivery of plasmid DNA, potential toxicity was assessed by a viability assay 

under multiple treatment conditions recording emergence from embryos. The conditions used were 

untreated embryos, wax stripping with ethanol immersion for 5 minutes (Ethanol), the NASC-based 

EC methodology without a plasmid (NASC), and NASC-EC transfecting embryos with the piggyBac 

based pHome-T and ihyPBase plasmids in combination (pHome-T). pHome-T transfections were 

carried out over fifteen rounds due to availability of eggs. At least one untreated control embryo was 

present for each of these experimental rounds.  

Ethanol treatment does not significantly reduce viability of embryos (Table 9). treatment with the 

NASC reagent appeared to increase viability in embryo by 30%. EC with the pHome-T plasmid 

appeared to reduce the viability of embryos by 40-70%. A low embryo numbers were used in this 

experiment, however, further transfection experiments showed similar results (Section 5. 3. 3.). 
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Emerged pHome-T transfected nymphs were screened for the presence of fluorescence, none was 

observed. 

Table 9. Survivorship following the ethanol-chemotransfection methodology in R. prolixus embryos. 

Treatment 
No. of embryos 

treated 
No. of hatched 

nymphs 
Survivorship rate 

Untreated 28 17 60.7% 

Ethanol  30 18 60.0% 

NASC 43 39 90.7% 

pHome-T 246 51 20.7% 

4. 3. 4. Chemotransfection of GFP expressing DNA constructs 

To further confirm the EC methodology, transfection of plasmids containing fluorescent expression 

markers (GFP) was performed. Ac5-STABLE1-neo (addgene #32425) is a transient expressing plasmid 

using the Actin5c promoter for eGFP expression (278). Ubiq-Cas9.874W (addgene #112686) is a 

piggyBac based plasmid for genomic integration of a cassette at semi-random location which 

expresses GFP under the ubiquitous Ubi-63E promoter (183). The ihyPBase plasmid which expresses 

a hyperactive helper transposase, was transfected with the Ubiq-Cas9.874W to facilitate integration 

of the expression cassette into the genome. Due to the potential toxicity of plasmid DNA seen in the 

survivorship assessment (Table 9), we decided to dissect and image embryos 72 hours post 

transfection. 

Figure 39. Rhodnius prolixus embryos transfected with transient and integrative plasmids.  
A) an untreated embryo. B) an embryo transfected with Ac5-STABLE1-neo (addgene #32425) expressing GFP. 
C) an embryo transfected with Ubiq-Cas9.874W (addgene #112686) and an ihyPBase helper plasmid expressing 
GFP. A) and B) were imaged at 40x magnification. C) was imaged at 200x. Emission wavelengths of 460nm 
(blue) and 530nm (green) were used to capture these images. All micrographs were taken on a Nikon Eclipse 
Ti2 inverted fluorescent microscope. Scale bars with a white colour represent 100µm and yellow scale bars 
represent 500µm. 

Expression of GFP was observed for both the transient Ac5-STABLE1-neo plasmid (Figure 39B) and 

the integrative Ubiq-Cas9.874W (Figure 39C). For this experiment two further chemotransfection 
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reagents were also validated. For the Ac5-STABLE1-neo, Cellfectin® II was used (Section 4. 2. 4. 2.), 

and FlyFectIN™ was used for the Ubiq-Cas9.874W transfections (Section 4. 2. 4. 3.). These results, 

validate the EC methodology for transfection of plasmid DNA to R. prolixus embryos. To my 

knowledge this is the first recorded evidence of a transfection within triatomine bugs with plasmid 

DNA. The expression of GFP in the Ubiq-Cas9.874W transfected embryos does not confirm genome 

integration as transient expression could be occurring. To validate integration into the genome 

sequencing confirmation via inverse PCR could be attempted (355,357,358). The EC technique 

overcomes an important barrier for the delivery of gene editing constructs to triatomine bugs. 

4. 4. Discussion 

In this chapter we demonstrate a novel transfection methodology for R. prolixus embryos with 

successful delivery and expression of DNA constructs. In comparison with microinjection approaches 

this methodology is easy-to-use, rapid, and has comparable survivorship rates. The results here 

provide the basis for future genetic modification research in triatomine bugs. 

Initial validations with Hoechst 33342, provided evidence of chemical delivery to embryos past the 

vitelline and plasma membranes. We showed uniform ubiquitous fluorescence following delivery, 

however, Bomfim et al., showed an increase in delivery when Hoechst was diluted in ethanol (389). 

We diluted Hoechst in PBS to mimic the delivery methods required for NASC chemotransfection 

reagent which is degraded in ethanol. Other chemotransfection reagents such as Lipofectamine™ 

are not damaged in the presence of ethanol (403). Delivery of packaged plasmids in ethanol would 

reduce the time taken to transfect embryos and reduce damage done by manual handling during 

washing stages. The toxicity of ethanol appears to be minimal as the viability of ethanol control 

embryos was not significantly reduced from the non-treated controls (Table 9). Given more time and 

resources, we would conduct assessments on multiple chemotransfection reagents (such as 

Cellfectin® II, FlyFectIN™, Lipofectamine™ 3000) in the absence and presence of ethanol to compare 

both transfection efficiencies and viability.  

We achieved successful transfection with multiple chemotransfection reagents. This validates the EC 

approach is an effective alternative to microinjection. The use of multiple chemotransfection 

reagents was due to the varied structure of NASC. As NASC are currently in development, their 

structure changed multiple times throughout the course of this research. With each structural 

change the NASC became more efficient and less toxic in standardised cell lines (BSR T7/5 cells, 

HEK293 cells, and T. cruzi CL-Luc:Neon parasites). However, older structures were discontinued and 

unavailable for us to use for repeating experiments. We had concerns that early experiments may 
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not be comparable to later NASC transfections. Therefore, for the purpose of this chapter the only 

NASC results presented were those performed with a single compound structure early on in its 

development. We subsequently utilised commercial compounds (Cellfectin® II and FlyFectIN™) with 

stable structures for plasmid transfections. These reagents previously demonstrated reduced 

transfection efficiencies compared to NASC in vitro with mammalian and parasite lines (unpublished 

data, Olmo et al.,). Once NASC are commercially released, they could be assessed for transfection 

efficiencies with the EC methodology.  

EC with all transfection reagents was shown to deliver DNA constructs to whole embryos at both 

preblastodermal and developed stages. This is key to successful integration of mutations in early 

cells as partial delivery can cause mosaic mutations to form in G0 progeny (136). Research using 

microinjection (primarily in mosquitos) shows the expression of inherited traits often occurs in G1 

and onwards (201,291). This is due to the successful delivery of traits to germ cells in G0, which will 

integrate the mutation into at least one chromosome of every G1 cell. If the inherited trait is 

dominant or homozygous then presentation of the phenotype will occur in all cells. R. prolixus are 

slow to develop, taking 5-6 months to reach adulthood. Backcrossing to achieve ubiquitous 

expression in G1, would be a lengthy and resource consuming process. Reducing mosaics would 

therefore reduce the time and resources needed to induce desired traits. In other insects, CRISPR-

Cas9 components are typically delivered by microinjection of solutions containing unpackaged 

DNA/RNA, this potentially reduces transfection efficiencies, increasing the chances of mosaic 

expression. The ubiquitous transfection seen across all chemotransfection reagents (Figures Figure 

38 and Figure 39) using EC, shows the potential of this method to reach early embryonic cells. This 

would hopefully increase the likelihood of integration into the germline and inherited mutations in 

G1. A time-course experiment could assess the chances of mosaics forming by dissecting and 

imaging embryos across multiple time points post transfection with an integrative fluorescent 

protein plasmid. High resolution imaging of single cells could allow us to estimate the percentage of 

cells expressing the integrated cassette and link this to the potential for mosaics in the G0 

populations. Quantitative PCR of the integrated DNA cassette would also provide a measurement of 

uptake within the embryos for comparison of transfection reagents but would not allow us to 

identify if the entire embryo was transfected. 

Viability of embryos was comparable or lower to that of microinjection in other insects. With 20.7% 

of nymphs hatching post plasmid transfection compared to <10% in some insects and 50-90% seen 

in model insects such as mosquitoes (136,223,300,318). The benefit of this method is its ease to use, 

low skill barrier and throughput speed. The EC method can transfect ~40 embryos in less than 30 



141 
 

minutes. This is in contrast to microinjection which requires the time consuming lining up of delicate 

unmelanised embryos on a slide and the level of skill needed to microinject embryos without causing 

significant mortality (152,319). Tradition microinjection is also not available to insect embryos such 

as triatomine bugs due to chorion thickness. The loss in viability when pHome-T was transfected 

could have multiple explanations. Firstly, endotoxins can be found in plasmid solutions following 

extraction from bacteria. These endotoxins are known to cause loss of viability during transfections 

of cell lines (404). No previous published research has assessed R. prolixus’ susceptibility to 

endotoxins. Secondly, the pHome-T plasmid is a piggyBac based construct which semi-randomly 

integrates into the genome of transfected cells. This integration could occur within essential genes 

causing developmental issues. Multiple transfected embryos were observed with delayed or altered 

development (Appendix 5), which could have reduced their viability. Finally, the insectaries used to 

rear triatomine bugs at the LSHTM do not have controlled humidity and have fluctuating 

temperature. Whilst efforts were made to keep a consistent temperature and humidity for all 

samples, spikes in temperature and dips in humidity often caused contamination or desiccation of 

embryos. This occurred more frequently in transfected embryos potentially due to the open 

aeropiles allowing contaminated water droplets or dry air to enter the embryo reducing their 

viability.  

In summary, this novel transfection methodology facilitates the genetic modification of triatomine 

bugs with a low resource intensive approach. The results in this chapter provide robust evidence of 

DNA construct delivery and transient expression in vivo. With further confirmation (inverse PCR or 

amplicon sequencing) piggyBac cassette integration could be validated. The EC methodology could 

easily be adapted to other genome engineering approaches such as CRISPR-Cas9, which is being 

utilised in other insect orders. This technique could become a vital tool in the understanding of 

vector-parasite interactions and the development and implementation of GM vector control 

strategies.
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5. Application of a CRISPR-Cas9 system to 

triatomine bugs (Rhodnius prolixus) 
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5. 1. Introduction  

Genome editing in insects has revolutionised the study of functional genomics, especially in 

understanding the role of genes implicated in the transmission of human disease. For triatomine 

bugs, the insect vectors of Chagas disease, several studies have focused on reducing expression of 

genes via RNAi (405–407,388,408,382,409–412). However, to my knowledge, no published literature 

has provided evidence of genome editing in triatomine bugs. The lack of tools for genetically 

modifying triatomine bugs limits potential research into their vector-parasite interactions as well as 

vector control methodologies. In this chapter we aim to address this gap in knowledge and apply our 

ethanol-chemotransfection methodology (Section 4. 2. 4.) to assess a CRISPR-Cas9 system in the 

triatomine bug, Rhodnius prolixus. 

5. 1. 1. CRISPR-Cas9 in Hemiptera insects 

Whilst multiple genetic modification (GM) techniques have been applied to insects, CRISPR-Cas9 

remains one of the most important, enabling targeted mutations and the insertion of exogenous 

DNA providing a desired inheritable trait (Section 1. 5.) CRISPR-Cas9 has been widely applied to 

Diptera, proving its utility in Drosophila and mosquitoes (genera including Anopheles, Aedes and 

Culex) particularly the development of novel insect control strategies for disease vectors 

(137,158,292,311,330,413). Briefly these strategies have been split into either population 

replacement or suppression. With replacement strategies focused on the integration of exogenous 

DNA and/or targeted loss of genes, which reduces their transmission capacity following population 

uptake (85,201). Population suppression techniques target genes relating to fecundity or mating 

behaviour (157,291,355). These strategies, whilst highly developed in dipteran model insects are far 

less common in hemipteran insects.  

As the morphology of hemipteran insects differs greatly from Diptera, the development of 

hemipteran CRISPR-Cas9 methodologies must undergo novel adaptations. Currently, multiple pilot 

studies have been carried out for the validation of the CRISPR-Cas9 system in hemipteran insects 

(302). Many hemipteran insects are agricultural pests, this has driven research towards the adoption 

of CRISPR-Cas9 systems for pest control. To my knowledge, CRISPR-Cas9 gene modifications have 

been achieved for nine hemipteran insects. These insects are the pea aphid (Acyrthosiphon pisum), 

silverleaf whitefly (Bemisia tabaci), brown stink bug (Euschistus heros), glassy-winged sharpshooter 

(Homalodisca vitripennis), western tarnished plant bug (Lygus Hesperus), brown planthopper 

(Nilaparvata lugens), large milkweed bug (Oncopeltus fasciatus), corn planthopper (Peregrinus 

maidis), and European firebug (Pyrrhocoris apterus) (138,300,318,377,380,414–417). These were 
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novel approaches in these insects, focusing on the validation of the CRISPR-Cas9 system by targeting 

phenotypic genes including cardinal, cinnabar, stylin-01, white, and yellow. Further studies have 

investigated biological pathways or potential pest control targets using CRISPR-Cas9 NHEJ. These 

include the loss of circadian rhythm genes such as pigment dispersing factor, which when lost caused 

P. apterus to display nocturnal behaviours due to alterations in photoperiod-dependent diapause 

induction (138,418). Xue et al., targeted the second paralogue of the insulin receptor gene in N. 

lugens, inducing reduced wing structures that would limit the insect’s ability to search for mates 

(419). Chen et al., observed the loss of a cysteine sulfinic acid decarboxylase gene in N. lugens 

caused reduced fecundity and a loss in viability of embryos (420). These N. lugens gene targets could 

be used for pest control if integrated into a population suppression system such as gene drives 

(Section 1. 5. 2.). With the development of precise gene editing techniques and further 

understanding of potential gene targets CRISPR-Cas9 can be utilised for the control of Hemipteran 

insects.  

5. 1. 2. Gene silencing in triatomine bugs 

Whilst the genetic modification of triatomine bugs has yet to be achieved in published literature, the 

silencing of genes to further understand their function has been used across multiple Reduviidae 

species. RNAi knockdown of genes has been the primary tool for the understanding of gene 

functions in Reduviidae. There are two main approaches; for the study of essential biological 

processes and for identifying potential phenotypic markers for gene editing studies. Genes 

previously silenced in R. prolixus could be targeted for the assessment of CRISPR-Cas9 

methodologies or towards the implementation of GM vector control strategies.  

Phenotypic genes are often targeted first for proof of principle methodology studies. Initially studies 

interested in embryo development of R. prolixus produced phenotypic mutations via RNAi silencing 

to gap genes. These include the giant gene, which resulted in a lack of gnathal segments and the 

shortening/fusing of the clypeus and labrum (406). Bugs showing strong giant phenotypes had their 

abdominal segments reduced (11 to 4) with the loss of limbs due to a lack of thoracic segments. The 

krüppel gene was also investigated, with silenced insects exhibiting a loss of thoracic segments, limbs 

and the fusing of abdominal segments 1-4 (421). As both of these genes are linked to embryonic 

development, mutations often produce non-viable nymphs due to difficulties emerging from their 

operculum. When attempting to assess the viability of GM techniques, it is important to create 

phenotypically distinct viable insects capable of producing offspring. This allows researchers the 

tracking of mutations across multiple generations. Pigmentation altering phenotypes were often 

favoured for their increased viability. When inhibited, the tyrosine hydrolase gene in the two-
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spotted assassin bug (Platymeris biguttatus) was able to induce a complete loss of melanisation in 

5th instar nymphs (422). Similar approaches have been assessed to target pigmentation in R. prolixus, 

Berni et al., targeted the aaNAT, cinnabar, ebony, scarlet, tan, white, and yellow genes (410). The 

cinnabar, scarlet and white genes produced eye phenotypes (Figure 40A) with scarlet being their 

marker of choice due to a single scarlet targeted insect exhibiting no pigment in the ommochromes. 

This study was able to induce cuticle tanning phenotypes (Figure 40B) with the aaNAT and yellow 

genes being chosen as their preferred targets. None of their preferred genes caused reduced fitness 

or fecundity making them ideal candidates for validation of genetic modifications.  

Figure 40. R. prolixus adults exhibiting loss of function in phenotypic genes following RNAi injections into 5th 
instar nymphs.  
A) loss of function in eye phenotypic genes. Ai) a wild-type adult. Aii) cinnabar. Aiii) scarlet. Aiv) white. B) loss 
of function in cuticle tanning genes. Bi) wild-type control. Bii) yellow. Biii) tan. Biv) aaNAT. Figure adapted from 
(410).  

Several genes with potential utility for GM vector control strategies have been identified in R. 

prolixus via RNAi. One of these is the nitrophorin 2 gene, which when lost, leads to a reduction in 

anticoagulant in the saliva, limiting their ability to feed, leading to malnutrition (405). A key olfactory 

odorant receptor co-receptor gene (RproOrco) was identified and silenced in R. prolixus, resulting in a 

significant reduction in host seeking behaviour (408). In targeting this gene for vector control, we 

could limit transmission by reducing contact with humans and with further investigation into 

olfactory genes we could potentially produce populations of insects favouring sylvatic hosts. Several 

studies have investigated the genes responsible for oogenesis and embryogenesis. Using RNAi 

approaches and previous research in Diptera, the genetic pathway of oogenesis and embryonic 

patterning in R. prolixus was investigated (411). A novel Bicaudal-D gene was discovered to be 

responsible for the development of the blastoderm post-oviposition.  The ovary ecdysone response 

genes were found to decrease the expression of vitellogenin when lost (412). This is an important 
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protein in the production of embryo chorions, leading to non-viable eggs. Both of these targets are 

candidates for population suppression systems as they do not reduce adult viability but reduce 

viable embryo production.  

These previously characterised genes give valuable targets for both the validation of a CRISPR-Cas9 

system and the potential of vector control strategies. In this chapter, we aim to use the prior 

hemipteran research as a basis to demonstrate phenotypes following CRISPR-Cas9 modifications 

within Rhodnius prolixus. 

5. 1. 3. Aims 

The genetic modification of triatomine bugs has not previously been achieved, limiting research into 

Chagas disease control. We aim to provide evidence of genetically modified Rhodnius prolixus 

insects via CRISPR-Cas9 methodologies to provide a platform for future research. To achieve this, 

genes would be successfully targeted by the CRISPR-Cas9 NHEJ approach and exogenous DNA will be 

inserted into their genomes via CRISPR-Cas9 HDR. Achieving this would provide a significant step for 

the developing of gene editing tools in triatomines for functional studies, such as investigating host 

vector interactions and Chagas disease transmission blocking targets.    
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5. 2. Methods 

5. 2. 1. Rhodnius prolixus genome assembly 

The R. prolixus genome assembly used to identify gene of interest in this chapter was hosted on 

VectorBase (320). The genome assembly versions used for this chapter were RproC3.3-5 (423). This 

assembly was sequenced by the Washington University School of Medicine Genome Sequencing 

Center (WUGSC, USA) using DNA isolated from the R. prolixus colony at the CDC (Atlanta, USA). 

Utilizing a whole-genome shotgun approach 454 reads were assembled using the CABOG assembler. 

The assembly is a total of 706.8Mb, with 47,726 contigs, 16,537 scaffolds, and 15,068 protein coding 

genes. ~20% (144Mb) of the assembly is known to be padding characters.   

5. 2. 2. Design and production of CRISPR-Cas9 DNA constructs 

5. 2. 2. 1. Rationalisation of gene targets 

Genes were screened for their ability to induce a phenotypic change. The rationalisation of which 

was based on previously published literature following loss of function in dipteran or hemipteran 

insects. The literature search methodology and orthologue identification followed a similar search 

pattern to section 3. 2. 1. 2. Target genes previously assessed in hemipteran insects were favoured 

over dipteran. Due to the slow development of R. prolixus (5-6 months) to adulthood, genes 

expressing wing phenotypes were not selected. Instead, genes likely to elicit a change in 1st instar 

nymphs were ranked highly. 

5. 2. 2. 2. Identification of gRNAs 

The identification of gRNAs follows the same methodology as section 3. 2. 1. 3. Initially the 

ChopChop webtool did not have an R. prolixus genome in their system. Therefore, we submitted the 

RproC3.3 genome assembly to the ChopChop team via their submission method. For the design of 

HDR constructs only the single central gRNA approach was used (Section 3. 2. 2. 2.). This meant that 

no gRNAs were designed using the UTR region setting on ChopChop. All other setting selected 

followed the same methods as outlined in section 3. 2. 1. 3. or Appendix 1 

5. 2. 2. 3. pDCC6 

Initial transfections of R. prolixus embryos were carried out with the bicistronic CRISPR-Cas9 plasmid 

pDCC6 (addgene #59985). These transfections targeted the white gene by incorporation of identified 

gRNAs (Section 5. 3. 1.) using the Golden Gate Assembly method (Section 3. 2. 2. 1.). Following 

transfection, a phenotypic change was visible, but genetic confirmation provided no evidence of 

mutations. Genetic confirmation was carried out on pooled populations, which could have diluted 
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positive results to non-traceable levels (Section 3. 4. 1.). Due to this and lack of mutations in sand fly 

cell lines (Section 3. 3. 1. 1.), it was theorised the D. melanogaster U6-2 promoter may be causing 

reduced expression of CRISPR RNPs. The U6 promoter was replaced with an endogenous R. prolixus 

promoter following methods found in section 3. 2. 2. 1. The sequence of the endogenous promoter 

can be seen in Figure 41. The primers used for the Gibson Assembly® kit can be found in Appendix 6. 

This new DNA construct was named Rpro-pDCC6. All further gRNAs used in HDR insertion were 

incorporated into the Rpro-pDCC6 construct using the Golden Gate Assembly method described in 

Section 3. 2. 2. 1.  

Figure 41. Sequences for the replacement of the D. melanogaster U6 promoter in pDCC6 with the 
endogenous promoter from R. prolixus.  
Gene IDs for locating the U6 gene are in brackets above the sequences. Green text highlights the pol III 
proximal sequence element A (PSEA), and the red text highlights the TATA box. 

5. 2. 2. 4. pDsRed-Ubi63e-attP 

The pDsRed-Ubi63e-attP construct was used for the expression of a donor DNA cassette required for 

CRISPR-Cas9 HDR editing of the R. prolixus genome. This construct was adapted from pDsRed-attP 

(addgene #51019) to incorporate a ubiquitin promoter for DsRed expression following the Gibson 

Assembly® methods outlined in section 3. 2. 2. 2. If successfully incorporated into the genome the 

DNA cassette will express DsRed-Express, a fluorescent marker visualised in red wavelengths of light.  

The HDR approach taken in this chapter utilised a single central gRNA from the target phenotypic 

gene. This approach utilizes the genomic sequence 800bp upstream and downstream of the gRNA 

sequence to design homology arms (HA). These were incorporated into pDsRed-Ubi63e-attP 

following the Gibson Assembly® protocols found in section 3. 2. 2. 2. (Figure 422A). When 

successfully transfected into R. prolixus embryos, the HAs will guide the cells to repair broken 

genomic DNA with the DNA cassette at the gRNA site (Figure 42B). 

>Dmel-U6-2 (FBgn0266758) 

GTTCGACTTGCAGCCTGAAATACGGCACGAGTAGGAAAAGCCGAGTCAAATGCCGAATGCAGAGTCTCATTACA

GCACAATCAACTCAAGAAAAACTCGACACTTTTTTACCATTTGCACTTAAATCCTTTTTTATTCGTTATGTATA

CTTTTTTTGGTCCCTAACCAAAACAAAACCAAACTCTCTTAGTCGTGCCTCTATATTTAAAACTATCAATTTAT

TATAGTCAATAAATCGAACTGTGTTTTCAACAAACGAACAATAGGACACTTTGATTCTAAAGGAAATTTTGAAA

ATCTTAAGCAGAGGGTTCTTAAGACCATTTGCCAATTCTTATAATTCTCAACTGCTCTTTCCTGATGTTGATCA

TTTATATAGGTATGTTTTCCTCAATACTTCGTTCTTGCTTCGGCAGAACATATACTAAAATTGGAACGATACAG

AGAAGATTAGCATGGC 

>Rpro1 (RPRC017522) 

GTTGTTCTTACTGTGGGAAAATCCATTGTGAAGTAAAAAGAAATCACTAACACTAGAACAGACGAGTGGAAAAG

TAGAAATGGCTGTTTCTGGGTAAACTCATTATCGTAACAAATGTGTTCTCCTTGAGAATTGGTTATTTTTTTTC

ATGGTCAAAACTAATGCAATGTTAGCTTAGTTTGAGATAACAACTTGAGAATCTGTAAGAATCAAATTTATTCA

TTTTGATACAGCAAGCTCTATAATTTAAATTTAATATTAGAATCTCTCACAAGTTTAGATTATTTATTTTTTTT

AATTATAATATCCCTAAATTTGCCAAAAAAAACAATAAAAAATATTATTTTACATTTTTGTGCCTAAAGATAAC

TATATAAGCCAGAAAAAATCTCTTCTAGCTGTACTCGCTTCGGCGGTACATATACTAAAATTGGAACGATACAG

AGAAGATTAGCATGGC 
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Figure 42. The design and methodologies utilized by the pDsRed-Ubi63E-attP plasmid for R. prolixus CRISPR-Cas9 HDR 
transfections.  
A) homology arms are amplified from the target gene’s coding sequence, surrounding a central gRNA. These homology 
arms are incorporated into the pDsRed-Ubi63E-attP plasmid forming the 5’/3’ ends of the HDR DNA cassette. B) the DNA 
cassette in pDsRed-Ubi63E-attP is integrated into the genome using the homology arms as a guide following a double 
strand break at the gRNA site. This divides the gene’s coding sequence, causing loss of function to the desired gene. 

5. 2. 3. Delivery of DNA constructs to R. prolixus embryos 

Delivery of DNA constructs to R. prolixus embryos was performed following the methods outlined in 

section 4. 2. 4. All embryos were treated between 1-4 hours post oviposition. The chemotransfection 

reagents used were CellFectin® II, FlyFectIN™, and NASC. Our sand fly in vitro transfections indicated 

that there was no significant difference in chemotransfection reagent efficiencies (Section 2. 3. 1.). 

The transfection reagent used was based on availability at the time. Details of which reagent and 

constructs were used for each experimental run can be found in the results tables Table 11 and Table 

12. 

Following transfection, eggs were initially mounted in putty adhesive in a 9cm petri dish containing a 

sterile saline wipe to maintain humidity. However, following multiple batches of treated embryos 

desiccating or becoming contaminated during incubation, the adhesive putty was replaced with a 

5cm petri dish within the 9cm petri dish for HDR based transfections (Section 5. 3. 3.).  
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5. 2. 4. Confirmation of CRISPR-Cas9 genome modification 

5. 2. 4. 1. Imaging of 1st instar nymphs 

Following transfection, emergent 1st instar nymphs were screened for loss of phenotypic genes 

under an Olympus SZ51 stereo microscope (Olympus, Japan). Images were captured for all 

transfected nymphs potentially expressing a pigment phenotype (aaNAT, white and yellow) and 

were only taken when a phenotype was visually observed for those targeting eyeless and krüppel. 

Images were taken using an iPhone 12 Pro camera (Apple, USA) mounted to the microscope with a 

Celestron NexYZ™ smartphone adapter (Celestron, USA) at 40x magnification. Nymphs were imaged 

in a glass petri dish under a 22mm diameter #1.5 thick glass cover slip to restrict movement.  

For screening of DsRed-Express expression following transfection of HDR constructs, nymphs were 

placed into an uncoated µ-Dish glass coverslip imaging dish (Ibidi, Germany) and were covered with 

a 22 mm diameter #1.5 thick glass cover slip. The nymphs were screened for red fluorescence (Ex λ 

554nm) on a Nikon Eclipse Ti2 inverted fluorescent microscope (Nikon, Japan). 

All imaging occurred 48-96h post emergence and was compared to wild-type (WT) nymphs which 

were oviposited in the same batch as the treated embryos.  

5. 2. 4. 2. Mean grey scale analysis 

Following image capture, a mean grey scale analysis (MGA) was performed for the nymphs which 

would demonstrate a pigment change following mutation (aaNAT and yellow targeted) in terms of 

light intensity. For each MGA, wild-type nymphs from the same oviposition collection were also 

analysed. The analysis was carried out using the Fiji package for the ImageJ software (424). Regions 

of interest (ROI) were initially identified on a wild-type insect then placed in the corresponding 

location on all analysed nymphs. The ROIs were then measured for mean grey scale value (MGV, 

measured in arbitrary units, a.u.), as well as minimum and maximum grey scale values (a.u.). Scatter 

plots for the MGVs were produced using GraphPad Prism software (version 9.5.1; GraphPad, USA). 

The data was analysed for significance using GraphPad Prism by an unpaired t-test reporting two-

tailed P values. A P-value of 0.05 was used as the threshold for statistical significance throughout the 

analyses. 

ROI identification was carried out in two different ways (Figure 43). For the MGA of all imaged 

aaNAT and yellow targeted nymphs ROI’s were placed on different dorsal areas including the head, 

thorax, tergite 3, and tergite 7 (Figure 43A). For the MGA of the yellow 1 nymph, four ROIs covering 
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the majority of the surface area of the turga were selected (Figure 43B). Images of all ROIs analysed 

can be found in Appendix 6. 

Figure 43. Regions of interest (ROI) selected for mean grey scale analysis (MGA).  
A) the ROIs analysed for the aaNAT and yellow MGA. i) head. ii) thorax. iii) tergite 3. iv) tergite 7. B) the ROIs 
analysed for the MGA of the yellow 1 nymph. 

5. 2. 4. 3. Molecular confirmation of CRISPR-Cas9 mutations via NHEJ 

Following phenotypic screening the genomic DNA of nymphs was collected using the Monarch® 

Genomic DNA Purification Kit (New England biolabs, USA) as per the manufacturers protocol. 

Nymphs exhibiting a suspected phenotype were isolated and genomic DNA was extracted 

individually. Remaining nymphs not visually demonstrating a phenotypic change were pooled in 

batches up to 10 for genomic DNA extraction. 

To confirm mutations in the target gene the gRNA region was amplified via PCR using the Phusion® 

High-Fidelity PCR Kit (New England Biolabs, USA) with the confirmation primers found in Appendix 6 

(Section 3. 2. 4. 4.). Amplified alleles of the expected size were sequenced via Sanger sequencing 

conducted by GeneWiz® (Azenta Life Sciences, Germany). Sequences were screen for mutations at 

the predicted gRNA cut site by the algorithmic deconvolution analysis tool Synthego ICE Analysis tool 

v3 (Synthego, USA). The detailed methodologies of ICE analysis are found in section 3. 2. 4. 6. 

5. 2. 4. 4. Molecular confirmation of CRISPR-Cas9 mutations via HDR 

Following phenotypic screening of emerged nymphs, genomic DNA was extracted with the 

Monarch® Genomic DNA Purification Kit (New England biolabs, USA) using the manufacturers 

protocol. Nymphs with a visible phenotype due to loss of gene function or expression of DsRed-
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Express were isolated and genomic DNA was extracted individually. Nymphs with no obvious 

phenotypic change were pooled in groups of up to 20 for genomic DNA extraction.  

To confirm integration of exogenous DNA into the target site two PCR approaches were taken. 

Amplification of the gRNA site with primers 100-200bp upstream/downstream of the HAs were 

used. If successful integration occurred, this would result in amplified alleles of ~5,000bp, compared 

to wild-type alleles of around ~2,000bp. The alternate amplification method used a primer within 

the DNA cassette just upstream of the 3’ end, with the second primer placed 100-200bp 

downstream of the right HA. This amplification method was predicted to amplify an allele of 

~1300bp in genomic DNA with integration of exogenous DNA at the correct site. PCR amplification 

was carried out using the Phusion® High-Fidelity PCR Kit (Section 3. 2. 4. 4.), using primers for both 

approaches found in Appendix 6. Amplified alleles of the expected size were sequenced via Sanger 

sequencing conducted by GeneWiz® (Azenta Life Sciences, Germany). Sequences were screened for 

the correct genomic location and DNA cassette sequence at both the 5’ and 3’ ends. 

5. 3. Results 

5. 3. 1. Identification and rationalisation of target genes 

Using previously published literature phenotypic genes were identified and assessed for mutations 

in R. prolixus based on a morphological change to the nymphal stages of triatomine bugs. Phenotypic 

changes affecting body development, cuticle tanning, and eye pigmentation were favoured over 

wing or sexual organ phenotypes due to nymphs lacking wings or developed genitalia. Once 

phenotypes were selected, putative genes were identified in the R. prolixus genome via orthologue 

searches assessing their amino acid sequence alignment, conserved functions, and paralogues to 

estimate loss of function causing a phenotypic change. Target genes were taken forward to gRNA 

assessment if amino acid sequences were conserved with the model organism’s orthologue, and 

they had no known functional paralogues. Target genes selected for CRISPR-Cas9 transfections and 

the gRNA sequences used can be found in Table 10. 

The gene (kr) encodes a zinc finger transcription factor that in D. melanogaster is responsible for the 

formation of the thoracic and anterior embryonic segments and Malpighian tubules (425). Loss of 

function for krüppel has been researched in a number of insect species (Gryllus bimaculatus, O. 

fasciatus, R. prolixus and Tribolium castaneum) with similar results (421,426–428). These studies 

showed variation in phenotypic effect, with one G. bimaculatus orthologue of Drosophila krüppel 

gene forming only a single thoracic segment and a significantly reduced abdomen following loss of 

function (426). In T. castaneum, an orthologue altered eve stripe formation past the 5th stripe 
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causing a reduction and loss of jaw segments (428). Most importantly in the context of this chapter, 

loss of the krüppel gene in R. prolixus following RNAi injections, caused reduced formation of the 

thoracic and abdominal segments resulting in lost limbs and Malpighian tubule formation (421). We 

rationalise that krüppel is viable candidate for CRISPR-Cas9 mutations for this chapter. 

The yellow gene was selected as a viable target due to its involvement in the formation of black 

melanin (309). As previously mentioned (Section 3. 3. 1. 1.), yellow is involved in the formation of 

long cuticular hydrocarbon molecules which form the dark pigmentation of melanin (308). The 

yellow gene has previously been validated as a phenotypic marker in many insect species including 

the hemipteran insects E. heros, Pl. biguttatus, O. fasciatus and R. prolixus (318,422,429,410). 

Another gene known to be involved in the cuticle tanning pathway is aaNAT (430). This gene codes 

arylalkylamine-N-acetyltransferase (aaNAT), which catalyses the conversion of dopamine to N-acetyl 

dopamine (NADA), the precursor to colourless sclerotin. If the aaNAT is lost sclerotin hardens with a 

dark, almost black colour, as reported in multiple insects such as Bombyx mori, Periplaneta 

americana, Pl. biguttatus, and R. prolixus (383,422,429,431). Both of the yellow and aaNAT genes 

have been assessed in R. prolixus via RNAi knockdowns (383). When gene function was lost, both 

these genes induce an obvious phenotypic change, as such they were selected as candidates for 

assessment of our CRISPR-Cas9 methodologies.  

Finally, two eye-specific phenotypic genes were selected for assessment of the CRISPR-Cas9 

approach, these were the eyeless and white genes.  As previously described (Section 3. 3. 1. 1.), the 

eyeless gene encodes a Pax6 homologue required for protocerebrum and eye development (315). 

The white gene, encodes an ATP-binding cassette guanine transporter, which is vital in the transport 

of ommochromes to the eyes of insects (342,343). The phenotypic nature of these genes has been 

investigated in Drosophila spp. as well as being functionally conserved in hemipteran insects such as 

N. lugens and T. castaneum (415,432).  

Following selection of candidate genes, gRNAs were designed favouring high predicted ‘knockout’ 

efficiencies (Table 10). These were then incorporated into the pDCC6 plasmid for CRISPR-Cas9 

transfections. Multiple targets selected for CRISPR-Cas9 HDR assessment, had homology arms 

designed and incorporated into pDsRed-Ubi63e-attP plasmids for HDR genome integration of 

exogenous DNA (Table 10). 
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Table 10. R. prolixus genes selected for editing via CRISPR-Cas9.  
Red gRNA sequences were used in NHEJ based CRISPR-Cas9 constructs. Green gRNA sequences were used in HDR based CRISPR-Cas9 approaches.  

Common 
name Function  

Reference 
gene 

R. prolixus 
orthologue R. prolixus gRNA sequence 

Relevant 
references 

eyeless (ey) 
A Pax6 homolog, required in the development of 
insect eyes and the protocerebrum. FBgn0005558 RPRC003362 AGTGGTGTGAACCAACTGGG (315) 

krüppel (kr) 
Involved in the segmentations of embryos and the 
formation of Malpighian tubules. FBgn0001325 RPRC000102 AGACACCTAAGGGTACACAC (421,425) 

aaNAT (aN) 
Important in the production of arylalkylamine-N-
acetyltransferase which leads to colourless sclerotin.  FBgn0287831 RPRC015310 ATATATTTAGAGGCTCATCG (383) 

white (w) 
Required for the transport of brown pigment 
precursors in the eye. FBgn0003996 RPRC012709 GCCAGCGTTTTAGCATTCAC (342,343) 

yellow (y) Required for the formation of melanin in cuticle cells. FBgn0004034 RPRC005424 ATTAAAAGGTGATTTCAACG (309,383) 
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5. 3. 2. Assessment of the CRISPR-Cas9 NHEJ approach in R. prolixus  

Initially to validate CRISPR-Cas9 modifications in R. prolixus, the NHEJ based pDCC6 plasmid was 

used to target the white gene (RPRC012709). The pDCC6 plasmid used in the NHEJ-based 

transfections contained the Dmel-U6-2 promoter for gRNA expression. Transfection with the w-

pDCC6 was performed by the ethanol-chemotransfection (EC) methodology using NASC as the 

chemotransfection reagent (Section 4. 2. 4. 1.). Phenotypes were screened 48 hours post 

emergence. 

Table 11. In vivo CRISPR-Cas9 NHEJ transfection conditions and survivorship in R. prolixus.  

Gene targeted 
Plasmid for 
transfection  

Chemotransfection 
reagent 

# of 
embryos 
treated 

# of 
nymph 
emerged 

Survival 
rate  
(%) 

Negative control  N/A N/A 22 19 86.36 

white 
DmelU6-
pDCC6 NASC 838 84 10.02 

As seen in Table 11, 10.02% of transfected embryos emerged. Nymphs were screened by 

stereomicroscopy for phenotypic changes to eye pigmentation. One nymph (w6) presented a light 

pigment around the edge of the eyes (Figure 44). At the time of assessment, we were unsure this 

was a sign of a white mutation, so, w6 was pooled with other insects for molecular analysis.  
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Figure 44. R. prolixus 1st instar nymph (w6) exhibiting a putative phenotypic change following mutations to 
the white gene (RPRC012709) via CRISPR-Cas9 transfection.  
A) a wild-type R. prolixus nymph. B) a nymph presenting a putative eye phenotype. Both nymphs were imaged 
48 hours post emergence. Images were taken using an Olympus SZ51 microscope at 40x magnification. The 
scale bars represent 500µm. 

For molecular analysis, genomic DNA was extracted in pools of up to 10 insects (8 extractions of 

n=10 insects, one extraction of n=4 insects). The gRNA region was amplified by PCR and sequenced 

via Sanger sequencing to screen for mutations (Sections 3. 2. 4. 4 & 3. 2. 4. 5.). Sequencing 

chromatograms showed no evidence of mutations around the CRISPR-Cas9 cleavage site in any 

pooled sample. To further assess this the sequences were analysed with the ICE webtool. This 

analysis also showed no evidence of indels in the pooled samples (Figure 45).  

Figure 45. ICE analysis graphical output for a pool sample of R. prolixus nymphs (including w6) transfected 
with CRISPR-Cas9 plasmids targeting the white gene (RPRC012709).  

A  B 
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A) the text output for the ICE analysis, where; Indel % represents the percentage of alleles present in the 
sample with indels compared to a wild-type control sample; KO-score represents the percentage of indels 
found that would cause loss of function in the target gene; R2 is a model fit estimation. B) the trace file output 
from the ICE analysis focusing on the predicted cut site from the target gRNA in both the mutated sample and 
wild-type control. 

5. 3. 3. CRISPR-Cas9 mutations in R. prolixus via the HDR approach 

Following positive results with sand fly transfections (Section 3. 3. 2.), further transfections with R. 

prolixus embryos were performed utilising a novel endogenous U6 promoter within the pDCC6 

plasmid. The novel Rpro-pDCC6 plasmid was transfected in tandem with the HDR based pDsRed-

Ubi63E-attP plasmid. The HDR approach was assessed for 4 target genes eyeless, krüppel, aaNAT, 

and yellow. As white gene mutations were theorised to be a minimal change, we decided not to 

target the gene for HDR.  

Table 12. In vivo CRISPR-Cas9 HDR transfection conditions and survivorship in R. prolixus. 

Gene targeted 
Plasmid for 
transfection  

Chemotransfection 
reagent 

# of 
embryos 
treated 

# of 
nymph 

emerged 

Survival 
rate  
(%) 

Negative control  N/A N/A 131 100 76.34 

eyeless  

ey-Rpro-
pDCC6 + ey-

pDsRed- 
Ubi63E-attP Cellfectin® II  198 69 34.85 

krüppel  

kr-Rpro-
pDCC6 + kr-

pDsRed- 
Ubi63E-attP Cellfectin® II 119 40 33.61 

aaNAT  

aN-Rpro-
pDCC6 + pro-

pDsRed-
Ubi63E-attP FlyFectIN™ 278 12 4.32 

yellow  

y-Rpro-pDCC6 
+ y-pDsRed- 
Ubi63E-attP Cellfectin® II 121 20 16.53 

For the transfections of HDR based transfections, NASC availability and consistency was uncertain, 

therefore, chemotransfection reagents Cellfectin® II and FlyFectIN™ were used for transfections 

(Table 12). Survivorship rates increased Cellfectin® II where 29.45% of the transfect nymphs 

emerged. Whilst only 4.32% of FlyFectIN™ transfected embryos emerged.  

Emerged nymphs were screened by microscopy for phenotypic changes relating to the target gene 

and also presence of the DsRed-Express fluorescent marker. Phenotypic mutations were not 
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observed for nymphs targeted for eyeless or krüppel mutations. As pigment changes can be subtle 

images of aaNAT and yellow targeted nymphs were analysed via MGA to infer a pigmentation 

change over wild-type standards. Due to alterations in microscopy conditions and image quality, the 

data was split into screening sessions as well as combined for each targeted gene.  

Figure 46. Confirmation of a phenotypic change in R. prolixus nymphs via a grey scale analysis following 
mutations in the aaNAT gene.  
The graphs show the mean grey value of four ROIs on the dorsal side of nymphs. A) combined data from 
screening sessions 1 (pale blue and red) and 2 (dark blue and red). B) screening session 1. C) screening session 
2. Data points corresponding to wild-type nymphs are in blue. Potentially transfected nymphs are in pink/red. 
Error bars provide standard error of the mean (SEM). The table shows the mean values, SEM, N value and P 
values when compared to wild-type controls. Results are expressed as mean (black line). P-values (two-tailed t-
test) are expressed as *P < 0.05, **P < 0.01, ***P < 0.001, ****P < 0.0001. 

The MGA for aaNAT target nymphs presented a significant difference in light intensities for insects 

imaged in session two on the thorax (P= 0.0463) and tergite 3 (P= 0.0077) (Figure 46C). In session 2, 

the average MGV of treated nymphs trended towards a darker light intensity over wild-types. 

Showing decreases of mean light intensity of 3.68% for the head ROI, 8.23% for the thorax ROI, 

10.68% for the tergite3 ROI, and 4.64% for the tergite 7 ROI. This trend is supportive of mutations in 

A B C 
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multiple insects following CRISPR-Cas9 transfections targeting the aaNAT gene. No significant 

difference in light intensity was observed in insects imaged in session 1. 

Figure 47. Confirmation of a phenotypic change in R. prolixus nymphs via a grey scale analysis following 
mutations in the yellow gene.  
The graphs show the mean grey value of four ROIs on the dorsal side of nymphs. A) combined data from 
screening sessions 1 (dark blue and brown) and 2 (pale blue and yellow). B) screening session 1. C) screening 
session 2. Data points corresponding to wild-type nymphs are in blue. Potentially transfected nymphs are in 
brown/yellow. Error bars provide standard error of the mean (SEM). The table shows the mean values, SEM, N 
value and P values when compared to wild-type controls. A * symbol refers to the level of significance. Results 
are expressed as mean (black line). P-values (two-tailed t-test) are expressed as *P < 0.05, **P < 0.01, ***P < 
0.001, ****P < 0.0001. 

The MGA on yellow targeted nymphs presents highly significant changes in light intensity across 

almost all ROI (session 1, tergite 7 showed no significance) (Figure 47A). Unfortunately, the trend of 

this data presents MGVs showing lower light intensities inferring the transfected nymphs are darker 

than the wild-types. This is evident from mean light intensities decreasing at a range of 10.41-

15.32% for session 1, and 5.92-10.45% for session 2.  

Due to this unexpected trend we decided to select images with nymphs that were visually lighter in 

colour and run separate MGAs on the selected nymphs. A single yellow targeted nymph (y1) 

presented reduced pigment in its abdomen visually (Figure 48A). This nymph was reanalysed via 

MGA to focus on the surface are of the terga. The results of this compared to the four wild-type 
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nymphs imaged in the same session resulted in a 6.69% increase in light intensity over the four ROI 

(Figure 48D). However, the y1 nymph did not show fluorescence when imaged under fluorescent 

microscopy. None of the treated nymphs for any of the gene targets showed evidence of DsRed-

Express expression under fluorescent microscopy. 

Figure 48. Confirmation of a mutation to the yellow gene (RPRC005424) via CRISPR-Cas9 HDR transfection in 
a R. prolixus 1st instar nymph.  
Ai) a wild-type R. prolixus nymph. Aii) a transfected nymph presenting a cuticle tanning phenotype. Both 
nymphs were imaged 96 hours post emergence. Images were taken using an Olympus SZ51 microscope at 40x 
magnification. The scale bars represent 500µm. The yellow boxes show the ROIs selected for mean grey scale 
analysis. B) PCR amplification of the right homology arm region following HDR insertion. If HDR insertion has 
occurred a band of 1,285bp would be seen. The 1,285bp allele will not amplify in wild-type DNA. A Meridian 
bioscience HyperLadder™ 1kb was used in the gel. The * symbol signifies the PCR sample matches the nymph 
in the microscopy image. C) mean grey scale analysis for y1 (yellow) against four wild-type nymphs (blue) using 
the four ROIs seen in A. D) the average grey value for the four ROIs. Percentages on graphs show the average 
increase in grey value compared to the wild-type. Error bars provide standard error of the mean (SEM). 

Nymphs without obvious phenotypic mutations were pooled for molecular confirmation of insertion 

of the DNA cassette. Initial confirmation was performed by PCR amplification of the right homology 
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arm (RHA) using a primer within the DNA cassette and a primer downstream from the RHA in the 

genome (Appendix 6). If integration of the DNA cassette has occurred then amplification of a 

~1,300bp allele would occur, whilst no band should occur for the wild-type DNA. Sample y1 showed 

a band of ~1,300bp across all genomic DNA assessed (Figure 48B). The allele amplified in nymph y1 

was extracted and sent for Sanger sequencing, however, the sequence was of too poor quality to 

confirm insertion. Multiple PCR repeats were attempted to increase DNA quality, but none were 

successful in creating a clean sequencing read of the potentially successful allele.  

Figure 49. PCR confirmation of mutations to the eyeless gene (RPRC003362) via CRISPR-Cas9 HDR 
transfections in pooled R. prolixus nymph samples.  
HDR insertion results in an amplicon of 4,984bp. An amplicon of 2,097bp would indicate wild-type DNA. A 
Meridian bioscience HyperLadder™ 1kb was used in the gel. Green boxes highlight alleles of the expected size 
following HDR insertion. Red boxes highlight an unexpected band which could be related to HDR insertion. 
Both green and red alleles were sequenced and confirmed to be genomic DNA at the HDR insertion site. 

 wt             ey1-3           ey4-6         ey7-21       ey22-35     ey36-52      ey53-69 
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Further analysis of genomic DNA was taken to amplify the gRNA/HA region. Primers were designed 

100-200bp upstream/downstream of the left and right HAs (Appendix 6). Wild-type DNA would 

produce an amplicon of ~2,000-2,100bp, whilst a DNA cassette integrated into the target region 

would produce an amplicon of ~4,800bp. Three pooled eyeless targeting samples produced alleles of 

the expected size for DNA integration (Figure 49). These samples (ey22-69) were genomic DNA 

extracted from 14-17 nymphs for each sample. Sanger sequencing of the ~5kb alleles showed the 

expected genomic site with the 5’ and 3’ ends matching both the ends of the HAs as expected in the 

genome (Figure 50). Unfortunately, the sequencing read was not able to confirm the DNA cassette 

sequence. However, on the basis of the allele size and genomic sequence confirmation can infer 

integration of the DNA cassette. No integration alleles were observed when amplifying this region 

for treated nymphs targeted in the krüppel, aaNAT, and yellow genes. 

Figure 50. Sequence confirmation of the ~5kb amplicon spanning the HDR insertion region of the eyeless 
gene (RPRC003362) in transfected R. prolixus insects.  
A) the 5’ end of the left homology arm and upstream genomic DNA. B) the 3’ of the right homology arm and 
downstream genomic DNA. A blue highlight represents DNA within the HAs found in the ey-pDsRed-Ubi63e-
attP construct.  

The results outlined above provide evidence of CRISPR-Cas9 mutations within Rhodnius prolixus via 

homology directed repair techniques incorporating exogenous DNA within the yellow and eyeless 

genes. This result demonstrates GM techniques within triatomine bugs with the potential for 

research to target genes involved in disease transmission, reducing a huge burden of human 

suffering.  
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5. 4. Discussion 

The results presented in this chapter provide, to my knowledge, the first evidence of genetic 

modifications in triatomine bugs. This was achieved using CRISPR-Cas9 based DNA constructs 

providing supportive evidence for both the NHEJ and HDR methodologies. These methods were 

validated for genome engineering by phenotype expression (aaNAT, white and yellow), PCR 

amplification (eyeless and yellow), and sequencing (eyeless). We demonstrated targeted insertion of 

exogenous DNA into the genome of R. prolixus insects at the eyeless and yellow gRNA sites. These 

results contribute important proof of principle research validating the CRISPR-Cas9 system within 

triatomine bugs, which with further development could limit transmission of Chagas disease. 

5. 4. 1. Survivorship following the ethanol-chemotransfection methodology 

The EC methodology showed high survivorship following transfection of CRISPR-Cas9 constructs. This 

level of survivorship (29.45% for Cellfectin® II) is similar to that of microinjection in model insects 

such as An. gambiae and D. melanogaster, which routinely see survivorship levels of ~18-24% 

(186,330). As previously mentioned (Section 3. 4.), a potential reason for the reduction in viability 

could be due to endotoxins extracted from bacteria when purifying plasmids (404). The quality of 

incubation following treatment likely also reduced viability in all transfections, especially for the 

white and aaNAT targeted embryos.  

During the transfection of white targeted embryos, the triatomine colonies were relocated to a new 

insectary which was not well suited to the rearing of insects. The new insectary circulates dry air 

leading to desiccation of embryos and developed insects. Measures were taken to increase humidity 

in the colony, but this was unstable and often led to high humidities which increasing contamination 

from bacteria and fungi. These fluctuating conditions increased the risk of contamination from putty 

adhesive which led to its removal. w-pDCC6 transfections had concluded before incubation 

conditions had been stabilised to standard conditions (26 °C ± 2 °C, at 70%) (433).  

Transfections targeting the aaNAT gene were performed when we no longer had access to the 

CellFectin® II reagent. Therefore, aaNAT targeting transfections were carried out with the remaining 

stock of FlyFectIN™ from the sand fly cell line transfections. Multiple embryo batches were 

contaminated, with no embryos surviving. No CRISPR-Cas9 transfections were carried out in a 

microbiological safety cabinet and therefore contamination from the open air is likely. We also had 

major fluctuations in humidity and temperature during incubation, which desiccated whole batches 

of embryos. Future transfections would be carried out within a microbiological safety cabinet and 

incubated within a sealed climate-controlled incubator.  
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5. 4. 2. Genetic modification of R. prolixus embryos via CRISPR-Cas9 NHEJ constructs 

Successful delivery of w-pDCC6 constructs resulted in a single R. prolixus nymph exhibiting a 

mutated phenotype. The reduction in pigment around the outer edge of the eye is consistent with R. 

prolixus adults showing loss of function in the cinnabar and scarlet genes (410). Initially, we expected 

the phenotypic mutation to be observable as a pale or white coloured eye as seen in other insect 

species such as the silk moth (Bombyx mori), southern house mosquito (Culex quinquefasciatus), H. 

vitripennis, and Indianmeal moth (Plodia interpunctella)  (300,314,413,434). However, many insects 

(including the southern green stink bug Nezara viridula and N. lugens) have shown the loss of the 

white orthologues results in a reduction in pigmentation of the pigment cells, whilst the rhabdom 

and other compound eye components are still pigmented, similar to the phenotype seen in our 

research (415,435). Access to a higher magnification stereomicroscope would allow for more 

detailed viewing of the eye, potentially identifying the type of pigment loss exhibited.   

The ambiguous result from the white phenotypic nymph, led to us pooling the DNA of the 

phenotype expressing w6 nymph with other potentially unmutated nymphs for molecular analysis. 

This likely resulted in the mutation brought on by CRISPR-Cas9 being diluted by wild-type DNA when 

amplified by PCR. This preferential amplification of wild-type DNA could have been below the 

detection levels of the ICE analysis resulting in a lack of indels at the target site. As previously 

mentioned (Section 3. 4. 1.), other molecular techniques such as amplicon sequencing or the T7EI 

heteroduplex assay would be able to identify potential mutated alleles at a greater efficacy 

(351,352). When the w-pDCC6 transfections had been performed the T7EI assay had not been 

assessed by our group and future NHEJ based transfections would be assessed using this assay. 

Assessing the G1 offspring of potentially transgenic insects would also increase the likelihood of 

confirming mutations via sanger sequencing.  

Ultimately, the HDR approach was favoured over NHEJ for future transfections. The rationale was 

that we had seen favourable results for HDR in L. longipalpis cell lines (Section 3. 3. 2.), and the PCR-

based screening method would increase specificity when screening CRISPR-Cas9 mutations in R. 

prolixus.  
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5. 4. 3. Integration of exogenous DNA into the R. prolixus genome via CRISPR-Cas9 HDR  

constructs  

5. 4. 3. 1. Phenotypic screening of putative HDR transfected nymphs 

Phenotypic screening of the transfected embryos resulted in the expression of a yellow phenotype in 

two nymphs (y1 and y9). Nymphs were imaged 96 hours post emergence, as full melanisation occurs 

during this period of time. As expected with loss of the yellow gene, putatively transgenic nymphs 

exhibited pale abdomen and they did not develop to a darkened cuticle following 20 days. This 

phenotype was not seen in any observed wild-type nymphs found in the colony. The phenotype 

resembles that of a yellow gene loss via RNAi seen in Berni et al., (410). Unfortunately, the 

pigmentation was not greatly reduced on the head, thorax, or legs. However, there was a significant 

pigment colour change to the melanised sections of tergites 9-11 in y1 and y9 over the wild-type 

nymphs. The phenotype was only noticed in y1 during initial observations. Therefore, the genomic 

DNA of y1 was extracted individually, whilst y9 was pooled with other nymphs (Section 5. 4. 3. 2.).  

Utilizing the mean grey scale analysis previously applied in other insect studies, we were able to 

create quantifiable data for pigment change (410,420). This data demonstrates a positive trend 

(darkening of ROIs) for the aaNAT targeted nymphs potentially indicating mutations via CRISPR-Cas9 

(Figure 466). The data for the yellow targeted insect also provided a decrease in light intensity 

(darkening), despite at least one insect being visibly paler. This led to the y1 insect being individually 

compared to wild-type insects focusing only on the terga. Following this MGA, results followed the 

expected trend of a paler insect (Figure 48). The y1 analysis was limited by the lack of data 

corresponding to the head, thorax, or limbs.  

The imaging for the MGA was hindered by the equipment available to us. Limitations include 

screening under a simple stereomicroscope with a maximum magnification of 40x and using a phone 

camera to capture images. The magnification was not able to provide full detail and the lighting was 

inconsistent due to a ring light without a fixed position. The phone camera utilises computational 

image processing post capture. This post-capture processing can alter the image’s brightness, 

contrast, and introduce digital artefacts without the ability to access the original image. The phone 

also produced images of varied pixel density, which altered the area measured for the MGA. A 

further limitation was the live imaging of nymphs. This meant they were often moving, which made 

the reflection of light different for each insect. Data from the MGA was split into sessions for 

statistical analysis to avoid variances in imaging conditions. Each session had the phone and ring light 

fixed in the same position providing a similar environmental conditions for each image, but the 
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insect’s position or the post-capture processing could be slightly altered leading to photons 

scattering in different patterns. If further transfections were to be performed, we would use a 

complete insect imaging system like that of the Leica M205FA used in section 3. 3. 1. 3. We would 

also euthanise the insects prior to imaging, this would allow us to manipulate them more easily and 

create standard positions for imaging. To assist calibration, we would take background images 

without insects to remove the background and compare to matched wildtype insects in ImageJ for 

normalising the data. This would allow us to use the whole dorsal surface of the nymph for MGA, 

increasing the sensitivity for pigmentation mutations in both cuticle and eye phenotypes. 

Transfection targeting aaNAT, eyeless and krüppel did not result in obvious phenotypic mutations. 

The eyeless gene should have produced insects lacking eyes or sections of the head (315). As eyeless 

is a Pax6 gene it is responsible for early neurological development (436). The different alleles 

produced from eyeless mutations can form various phenotypes including lethal developmental 

changes (315,432). It is possible that non-viable phenotypes formed within our transfected 

populations. To assess non-viable phenotypes, further embryos would be dissected and observed for 

head formation mutations. A known paralogue of the eyeless gene, twin of eyeless (toy), leads to 

similar phenotypes when mutated in other insects (437). The toy gene has been discovered to 

function as a regulator of eyeless and therefore it’s loss results in the eyeless phenotype (438). The 

toy gene’s protein sequence is highly conserved with eyeless across multiple insect genomes, with 

the toy orthologue within R. prolixus (RPRC001429) presenting 84% shared identity with the eyeless 

gene (RPRC003362). This high amino acid sequence conservation infers eye formation could have 

remained following the loss of eyeless if replaced by the toy gene. No known paralogues of these 

genes exist within the R. prolixus genome, therefore, a dual CRISPR-Cas9 construct approach 

targeting both eyeless and toy could lead to an eyeless phenotype expressing. 

The lack of obvious aaNAT phenotypes is likely due to the reduced viability discussed in Section 5. 4. 

1. Improving incubation techniques and repeating these transfections in higher numbers may have 

led to a dark pigmentation phenotype as seen in Figure 40 (410).  

Screening of putative krüppel gene mutations were not fully optimised prior to assessment. The 

krüppel gene is known to cause large developmental changes to the thoracic segments and anterior 

abdomen (428). These mutations can result in lost limbs and reduced body mass, which would 

hinder a nymphs ability to emerge through the operculum (421). Alternative methodologies for the 

screening of krüppel targeted nymphs should have been put in place, to observe mutations in 

embryos development without the need for insects to emerge. These include the dissection of 

embryos 9 days post transfection. This technique would be supplemented with in situ hybridization 
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targeting germband related genes to be able to visualise mutations in formation or loss of segments. 

These two techniques have been used to assess krüppel loss of function in multiple insects such as G. 

bimaculatus, O. fasciatus, R. prolixus and T. castaneum (421,426–428).  

Ultimately, the lack of a phenotype in G0 is common within CRISPR-Cas9 insect studies 

(136,415,416,434). Within multiple hemipteran insects such as T. castelium and N. lugens, mosaic 

mutation phenotypes occurred within G0 populations, phenotypes became uniform when 

backcrossing the insects led to inherited mutations being found in the G1 (136,415). This provided 

evidence that the mutations were integrated into germline cells. The developmental time of R. 

prolixus (5 months to adult) meant that the backcrossing of transfected nymphs was not within the 

remit of this research. With more time phenotypic mutations would be assessed through to at least 

G1. 

The DNA cassette for insertion into R. prolixus contained an integrative DsRed-Express fluorescent 

marker. Expression of this marker was not seen in any emergent nymphs. This is likely due to the 

ubiquitous nature of the expression and the melanised cuticle blocking fluorescent signal. Melanised 

cuticles have previously been shown to limit fluorescent microscopy within D. melanogaster and R. 

prolixus (410,439). Phenotypes that over expressed black melanin led to a reduction in fluorescent 

light being visible under fluorescent microscopy. In this chapter, the cuticle of the R. prolixus nymphs 

was melanised when they were imaged on the 4th day. Another limitation was our access to a 

fluorescent stereomicroscope. We were limited to using inverted fluorescent microscopes which are 

not suited to whole insect microscopy, due to light having to pass through the object to be captured 

in the lenses below. To overcome this, future work would use a fluorescent stereomicroscope, 

imaging embryos as close to emergence as possible to avoid melanisation of the cuticle. We would 

also design new plasmids with DNA cassettes expressing under the 3xP3 promoter for eye specific 

expression. Eyes have regions between the ommatidium that can allow the passage of fluorescent 

light (440). Further experiments could also image developing embryos which will not form melanised 

cuticles and could be homogenised to visualise DsRed expression in single cells.  By adapting our 

methodologies in this way, we would be able to validate these CRISPR-Cas9 HDR constructs for a 

range of gene function studies. 

5. 4. 3. 2. Molecular confirmation of HDR transfections in R. prolixus nymphs 

Molecular confirmation of inserted DNA cassettes was primarily assessed via PCR amplification of 

the insertion region. Initial amplification with primers based within the DNA cassette and 

downstream of the right HA, validated insertion of the DNA cassette into a single yellow targeted 
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nymph (y1) (Figure 48B). Sanger sequencing of this allele did not successfully confirm genomic DNA 

due to poor quality.  

To increase the PCRs sensitivity, we designed primers spanning insertion region from outside the 

HAs. These primers would create a band in wild-type DNA of ~2,000-2,100bp, and an allele of 

~4,800bp for integrated DNA. These primer sets created multiple offsites in wild-type DNA (Figure 

49), which would be excluded from confirmation results. Three pooled samples for the eyeless 

targeted nymphs (ey22-69) showed positive amplicons indicating genomic integration (Figure 49). 

Sequencing was able to confirm the ~4,800bp amplicon was located within the target regions by 

identification of the outer borders of the HAs (Figure 50). This provides evidence for genomic 

integration of the DNA cassette in at minimum, one nymph from each pooled sample. If possible, 

these amplicons could be sequenced long read nanopore sequencing to obtain full coverage of the 

~4,800bp. The low UV intensity of positive amplicons in the electrophoresis gel, infers a low level of 

mutated DNA in the sample. A quantitative result for these amplicons could have been provided 

using techniques such as qPCR and amplicon sequencing. These approaches have been used in other 

CRISPR-Cas9 studies to estimate transfection efficiencies with high success rates (300,352,355,441). 

This is particularly important in pooled samples where wild-type alleles will be more prevalent than 

transfected alleles. qPCR would be the preferred choice for further HDR integration studies due to its 

ability to assess primers via melt curves, ease of use and reduced cost compared to amplicon 

sequencing. Further experiments could include the further rearing of insects and screening of G1 

offspring. This would produce genotypic heterozygous mutations, which would limit the wild-type 

bias to 50% of gene copies found in G1 by PCR and sequencing.  

We attempted the T7EI heteroduplex analysis on a small number (ey1-3 and aN1) of ~2,000bp alleles 

from the pooled samples. However, the high level of off target amplicons produced by the primer 

set, resulted in a large number of fragments which could not be distinguished from potential positive 

results following T7EI cleavage. Therefore, the T7EI analysis was not used on the remaining samples 

and was not recorded in the results section.  

In summary, we provided evidence of the successful integration of exogenous DNA into the genome 

of R. prolixus at two specific target sites (eyeless and yellow). The integrated DNA caused a 

phenotypic change following loss of the yellow gene as confirmed by MGA and PCR. This research 

provides the first known evidence of genetic modification in triatomine bugs. In validating the 

CRISPR-Cas9 system in triatomine bugs we have provided a novel methodology for the molecular 

research of Chagas disease.  
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6. 1. Discussion 

Chagas disease and leishmaniasis are currently prevalent in an estimated 11 million people leading 

to ~1 million disability-adjusted life years lost and mortality in the thousands annually (1,2). 

Chemotherapies for these diseases exist but resistance to antileishmanial drugs is on the rise and 

treatments for the chronic phase of Chagas disease offer marginal benefit over non-treatment 

(25,28). Human vaccines are currently not available. Therefore, prevention is key to reducing burden 

of disease, and vector control has been the most effective approach for limiting transmission 

(33,43). However, factors such as resistance to insecticides, funding and geopolitical conflicts have 

affected vector control efforts in endemic areas (368,369,442–445). Due to this, novel self-sustaining 

vector control approaches are needed to overcome these limitations. Recent developments in the 

genetic modification of insects such as mosquitos have created vector control strategies that last 

generations with the use of gene drives (168,201,355). The approaches are yet to be adapted to 

sand flies or triatomine bugs with research into gene editing techniques for these insects still in its 

infancy (222).  

This thesis describes the development and application of genome editing tools for both sand flies 

and triatomine bugs. We provide robust evidence of targeted mutations using both in vitro and in 

vivo CRISPR-Cas9 NHEJ methodologies (Sections 3. 4. 1. & 5. 4. 2) for sand flies (L. longipalpis and 

Phlebotomus papatasi) and triatomine bugs (Rhodnius prolixus). Furthering this we were able to 

integrate an exogenous DNA cassette into the genomes of sand flies (in vitro) and triatomine bugs (in 

vivo) via CRISPR-Cas9 HDR, which is a novel result for both insect subfamilies. These targeted 

mutations occurred in genes eliciting non-lethal phenotypes, which were initially identified using 

bioinformatic webtools. We also showed expression of fluorescent markers following transfection of 

piggyBac transposons (sand flies in vitro, triatomine bugs in vivo), with integration into the genome 

of these organisms to be confirmed by sequencing and inverse PCR in future experiments. We 

developed a novel transfection methodology for the embryos of triatomine bugs overcoming the 

barrier of DNA construct delivery due to microinjection limitations.  

This research made use of two novel L. longipalpis cell lines LLE/LULS40 and LLE/LULS45 which we 

developed as an in vitro platform for transfection and gene editing methodologies. The 

chemotransfection of different plasmid constructs, enabled us to evaluate expression promoters for 

use in gene editing systems driving crucial elements such as Cas9 and helper transposases. An 

increased interest for in vivo experiments in sand flies is occurring despite the labour-intensive 

rearing techniques required (334). The establishment of a stable insect cell line is not easily 

achieved, we attempted to produce a Rhodnius prolixus cell line within our laboratory over several 
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months but could not obtain attached replicating cells in a stable culture. Following this we formed a 

collaboration with Bell-Sakyi et al., and her group was able to establish a R. prolixus cell line (433). 

However, this line took 6-8 weeks to become 50% confluent within a flask and therefore was not 

preferable for in vitro transfection experiments as in vivo methods would provide results in a shorter 

time span. This further shows the importance of these two sand fly cell lines as they were stable and 

provided more ease of use than in vivo approaches with sand flies. We consider our development of 

an in vitro platform an important one, as in vitro systems allow molecular techniques to be 

optimised for sand fly species before being attempted in vivo, providing an efficient screening 

technique for future molecular research.  

The transfection of plasmids Ac5-STABLE1-Neo, ihyPBase, pmaxGFP™, and Ubiq-Cas9.874W confirm 

the promoters Ac5, CMV, hsp70, OpIE2, and Ubi-63E for expression of proteins within sand flies. The 

Ac5, OpIE2 and Ubi-63E promoters had not previously been assessed in sand flies, in validating them 

here we have provided ubiquitous expression systems which are key for heterogenous cell lines and 

ubiquitous expression in vivo. These promoters were later incorporated into a CRISPR-Cas9 system 

for targeted mutagenesis in sand flies. eGFP expression was visible following the transfection of 

Ubiq-Cas9.874W constructs, however, this is not a sign of genome integration via piggyBac 

transposons without being confirmed by further molecular techniques such as inverse PCR and 

sequencing. With further development the piggyBac system would be of great benefit to sand fly 

research as multiple piggyBac based vector control systems are currently being developed for 

dipteran insects (110,184).  

Transfection efficiencies within both LLE/LULS cell lines were low when assessed by flow cytometry 

previously within our lab (Section 2. 3. 1.). When comparing the expression of eGFP following Ac5-

STABLE1-Neo transfections, S2 cells showed ~90 fold more fluorescent events over LLE/LULS cells 

(max odds ratios of 3.86 for LLE/LULS and 348.91 for S2). This difference in efficiencies could be due 

to the heterogeneous nature of the LLE/LULS cell lines, with certain differentiated cells being more 

susceptible to transfection (446,447). Flow cytometry also found no significant difference between 

the chemotransfection reagents tested (Cellfectin® II , FlyFectin™ reagent, and Lipofectamine™ 3000 

reagent). These chemotransfection reagents use lipid-mitigated transfection, certain cell types 

possess higher numbers of membrane surface glycoproteins, increasing their capacity to intake lipid-

packaged DNA by endocytosis (448). Despite the relatively low transfection numbers, the cell lines 

provided positive results for the validation of molecular methods for assessment of subsequent in 

vivo tools.  
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The research presented here shows the first reported in vivo genome mutations to L. longipalpis 

sand flies via CRISPR-Cas9 NHEJ DNA constructs. We were successful in eliciting mutations to 

produce a vestigial phenotype confirmed visually, by an algorithmic deconvolution assay (ADA) and 

by a T7 Endonuclease I heteroduplex assay (T7EI) (Section 3. 3. 1.). We were also able to induce 

indels in the rudimentary gene (L. longipalpis) and the ebony gene (P. papatasi). Previously, CRISPR-

Cas9 mutations within P. papatasi have only been achieved in a single published study, with our 

research furthering the CRISPR-Cas9 NHEJ approach within sand flies by the use of DNA constructs 

over a sgRNA/Cas9 injection mixture (222). Whilst we were able to achieve mutations within our 

genes of interest, confirmation could have been improved by the use of high depth sequencing such 

as amplicon sequencing or with the use of high quality tissue PCR kits such as the Phire Tissue Direct 

PCR kit (ThermoFisher, USA), which would provide clean, quantified results (168,222,355). The 

success of these mutations lays a foundation for further genome engineering techniques to be used 

in sand flies and potentially the development of population control techniques (Section 1. 5.) 

(110,157,159,161). 

Following the successful demonstration of CRISPR-Cas9 NHEJ mutations formed in sand flies, we 

subsequently produced a CRISPR-Cas9 HDR system targeting the L. longipalpis scarlet gene as an 

integration site. We utilized two approaches for homology arm design, one directly surrounding the 

gRNA region (HSC) and another using homology arms within the 5’/3’ untranslated regions (HUTR). 

Both of these approaches produced the expected amplicons of integrated DNA cassettes as 

confirmed by Sanger sequencing. However, due to the presence of DNA constructs within the 

extracted DNA solution, heteroduplexes could form during PCR amplification causing false positive 

results with wild-type DNA. To validate integration, genomic DNA from these cells must be assessed 

via inverse PCR and sequencing. The HUTR approach has the potential to remove entire genes from 

the genome and use their promoters to drive expression of potential anti-parasite effector 

molecules. We also noted the insertion of DNA cassettes without the CRISPR-Cas9 constructs to form 

a double-stranded break. These false positives are likely due to the heteroduplexes formed from the 

PCR. An alternative less likely theory for these positive results is that the long homology arms 

(800bp) lead to homologous insertion during cell replication, the use of CRISPR-Cas9 cleavage in vivo 

should increase the HDR integration efficiencies in non-replicating cells (364–366).  

When considering gene modifications in triatomine bugs, the delivery of transfection agents was 

previously the biggest limitation (302). In this thesis we were able to develop a novel ethanol-

chemotransfection methodology (EC) in R. prolixus. EC was able to effectively strip the wax 

surrounding aeropiles on triatomine egg chorions without excessive mortality (Section 4. 3. 3.). This 
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allowed packaged DNA to cross embryonic membranes via chemotransfection reagents (Figure 38). 

After validation with Hoechst 33342, we were able to deliver plasmid constructs including the 

transiently expressing Ac5-STABLE1-Neo and piggyBac-based Ubiq-Cas9.874W. To my knowledge, 

there is no published literature demonstrating the genome engineering of triatomine embryos, with 

previous functional genomics research focusing on RNAi (405,408,410,412). We are the first to 

present evidence of integrated exogenous DNA transfected into R. prolixus genomes via CRISPR-Cas9 

HDR approaches. This novel methodology has the potential to revolutionise molecular research in 

triatomine bugs due to its ease of use and high viability compared to microinjection (20.7% viability) 

(136,222,300,318). 

Utilizing our novel EC methodology, we have provided putative evidence of integrated exogenous 

DNA cassettes in the eyeless and yellow genes of R. prolixus via CRISPR-Cas9 HDR DNA constructs. 

We also achieved putative mutations within the white gene following CRISPR-Cas9 NHEJ 

transfections with one nymph (out of 838 transfected) showing a putative eye phenotype. 

Confirmation of NHEJ mutations were limited by poor DNA extraction and Sanger sequencing. 

Potential HDR integrated DNA was amplified by PCR within pooled populations of eyeless targeted 

nymphs (Section 5. 3. 3.). The amplicons produced by PCR were of the expected size following HDR 

insertion but only the genomic DNA upstream/downstream of the homology arms could be 

confirmed by Sanger sequencing. The use of long read sequencing such as Oxford nanopore could 

confirm the integrated cassette. A single yellow targeted nymph (y1) was shown to have a 6.69% 

increase in light intensity indicating a lightening of pigment following transfection, which was 

confirmed by PCR of the target area (Figure 48). This phenotype aligns with similar experiments 

carried out by Berni et al., using RNAi, inferring that this is the first confirmed phenotypic mutation 

in triatomine bugs using gene editing methodologies (410). Confirmation of integrated DNA 

cassettes is more reliable in vivo as the transient HDR donor plasmids will likely have degraded 

during development of the embryo and genome DNA will be at a higher concentration than any 

remaining DNA constructs. Backcrossing of the putative transgenic insects to G1 would further 

remove the DNA constructs and mutated DNA would be higher in concentration due to germline cell 

integration. These results demonstrate the utility of the CRISPR-Cas9 system we have developed 

within triatomine bugs, which could be utilised by other researchers for the understanding and 

prevention of Chagas disease. 

6. 1. 1. Impact of COVID-19 

The COVID-19 global pandemic had a significant impact on this research, resulting in a number of 

modifications to the aims. Sand fly based in vivo experiments were delayed by two years due to the 
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inability to travel to Charles University in Prague, Czech Republic, where the colonies used in this 

research were based. The process of microinjection and backcrossing of insects is labour intensive 

and time consuming and due to our limited time within the Czech Republic we had to scale back the 

number of targets assessed. We had initially aimed to assess piggyBac constructs within the sand fly 

colonies and to target gut attachment genes to be assessed by challenging parasites to transgenic 

colonies. We also produced several CRISPR-Cas9 HDR constructs targeting both L. longipalpis and P. 

papatasi, which due to time constraints we were unable to microinject. Due to the three national 

lockdowns within the UK, we had multiple delays to the in vitro work as cells had to be resuscitated 

from cryostorage. Unfortunately, the LLE/LULS cell lines took 3-6 months to recover steady growth 

rates (1-week doubling rate) following cryopreservation. This severely delayed the assessment of 

plasmid constructs due to the optimization of chemotransfection methodologies being performed, 

and an inability to share lab spaces with other researchers, limiting the number of experiments 

which could be carried out weekly. Despite this the results we achieved are novel and lay the 

foundations for future vector control research. 
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6. 2. Future research 

This research presents evidence for the implementation of CRISPR-Cas9 vector control systems 

within phlebotomine sand flies and triatomine bugs. There is scope for creating a genome 

engineering platform for vector-parasite research. A key future objective would be the optimisation 

of the LLE/LULS cell lines to create an in vitro platform for modelling gene editing targets. 

Additionally, the successful results for CRISPR-Cas9 HDR transfections could be further developed for 

an in vivo gene drive system within sand flies and triatomine bugs. The detailed aspects of these 

potential approaches are outlined here. 

The LLE/LULS cell lines are uncharacterised heterogenous cultures (240,241). The heterogenous 

nature of these cells creates biases which can affect transfection efficiencies and result in differential 

expression (283). For research aims such as sex determination or the localised expression of anti-

parasitic molecules it is imperative that the cell type is characterised. For example, a characterised 

clonal line of gut epithelial cells could be used for modelling the expression of antimicrobial peptides 

(Section 1. 5. 3., Table 1) in a midgut targeting gene drive system (201,278). To achieve this multiple 

clonal lines could be created from the LLE/LULS cells using approaches such as semisolid agar or 

fluorescence-activated cell sorting (FACS)(284,449). Clonal lines would be characterized using 

morphological approaches as well as western blotting with RT-PCR for gene expression assays 

(450,451). Once characterised optimisation of transfection methodologies could be performed and 

localised gene targets for vector control can be assessed.  

The creation of a clonal cell line expressing Cas9 was of particular interest to our group. ACas9 

expressing cell line would increase productivity ofCRISPR-Cas9 mutations by allowing the delivery of 

purified gRNAs, facilitating the rapid screening of gene targets via transfection systems such as 

Lipofectamine™ CRISPRMAX™ (Invitrogen, USA). Briefly this line could be derived by FACS following 

transfections of the Ubiq-Cas9.874W plasmid (183). The DNA cassette within the Ubiq-Cas9.874W 

plasmid could also be integrated in vivo to derive a colony of sand flies or triatomines, such as cas9 

expressing lines used in dipteran studies (280,291). This would significantly increase the capacity of 

gene target screening as gRNA delivery is often regarded as simpler than large DNA constructs or 

proteins. 

Furthering the successful CRISPR-Cas9 HDR transfections, the natural progression would be the 

development and assessment of a gene drive system within sand flies and triatomine bugs. Multiple 

approaches to gene drive development have been assessed within insects such as daisy-drives and 

reverse drives (Section 1. 5. 1.) (157,160,161). Gene drives are reliant on a germline specific 
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promoter driving Cas9 endonucleases for the inheritance of desired traits within offspring. Two 

promising promoters currently used for gene drive constructs are from the nanos and zero 

population growth (zpg) genes (158,355). The nanos gene is involved in embryogenesis forming an 

mRNA repressor complex with pumilio proteins (452). When integrated into gene drive systems 

nanos reduced somatic expression over previously used germline promoters (vasa) limiting the 

formation of mutations which have a fitness cost (158). The zpg germline specific gene is involved in 

the formation of insect gonad development, therefore, mutations within the gene cause a reduction 

in female fecundity which can be used for population control (453,454). The zpg gene is conserved 

across multiple Diptera, when incorporated into gene drives the zpg promoter elicits fewer 

resistance alleles than nanos based drives (355,455). Constructs incorporating gene drive elements 

for sand flies and triatomine bugs could be transfected using our CRISRP-Cas9 platform or piggyBac 

plasmids (109).  

Gene drives within sand flies and triatomines have the potential to limit parasite transmission via 

population control. Multiple gene targets for population suppression have previously been assessed 

in other insects, including β2-tubulin, doublesex, filial 1, fruitless and nix (157,167,172,179,164,293). 

Genes linked to parasite attachment and vector competency include caspar, galectins, and 

glycoproteins, which have the potential to be used in population replacement drives (189–192,456). 

The expression of anti-microbial peptides (AMPs) within mosquitos has been shown to reduce 

malaria transmission in caged experiments (201). In previous literature, a number of AMPs have 

been identified to be active against Leishmania spp. and T. cruzi. The most promising of which 

include cathelicidins, immunity-related proteins, and insect venoms (Section 1. 5. 3., Table Table 1 

Table 2)(204,207,209,211–214,219). The peptides were assessed against parasites via different 

methodologies. Therefore, we would aim to reassess their active concentrations against parasites 

using a standardised approach and carry out toxicity assays for the insect vectors via the feeding of 

tainted blood. Once assessed the peptides could be introduced into a population via a gene-drive 

which is localised to gut expression via promoters such as carboxypeptidase A1, gambicin1, or G12 

(86,201,247). Furthering this, once successful candidates have been integrated into populations via 

gene drives, we would need to assess multigenerational inheritance and efficacy of transmission 

interruption within large cage experiments, mimicking field conditions before release (355) 

However, when applying gene-drives to sand flies and triatomine bugs, a number of considerations 

must be applied. Triatomine bugs are considerably longer lived than that of mosquitos or other 

Diptera, with R. prolixus taking 5-6 months from egg emergence to oviposition (402). This means 

that populations studies for control would take several years and in wild populations edited insects 
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have a higher risk of mortality before they are able to pass on traits. Another factor in the spread of 

gene-drives, is the evidence that triatomine populations do not migrate between households in large 

numbers, with most novel domestic infestations coming from sylvatic populations (457). This could 

be overcome by releasing gene-drive insects within sylvatic environments or by mass roll out within 

domestic environments, however, there are ethical complications when considering releasing blood-

feeding disease vectors within households. Phlebotomine sand flies are also known to show low 

dispersal of populations (≤500m), which could be useful to limit the spread of gene-drives outside of 

disease endemic areas, whilst allowing traits to be driven through populations within a targeted area 

(458–460). For both Chagas disease and leishmaniasis multiple species of vectors can be present in 

the same geographical area (Section 1. 3.). Whilst there is evidence of cross species hybridization 

potentially spreading gene-drives this is limited and theorised to mostly occur between those within 

the same genus (461–463). To overcome this all-potential vectors within the target area would need 

to be characterised, transfected, and reared on mass to produce a stable transgenic line for release. 

This is a costly and labour intensive endeavour for a single species, which may not be feasible for the 

estimated 120 triatomine species and 988 phlebotomine sand fly species which transmit their 

respective parasites (54,55,66,464).  

The implementation of CRISPR-Cas9 systems to sand flies and triatomine bugs is not limited to 

vector control strategies and is of great benefit to functional genomics studies, in particular vector-

parasite interactions. In sand flies, there are a number of unknown interactions which could be vital 

to leishmania control. Multiple potential vaccine targets are being produced from sand fly saliva 

antigens (465). With gene editing potential antigens could be removed to assess which are vital for 

successful transmission of Leishmania by assessing immune responses in mice. Immune responses to 

Leishmania infection in the sand flies are also not fully understood with many citing these as an 

important area for transmission control (67). This was the focus of the first CRISPR-Cas9 gene editing 

in sand flies, which targeted the relish gene showing a reduction in gut bacteria when functionally 

removed (222). Other immune pathways are also theorised to be involved in Leishmania control and 

could be studied using gene editing techniques, our research targeted the caspar gene with the 

intention of challenging parasites to transgenic insects if a line had been achieved (192). In 

triatomines, the attachment molecule for epimastigotes in the hind gut is still not known. Previous 

research theorises a hydrophobic molecule which attaches to a hemidesmosome-like material under 

parasite plasma membranes is responsible (466). By identifying potential attachment proteins using 

the R. prolixus genome, we could screen genes via CRISPR-Cas9 mutations potentially creating 

insects which pass parasites before they develop to trypomastigotes. A number of antimicrobial 

molecules have been identified in the immune pathways of triatomine bugs, such as cathepsin D, 
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defensins, and nitric oxides (467–469). These have the potential to block parasite infection and may 

be responsible for the genotype specific nature of insects like R. prolixus (467). If investigated further 

or integrated into other insects via HDR these peptides could block transmission of multiple 

genotypes. These examples among others show the potential of gene editing in these vectors for 

furthering our understanding of parasite interactions and potentially discovering novel pathways 

which can be developed into control programs.  

In summary, genome engineering in sand flies and triatomines is limited and the research outlined 

here addresses this omission. We have demonstrated sand fly and triatomine specific gene editing 

platforms, through both in vitro and in vivo assessment, to detect mutagenesis and integrate 

exogenous DNA cassettes. These results are novel, with CRISPR-Cas9 based mutations being 

achieved for the first time in Lutzomyia longipalpis (HDR) and Rhodnius prolixus (NHEJ & HDR). Our 

findings may be of interest to the wider vector control research community, reducing an enormous 

burden of human suffering. 
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8. Appendix 

Appendix 1. A visual methodology of gRNA design using ChopChop v3.  
A) the search page for ChopChop. gRNAs are located within genes by searching with gene IDs from the 
selected genome. Ai) the general settings tab. Aii) the Cas9 settings tab. Aiii) the primer settings tab. B) the 
gRNA ranking readout. C) the primer design readout.  All settings altered from default are highlighted with a 
red box. The gRNA region placed into a DNA construct is highlighted in blue.   
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Appendix 2. PCR primers used for CRISPR-Cas9 genome editing in phlebotomine sand flies. 

Name of primer 
pair 

Target gene Function Direction Sequence 

Caspar1 caspar 

gRNA/CRISPR-Cas9 
mutation 

confirmation of gRNA 
1 

Forward CGAGGTCAAATCGGATGTCT 

Reverse GATAGAATTCCGGATGGGGT 

Caspar2 caspar 

gRNA/CRISPR-Cas9 
mutation 

confirmation of gRNA 
2 

Forward AGAACCAATGGCAGGAACAC 

Reverse CTTGATGCCTCACAGCGATA 

Caspar3 caspar 

gRNA/CRISPR-Cas9 
mutation 

confirmation of 
gRNAs 3 & 4 

Forward CAGAGAATCGCGAAGAGACC 

Reverse TTGTCTCTCGCCACATTGAG 

Cinnabar_con cinnabar 
gRNA/CRISPR-Cas9 

mutation 
confirmation 

Forward ATGTGGACGGTTCATTGACA 

Reverse GTACTGCCCGAAGAAACCAA 

Ebony_con ebony 

gRNA/CRISPR-Cas9 
mutation 

confirmation of L. 
longipalpis gRNA 

Forward TTTCTTCAAAGCTCTGGGTCTT 

Reverse TTGAAGGAGGGAGGCAATAA 

Ebony1 ebony 

gRNA/CRISPR-Cas9 
mutation 

confirmation of P. 
papatasi gRNA 1 

Forward TCAAGGATGTGGCAACAAAA 

Reverse TTTAGTTTCGATTCCGCCAC 

Ebony2 ebony 

gRNA/CRISPR-Cas9 
mutation 

confirmation of P. 
papatasi gRNA 2, 3, & 

4 

Forward TGTGGCAACAAAACAGCAAT 

Reverse TTTAGTTTCGATTCCGCCAC 

Eyeless_con eyeless 

gRNA/CRISPR-Cas9 
mutation 

confirmation of L. 
longipalpis gRNA 

Forward CGGGGTTGTGGCTATCTTT 

Reverse ATGCACTTCCCATCCCAAT 

Rudimentary_con
1 

Rudimentary 

gRNA/CRISPR-Cas9 
mutation 

confirmation of gRNA 
1 

Forward AATCAAATTCCCATCGAACG 

Reverse GAAACGGCAACAAAGGTGAT 

Rudimentary_con
2 

Rudimentary 

gRNA/CRISPR-Cas9 
mutation 

confirmation of gRNA 
2 

Forward AACGCGGAAAAGGGAGTATT 

Reverse GTTGCATGCTTTGGGGATAA 

Rudimentary Forward GCACAATACGCCCTGAATTT 
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Rudimentary_con
3 

gRNA/CRISPR-Cas9 
mutation 

confirmation of gRNA 
3 

Reverse AAGCTAAAGAAATGCCCGTG 

Scarlet_con5’ scarlet 

gRNA/CRISPR-Cas9 
mutation 

confirmation of 5’ 
gRNA 

Forward GCTTTGGGAGTGAGGGTGTA 

Reverse CAGTGCCATCAATGTTCCAG 

Scarlet_con3’ scarlet 

gRNA/CRISPR-Cas9 
mutation 

confirmation of 3’ 
gRNA 

Forward GTCACGACAAGAGTGCCTCA 

Reverse TGGAGGTGAAACACCAACAA 

Scarlet_con_cent scarlet 

gRNA/CRISPR-Cas9 
mutation 

confirmation of 
central gRNA 

Forward AAAAGTCCGGCCTCTACAGC 

Reverse CCCCTGATTCGCAAAATATC 

Vestigial_con vestigial 

gRNA/CRISPR-Cas9 
mutation 

confirmation of L. 
longipalpis gRNA 1 

Forward GTTGGTCGTGATGCAATCTG 

Reverse AAATTTTAGCCCGGGAAATG 

Vestigial_con vestigial 

gRNA/CRISPR-Cas9 
mutation 

confirmation of L. 
longipalpis gRNA 2 

Forward TTACCACGCGAGATGAAAGG 

Reverse TATCAAAAGGGCCGAACAAG 

Vestigial_con vestigial 

gRNA/CRISPR-Cas9 
mutation 

confirmation of L. 
longipalpis gRNA 3 

Forward CAAGGAGGCACACAATTGAA 

Reverse TCGCCAAACCTTAGATAACAA 

Vestigial1 vestigial 

gRNA/CRISPR-Cas9 
mutation 

confirmation of P. 
papatasi gRNA 1, 2 & 

3 

Forward TGATCCATAACACAACCGGA 

Reverse GCCATTGTGGGGTAGCTAGA 

Vestigial2 vestigial 

gRNA/CRISPR-Cas9 
mutation 

confirmation of P. 
papatasi gRNA 4 

Forward CGGATTTGTATTCCGCAGAT 

Reverse TTTGTAACTTTGCATCCACCA 

White_con white 
gRNA/CRISPR-Cas9 

mutation 
confirmation of gRNA 

Forward TTGCCCTTTATATCCCTTGC 

Reverse CTCGAAACCGATGGTCATTT 

Yellow_con1 yellow 

gRNA/CRISPR-Cas9 
mutation 

confirmation of L. 
longipalpis gRNA 1, 2 

& 3 

Forward AAAATTCATACACGGGTGGG 

Reverse ATCAAAATGCACTGCTCACG 
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Yellow1 yellow 

gRNA/CRISPR-Cas9 
mutation 

confirmation of P. 
papatasi gRNA 1, 2 & 

4 

Forward CTCCCCATTGGAAGTTCAGA 

Reverse CATCTCCAGGGACACTCCAT 

Yellow2 yellow 

gRNA/CRISPR-Cas9 
mutation 

confirmation of P. 
papatasi gRNA 3 

Forward ACGAAATGGTCAGTCCCTTG 

Reverse ATCGGACATGTAGGCGTAGG 

Llon1_U6_insert 
L. longipalpis 

genome 

Amplification of the 
U6 promoter from 
the L. longipalpis 

genome for insertion 
into the pDCC6 

plasmid 

Forward 
GGCAACTCGTGAAAGGTAGGC

GGATCAGCGATTGAAGTGACAA
TTGAATATCCAACGGTT 

Reverse 
TAGCTCTAAAACAGGTCTTCTCG
AAGACCCAATTCCATGGCAAAT

CTATTTTCCTTATAA 

Llon1_U6_vector 
L. longipalpis 

genome 

Amplification of 
pDCC6 vector for 

insertion of L. 
longipalpis U6 

promoter. 

Forward 
TTATAAGGAAAATAGATTTGCC
ATGGAATTGGGTCTTCGAGAAG

ACCTGTTTTAGAGCTA 

Reverse 
AACCGTTGGATATTCAATTGTCA
CTTCAATCGCTGATCCGCCTACC

TTTCACGAGTTGCC 

Ppap1_U6_insert 
P. papatasi 

genome 

Amplification of the 
U6 promoter from 

the P. papatasi 
genome for insertion 

into the pDCC6 
plasmid 

Forward 
GGCAACTCGTGAAAGGTAGGC
GGATCAGCGTGTGATATCCCGT

GGGCCAAATTTGAAATG 

Reverse 
TAGCTCTAAAACAGGTCTTCTCG
AAGACCCAAATGCATAGAAATC

GAATTGATATATGAA 

Ppap1_U6_vector 
P. Papatasi 

genome 

Amplification of 
pDCC6 vector for 

insertion of P. 
papatasi U6 
promoter. 

Forward 
TTCATATATCAATTCGATTTCTAT
GCATTTGGGTCTTCGAGAAGAC

CTGTTTTAGAGCTA 

Reverse 
CATTTCAAATTTGGCCCACGGG
ATATCACACGCTGATCCGCCTAC

CTTTCACGAGTTGCC 

U6_con 
pDCC6 

plasmid 

Confirmation of 
endogenous 

promoter/gRNA 
insertion into the 

pDCC6 plasmid 

Forward CCGAGCGCAGCGAGTCAGTG 

Reverse AAACAAAAAAGCACCGACTC 

St_LHA_I scarlet 
Amplification of the 

left homology arm for 
incorporation into 

Forward 
ACCTTTGAGTTCTCTCAGTTGGG
GGCGTAGCTTGCATAACCCACTT

CACTCCAAGATACT 
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pDsRed-Ubi63e-attP 
for the HUTR 

approach 
Reverse 

CTTCGTATAGCATACATTATACG
AAGTTATGTTGAGACTGAGCAC

CACGAGACGACATTG 

St_LHA_V scarlet 

Amplification of the 
vector for 

incorporation of the 
left homology arm for 

the HUTR approach 

Reverse 
AGTATCTTGGAGTGAAGTGG
GTTATGCAAGCTACGCCCCC
AACTGAGAGAACTCAAAGGT 

St_RHA_I scarlet 

Amplification of the 
right homology arm 

for incorporation into 
pDsRed-Ubi63e-attP 

for the HUTR 
approach 

Forward 
CTTCGTATAATGTATGCTATACG
AAGTTATGCTTTAATGGTGCGAT

ATAGTGTGTGCCTG 

Reverse 
ATGCATGGAGATCTTTACTAGT
GCTCTTCTATATATATTTTTTCCA

GTGCATTCAAATGT 

St_RHA_V scarlet 

Amplification of the 
vector for 

incorporation of the 
right homology arm 

for the HUTR 
approach 

Forward 
ACATTTGAATGCACTGGAAA
AAATATATATAGAAGAGCAC
TAGTAAAGATCTCCATGCAT 

SC_LHA_I scarlet 

Amplification of the 
left homology arm for 

incorporation into 
pDsRed-Ubi63e-attP 
for the HSC approach 

Forward 
ACCTTTGAGTTCTCTCAGTTGGG
GGCGTAGTGGTGAACCTTGAAT

ACCATATGGCCGAGA 

Reverse 
CTTCGTATAGCATACATTATACG
AAGTTATACATTGTTGAAGACT

GCCGAGAAGAAGTAG 

SC_LHA_V scarlet 

Amplification of the 
vector for 

incorporation of the 
left homology arm 
the HSC approach 

Reverse 
TCTCGGCCATATGGTATTCAA
GGTTCACCACTACGCCCCCA
ACTGAGAGAACTCAAAGGT 

SC_RHA_I scarlet 

Amplification of the 
right homology arm 

for incorporation into 
pDsRed-Ubi63e-attP 

the HSC approach 

Forward 
CTTCGTATAATGTATGCTATACG
AAGTTATTACCCTTTGACAATGT

TCTCATGATGACAT 

Reverse 
ATGCATGGAGATCTTTACTAGT
GCTCTTCTTTAAGAGTTCATATA

TTAAGCCCAAAATAA 

SC_RHA_V scarlet 

Amplification of the 
vector for 

incorporation of the 
right homology arm 
the HSC approach 

Forward 
TTATTTTGGGCTTAATATATG
AACTCTTAAAGAAGAGCACT
AGTAAAGATCTCCATGCAT 
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Appendix 3. Densitometric analysis results showing mutations in the vestigial gRNA1 region of L. longipalpis 
insects transfected with CRISPR-Cas9 plasmids. 

St_HDR_con scarlet 
Confirmation of HDR 

insertion universal 
primer 

Forward CGCGACTCTAGATCATAATC 

St_RHA_R scarlet 
Confirmation of HDR 
insertion for HUTR 

approach 
Reverse TATTTATTATGCATTTAGAA 

SC_HC scarlet 
Confirmation of HDR 

insertion for HSC 
approach 

Reverse ACATGTAGAAGACTTATTTA 

Sample ID Band No. Band Volume % of Lane % Modification 

V1A* 1 10195259 15.68 N/A 

V1A 1 47635951 78.73 N/A 

V1B* 1 22080219 21.65 N/A 

V1B 1 69835173 81.21 N/A 

V1C* 1 22959437 21.95 N/A 

V1C 1 58899169 67.31 N/A 

V1D* 
1 17260922 25.94 

N/A 
2 8512520 4.96 

V1D 1 43281751 72.69 N/A 

V1E 1 65243734 74.12 N/A 

V1F* 1 25287577 35.02 N/A 

V1F 1 53337947 60.89 N/A 

V1G 1 59195585 79.59 N/A 

V1H* 

1 37120086 48.69 

5.72 2 15853477 6.02 

3 8723622 0.07 

V1H 1 91932443 77.09 N/A 

V1I* 

1 21126130 25.75 

9.87 2 10864555 5.39 

3 5385579 0.56 

V1I 1 51745065 68.46 N/A 

V1K* 

1 9759603 6.59 

N/A 
2 7555422 1.46 

3 7619378 1.04 

4 49420583 70.18 

V1L* 1 19497848 42.75 N/A 
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V1L 1 48651990 71.70 N/A 

V1M* 

1 11052480 57.10 

N/A 2 6044006 5.46 

3 5326430 3.65 

V1M 1 35664548 74.68 N/A 

V1N* 

1 4825368 12.09 

N/A 2 5164088 5.37 

3 6723766 19.33 

V1N 

1 6122712 0.86 

N/A 2 60976618 94.35 

3 6046848 0.51 

V1O* 

1 8241626 30.42 

N/A 2 6188484 7.71 

3 5927542 3.32 

V1O 1 43211508 84.42 N/A 

V1P* 

1 12604560 45.56 

19.21 
2 5650534 3.89 

3 9449882 20.91 

4 5986006 3.32 

V1P 

1 4731234 0.57 

N/A 
2 5888914 0.39 

3 55917858 93.94 

4 5934618 0.47 

V1Q* 
1 5599146 10.15 

N/A 
2 6073180 9.68 

V1Q 

1 4046428 0.06 

N/A 
2 4838592 0.31 

3 63050118 91.07 

4 6010366 1.77 

V1R* 

1 13916288 53.64 

16.89 

2 5302418 1.13 

3 6158324 3.52 

4 11030382 21.96 

5 5421318 2.06 

V1R 

1 6345374 0.57 

N/A 2 67356328 96.18 

3 5011258 0.31 

V1S* 1 15348888 64.61 N/A 
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2 5985890 2.36 

3 5192450 1.54 

V1S 
1 7683550 1.01 

N/A 
2 58253576 83.66 

V1T* 

1 13617298 58.88 

4.12 
2 7006110 3.87 

3 6670638 3.77 

4 5302476 1.39 

V1T 
1 5341916 1.36 

N/A 
2 42750698 79.76 

V1U* 
1 14112270 51.98 

N/A 
2 9324080 12.92 

V1U 

1 3843254 0.02 

N/A 
2 4276572 0.58 

3 58495320 95.45 

4 6242540 0.57 

V1V* 

1 7863466 26.31 

14.96 
2 5838802 12.60 

3 5877952 7.48 

4 5223538 2.59 

V1V 
1 4749852 0.52 

N/A 
2 50140130 83.91 

V1W* 

1 15231032 65.23 

1.67 2 4013600 1.26 

3 4563440 0.98 

V1W 1 46544014 84.44 N/A 

V1X* 

1 23972661 35.90 

1.75 
2 7278729 1.17 

3 7524171 1.21 

4 4507503 0.08 

V1X 1 79643712 71.36 N/A 

V1Y* 

1 23961574 29.31 

9.29 

2 5641442 0.73 

3 12554566 5.82 

4 5469950 0.49 

5 4386004 0.09 

V1Y 
1 6888944 1.38 

N/A 
2 60009180 63.52 
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Appendix 4. Densitometric analysis results showing mutations in the vestigial gRNA2 region of L. longipalpis 
insects transfected with CRISPR-Cas9 plasmids. 

3 7302670 2.30 

V1Z* 

1 31433380 42.10 

2.56 

2 5922426 1.07 

3 7959746 1.01 

4 8935564 1.22 

5 5773936 0.59 

V1Z 
1 69679196 70.30 

N/A 
2 5044196 1.41 

Sample ID Band No. Band Volume % of Lane % Modification 

V2A* 1 10218564 11.74 N/A 

V2A 
1 60075423 74.07 

N/A 
2 6568968 0.96 

V2B* 

1 26411597 45.32 

N/A 2 10204507 2.22 

3 7273457 1.05 

V2B 

1 61567361 72.85 

N/A 
2 2977166 0.72 

3 5620662 1.02 

4 8532314 1.83 

V2C* 

1 24368341 42.79 

N/A 2 12492983 5.02 

3 6972483 0.83 

V2C 

1 59606760 74.69 

N/A 2 6454410 1.15 

3 7720892 1.21 

V2D* 
1 20259259 30.63 

N/A 
2 12293513 14.75 

V2D 

1 84941036 84.35 

N/A 2 6236396 0.99 

3 3786697 0.04 

V2E* 1 27221433 54.52 N/A 

V2E 

1 52074602 81.75 

N/A 2 5326215 0.79 

3 6773867 2.25 
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4 3917176 0.97 

V2F* 1 23609501 54.09 N/A 

V2F 1 27389427 58.98 N/A 

V2G* 

1 23000206 55.95 

18.77 2 16980790 24.72 

3 7716669 4.13 

V2G 

1 56255556 84.44 

N/A 
2 2805568 0.54 

3 6934565 0.36 

4 6540504 1.26 

V2H* 

1 14169853 44.86 

17.71 
2 13569351 17.87 

3 6242141 3.53 

4 4102506 1.42 

V2H 

1 53050499 85.58 

N/A 2 5044382 0.30 

3 4621175 0.91 

V2I* 

1 16881906 57.70 

12.62 
2 10961964 11.23 

3 9083935 6.64 

4 5325340 1.30 

V2I 

1 62024694 85.88 

N/A 
2 4685780 0.72 

3 5317021 0.55 

4 4843251 0.94 

V2K* 

1 16377043 55.37 

11.27 2 8569396 8.98 

3 7818149 5.98 

V2K 

1 40189089 80.72 

N/A 2 5740405 0.34 

3 4496213 0.83 

V2M* 
1 12237662 55.82 

N/A 
2 6726354 6.81 

V2M 

1 62743373 88.40 

N/A 
2 6560623 0.41 

3 7752954 1.24 

4 7001648 1.85 

V2N* 1 20982937 66.02 6.43 
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2 5750612 4.23 

3 6882527 4.26 

4 3903322 0.89 

5 4335261 1.87 

V2N 

1 56199801 86.02 N/A 

2 3897894 0.49 N/A 

3 3731042 0.38 N/A 

4 2564435 0.43 N/A 

V2O* 

1 12965368 46.74 

17.30 2 9565198 10.63 

3 9713819 10.96 

V2O 
1 46679502 76.94 N/A 

2 5155420 1.95 N/A 

V2P* 1 12092935 62.05 N/A 

V2P 1 29465367 83.42 N/A 

V2Q* 

1 12390472 52.27 

15.15 2 8287553 10.07 

3 8706571 10.26 

V2Q 

1 40422257 92.46 

N/A 2 4338565 0.31 

3 4936943 0.41 

V2Q* 

1 28422660 14.61 

10.20 2 12969098 1.99 

3 13739076 1.51 

V2Q 1 74588170 51.14 N/A 

V2R* 

1 28939678 13.84 

11.70 2 17224530 2.08 

3 14329750 1.83 

V2R 

1 95716158 59.43 

N/A 2 8437890 1.22 

3 11444022 0.96 

V2S* 1 42829662 26.39 N/A 

V2S 

1 97101052 60.95 

N/A 2 13443894 1.66 

3 7191566 0.33 

V2T* 
1 38963094 23.31 

N/A 
2 15102828 2.84 

V2T 1 86791878 54.34 N/A 



226 
 

 

 

 

 

 

 

 

 

 

 

Appendix 5. Potential delayed development following transfection of Rhodnius prolixus embryos with 
piggyBac based plasmids.  
A= a wild-type embryo B= an embryo transfected with the pHome-T plasmid. Both embryos are 10 days post 
oviposition. These images were taken using an Olympus SZ51 microscope at 30x magnification. The scale bars 
represent 1mm. 

  

2 12925946 2.17 

V2U* 

1 45787124 24.83 

15.24 2 23882834 7.67 

3 15698586 2.06 

V2U 1 106574342 67.89 N/A 

V2V* 1 64274842 43.18 N/A 

V2V 1 105832946 66.99 N/A 

V2W* 1 45810374 28.33 N/A 

V2W 1 84605696 66.51 N/A 

V2X* 1 37135458 19.56 N/A 

V2X 1 91289978 58.90 N/A 

V2Y* 
1 37126716 18.77 

N/A 
2 21608550 6.60 

V2Y 1 85880106 60.64 N/A 

V2Z* 1 25587648 13.06 N/A 

V2Z 1 76175494 55.79 N/A 

A B 



227 
 

Appendix 6. PCR primers used for CRISPR-Cas9 genome editing in R. prolixus. 

Name of 
primer pair 

Target 
gene 

Function Direction Sequence 

white_con white 
gRNA/CRISPR-Cas9 mutation 

confirmation 

Forward TGAGTTGTGAATTCTTTGACGC 

Reverse ATCAGCAATTGTGGTCTTCAA 

eyeless_con eyeless 
gRNA/CRISPR-Cas9 mutation 

confirmation 

Forward GCTATTTCCTCAAAAATGGCA 

Reverse ACCCGGCTCCTTCATACTTT 

krüppel_con krüppel 
gRNA/CRISPR-Cas9 mutation 

confirmation 

Forward AGAAAAGCACTTTGACCGGA 

Reverse GTCTTGCATTCGTGGAGGAT 

aaNAT_con aaNAT 
gRNA/CRISPR-Cas9 mutation 

confirmation 

Forward TCAATCCCACTAACACACACG 

Reverse CTGGATTCAGGGAATCACAAA 

yellow_con yellow 
gRNA/CRISPR-Cas9 mutation 

confirmation 

Forward TTGTCCATATGCACTTCATGC 

Reverse TGGTACCTTGCATCGTATGG 

Rpro1_U6_inse
rt 

R. 
prolixus 
genome 

Amplification of the U6 
promoter from the R. prolixus 
genome for insertion into the 

pDCC6 plasmid 

Forward 
GGCAACTCGTGAAAGGTAGGC
GGATCAGCGGTTGTTCTTACTG

TGGGAAAATCCATTGTG 

Reverse 
TAGCTCTAAAACAGGTCTTCTC
GAAGACCCAGCTAGAAGAGAT

TTTTTCTGGCTTATATA 

Rpro1_U6_vec
tor 

R. 
prolixus 
genome 

Amplification of pDCC6 vector 
for insertion of R. prolixus U6 

promoter. 

Forward 
TATATAAGCCAGAAAAAATCTC
TTCTAGCTGGGTCTTCGAGAAG

ACCTGTTTTAGAGCTA 

Reverse 
CACAATGGATTTTCCCACAGTA
AGAACAACCGCTGATCCGCCTA

CCTTTCACGAGTTGCC 

U6_con 
pDCC6 
plasmid 

Confirmation of endogenous 
promoter/gRNA insertion into 

the pDCC6 plasmid 

Forward CCGAGCGCAGCGAGTCAGTG 

Reverse AAACAAAAAAGCACCGACTC 

LHA_V_uni 

Universa
l for 

DsRed-
ubi63e-

attP 

Amplification of the vector for 
incorporation of the left 

homology arm 
Forward 

ATAATGTATGCTATACGAAGTT
ATCGTACGCGCGCAGATCGCCG

ATGGGCGTGGCGCCGG 

ey_LHA_I eyeless 
Amplification of the left 

homology arm for incorporation 
into pDsRed-Ubi63e-attP 

Forward 
ACCTTTGAGTTCTCTCAGTTGG
GGGCGTAGATGCAGAGCAAGC

CTAACAGCTGGTAGTAT 

Reverse 
CTTCGTATAGCATACATTATACG
AAGTTATGTGACCTGCACCAAA

TCACAAACAGTCCAT 

ey_LHA_V eyeless 
Amplification of pDsRed-Ubi63e-
attP for incorporation of the left 

homology arm 
Reverse 

ATACTACCAGCTGTTAGGCTTG
CTCTGCATCTACGCCCCCAACT

GAGAGAACTCAAAGGT 

k_LHA_I krüppel 
Amplification of the left 

homology arm for incorporation 
into pDsRed-Ubi63e-attP 

Forward 
ACCTTTGAGTTCTCTCAGTTGG
GGGCGTAGTAATTTTTTATAAC

TTTGTTTCGGTCGGTT 
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Reverse 
CTTCGTATAGCATACATTATACG
AAGTTATTCGTAAATTTGCGAC

TTGTACGAAATTTCT 

k_LHA_V krüppel 
Amplification of pDsRed-Ubi63e-
attP for incorporation of the left 

homology arm 
Reverse 

AACCGACCGAAACAAAGTTATA
AAAAATTACTACGCCCCCAACT

GAGAGAACTCAAAGGT 

p_LHA_I aaNAT 
Amplification of the left 

homology arm for incorporation 
into pDsRed-Ubi63e-attP 

Forward 
ACCTTTGAGTTCTCTCAGTTGG
GGGCGTAGGAGAATTGAAAAT

AATGTGAAAGCAAAGAA 

Reverse 
CTTCGTATAGCATACATTATACG
AAGTTATAAGAAAAACTTTCTT

AAAAAAGCAATTACA 

p_LHA_V aaNAT 
Amplification of pDsRed-Ubi63e-
attP for incorporation of the left 

homology arm 
Reverse 

TTCTTTGCTTTCACATTATTTTCA
ATTCTCCTACGCCCCCAACTGA

GAGAACTCAAAGGT 

y_LHA_I yellow 
Amplification of the left 

homology arm for incorporation 
into pDsRed-Ubi63e-attP 

Forward 
ACCTTTGAGTTCTCTCAGTTGG
GGGCGTAGTTCGGAAATATTTT

ACCCTTGATCTCAACC 

Reverse 
CTTCGTATAGCATACATTATACG
AAGTTATGGATCAGGATGAAA

GAAACCATGTTCAAAT 

y_LHA_V yellow 
Amplification of pDsRed-Ubi63e-
attP for incorporation of the left 

homology arm 
Reverse 

ATTTGAACATGGTTTCTTTCATC
CTGATCCCTACGCCCCCAACTG

AGAGAACTCAAAGGT 

RHA_V_uni 

Universa
l for 

DsRed-
ubi63e-

attP 

Amplification of the vector for 
incorporation of the right 

homology arm 
Reverse 

ATAGCATACATTATACGAAGTT
ATACCGGTTAAGATACATTGAT

GAGTTTGGACAAACCA 

ey_RHA_I eyeless 
Amplification of the right 

homology arm for incorporation 
into pDsRed-Ubi63e-attP 

Forward 
CTTCGTATAATGTATGCTATACG
AAGTTATTGTATTTGTCAGTGG

GCGACCTTTGCCTGA 

Reverse 
ATGCATGGAGATCTTTACTAGT
GCTCTTCTTGTTAGGCAAGAGG

TTTATTAAGATAGTCT 

ey_RHA_V eyeless 
Amplification of pDsRed-Ubi63e-

attP for incorporation of the 
right homology arm 

Forward 
GTGTTTATAAACATATAATTTTA
CAACTTTAGAAGAGCACTAGTA

AAGATCTCCATGCAT 

k_RHA_I krüppel 
Amplification of the right 

homology arm for incorporation 
into pDsRed-Ubi63e-attP 

Forward 
CTTCGTATAATGTATGCTATACG
AAGTTATAGAACGGCCCTACGC

TTGCACCCAGTGTAC 

Reverse 
ATGCATGGAGATCTTTACTAGT
GCTCTTCTATTTTGCAATTTTTTT

ATTACTTTTTTTTA 

k_RHA_V krüppel 
Amplification of pDsRed-Ubi63e-

attP for incorporation of the 
right homology arm 

Forward 
TAAAAAAAAGTAATAAAAAAAT
TGCAAAATAGAAGAGCACTAGT

AAAGATCTCCATGCAT 
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p_RHA_I aaNAT 
Amplification of the right 

homology arm for incorporation 
into pDsRed-Ubi63e-attP 

Forward 
CTTCGTATAATGTATGCTATACG
AAGTTATGTGTAGGACTGCTAG

ATGAGCCTGGATCTA 

Reverse 
ATGCATGGAGATCTTTACTAGT
GCTCTTCTAAAGTTGTAAAATTA

TATGTTTATAAACAC 

p_RHA_V aaNAT 
Amplification of pDsRed-Ubi63e-

attP for incorporation of the 
right homology arm 

Forward 
GTGTTTATAAACATATAATTTTA
CAACTTTAGAAGAGCACTAGTA

AAGATCTCCATGCAT 

y_RHA_I yellow 
Amplification of the right 

homology arm for incorporation 
into pDsRed-Ubi63e-attP 

Forward 
CTTCGTATAATGTATGCTATACG
AAGTTATCCGGACTAAATTTCC

AATGGGAAGCTGAAG 

Reverse 
ATGCATGGAGATCTTTACTAGT
GCTCTTCTTCTGTTTTAAGCTCC

TTTAATTGGAAATAT 

y_RHA_V yellow 
Amplification of pDsRed-Ubi63e-

attP for incorporation of the 
right homology arm 

Forward 
ATATTTCCAATTAAAGGAGCTT
AAAACAGAAGAAGAGCACTAG

TAAAGATCTCCATGCAT 

St_HDR_con scarlet 
Confirmation of HDR insertion 

universal primer 
Forward CGCGACTCTAGATCATAATC 

HDR_ey eyeless 
Confirmation of HDR insertion 
via amplification of gRNA/HA 

region 

Forward TCAATCCTAGCTAGACCCTT 

Reverse 
GATTGTACAGGAGTCACTGAAT

CAG 

HDR_k krüppel 
Confirmation of HDR insertion 
via amplification of gRNA/HA 

region 

Forward GGCCATTCGTCGGACTTGGA 

Reverse TTTCGGTTCAAAAATACCCG 

HDR_p aaNAT 
Confirmation of HDR insertion 
via amplification of gRNA/HA 

region 

Forward AAAAGTACGCCTTTGATAAC 

Reverse TATGCTTCCACACACCCTTG 

HDR_y yellow 
Confirmation of HDR insertion 
via amplification of gRNA/HA 

region 

Forward CATTATGTCCGTTGCAATCA 

Reverse ACTTAATGGAGCAATATTCT 
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 Appendix 7. Reference images for the mean grey scale analysis of aaNAT targeted R. prolixus nymphs.  
A) wild-type nymphs imaged in session 1. B) aaNAT targeted nymphs imaged in session 1. C) wild-type nymphs 
imaged in session 2. D) aaNAT targeted nymphs imaged in session 2. The associated graphs for these images 
are found in Figure 46, and the data is found in Appendix 8. 
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Appendix 8. Data output for mean grey scale analysis of aaNAT targeted R. prolixus nymphs. 

Session Nymph 
target 

Nymph 
number ROI Mean  

(a. u.) 
Minimum grey 

value  
(a. u.) 

Maximum grey 
value  
(a. u.) 

Mean of ROIs 
(a. u.) 

1 

WILDTYPE 

1 

Head 32.143 24 40 

35.44225 
Thorax 33.205 24 43 

Tergite 3 37.278 28 65 
Tergite 7 39.143 27 59 

2 

Head 40.35 26 74 

38.9645 
Thorax 34.346 19 68 

Tergite 3 43.861 31 88 
Tergite 7 37.301 24 51 

3 

Head 36.504 26 55 

42.92675 
Thorax 39.604 27 72 

Tergite 3 55.62 38 78 
Tergite 7 39.979 31 55 

aaNAT 

1 

Head 38.952 28 51 

42.585 
Thorax 39.36 29 59 

Tergite 3 47.682 40 63 
Tergite 7 44.346 31 64 

2 

Head 32.101 22 56 

33.13075 
Thorax 31.424 19 52 

Tergite 3 34.275 23 71 
Tergite 7 34.723 26 60 

3 

Head 38.865 20 80 

36.41475 
Thorax 31.167 16 68 

Tergite 3 38.751 24 68 
Tergite 7 36.876 29 47 

4 

Head 38.287 24 74 

42.20925 
Thorax 44.595 25 88 

Tergite 3 50.059 37 75 
Tergite 7 35.896 30 43 

2 WILDTYPE 1 

Head 44.832 30 80 

46.6935 
Thorax 47.235 32 80 

Tergite 3 53.206 38 74 
Tergite 7 41.501 34 49 
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2 

Head 41.905 32 51 

49.1205 
Thorax 44.913 32 71 

Tergite 3 62.205 49 86 
Tergite 7 47.459 40 66 

aaNAT 

1 

Head 47.261 26 103 

42.873 
Thorax 44.37 26 69 

Tergite 3 45.326 29 77 
Tergite 7 34.535 26 52 

2 

Head 43.96 28 84 

41.89325 
Thorax 40.171 24 73 

Tergite 3 43.496 29 68 
Tergite 7 39.946 27 53 

3 

Head 37.845 21 82 

38.929 
Thorax 32.167 20 64 

Tergite 3 45.389 34 57 
Tergite 7 40.315 29 47 

4 

Head 35.44 24 50 

38.638 
Thorax 32.282 17 79 

Tergite 3 48.618 37 59 
Tergite 7 38.212 34 43 

5 

Head 37.243 28 55 

42.61625 
Thorax 39.417 32 53 

Tergite 3 51.552 39 72 
Tergite 7 42.253 29 79 

6 

Head 38.275 25 72 

41.38625 
Thorax 36.059 19 71 

Tergite 3 49.546 39 60 
Tergite 7 41.665 34 51 

7 

Head 37.779 23 72 

41.36075 
Thorax 40.437 19 77 

Tergite 3 45.257 31 55 
Tergite 7 41.97 35 52 
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Appendix 9. Reference images for the mean grey scale analysis of yellow targeted R. prolixus nymphs.  
A) wild-type nymphs imaged in session 1. B) yellow targeted nymphs imaged in session 1. C) wild-type nymphs 
imaged in session 2. D) yellow targeted nymphs imaged in session 2. The * symbol signifies this insect was 
excluded from analysis due to light distortion. The associated graphs for these images are found in Figure 47, 
and the data is found in Appendix 10.  
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Appendix 10. Data output for mean grey scale analysis of yellow targeted R. prolixus nymphs. 

Session Nymph 
target 

Nymph 
number ROI Mean 

(a. u.) 
Minimum grey 

value (a. u.) 
Maximum grey 

value (a. u.) 
Mean of ROIs 

 (a. u.) 

1 

WILDTYPE 

1 

Head 49.988 33 90 

57.801 
Thorax 45.381 33 68 

Tergite 3 74.144 51 121 
Tergite 7 61.691 37 120 

2 

Head 56.039 30 138 

62.12625 
Thorax 55.987 37 97 

Tergite 3 84.68 57 131 
Tergite 7 51.799 37 101 

3 

Head 57.156 34 115 

61.5355 
Thorax 52.631 29 124 

Tergite 3 80.918 64 112 
Tergite 7 55.437 33 116 

5 

Head 51.184 27 108 

58.06 
Thorax 50.203 30 101 

Tergite 3 72.311 52 100 
Tergite 7 58.542 39 86 

YELLOW 

1 

Head 47.182 24 81 

58.99325 
Thorax 47.703 25 101 

Tergite 3 77.394 50 107 
Tergite 7 63.694 46 113 

2 

Head 39.022 19 88 

51.29925 
Thorax 40.852 18 89 

Tergite 3 74.48 43 116 
Tergite 7 50.843 27 76 

3 

Head 51.169 27 103 

55.81125 
Thorax 49.223 25 106 

Tergite 3 69.125 46 111 
Tergite 7 53.728 32 116 

4 

Head 43.656 17 119 

51.24025 
Thorax 45.009 20 107 

Tergite 3 68.135 46 121 
Tergite 7 48.161 34 74 
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5 

Head 38.152 12 85 

47.40875 
Thorax 41.476 20 77 

Tergite 3 67.817 43 116 
Tergite 7 42.19 22 89 

6 

Head 39.496 10 104 

50.27925 
Thorax 41.259 17 100 

Tergite 3 68.924 38 111 
Tergite 7 51.438 29 82 

7 

Head 42.759 19 77 

46.813 
Thorax 38.444 14 114 

Tergite 3 62.421 34 110 
Tergite 7 43.628 21 92 

8 

Head 37.075 12 80 

47.83 
Thorax 40.51 14 128 

Tergite 3 63.844 43 95 
Tergite 7 49.891 25 98 

9 

Head 49.807 27 79 

58.6255 
Thorax 50.39 34 72 

Tergite 3 79.372 65 110 
Tergite 7 54.933 35 107 

2 WILDTYPE 

1 

Head 45.625 28 137 

60.446 
Thorax 46.73 26 102 

Tergite 3 77.462 57 112 
Tergite 7 71.967 50 106 

2 

Head 41.61 22 92 

60.06875 
Thorax 49.721 23 145 

Tergite 3 71.869 51 115 
Tergite 7 77.075 54 131 

3 

Head 54.216 33 92 

57.69525 
Thorax 48.817 27 113 

Tergite 3 63.587 38 115 
Tergite 7 64.161 44 93 

4 
Head 39.212 23 85 

57.0745 Thorax 41.52 24 84 
Tergite 3 75.872 55 141 
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Tergite 7 71.694 58 111 

5 

Head 44.61 26 98 

58.0375 
Thorax 44.283 30 80 

Tergite 3 73.214 44 111 
Tergite 7 70.043 44 122 

YELLOW 

1 

Head 32.11 12 74 

51.03125 
Thorax 39.178 19 68 

Tergite 3 60.968 40 121 
Tergite 7 71.869 42 102 

2 

Head 65.832 51 89 

78.70225 
Thorax 68.475 54 92 

Tergite 3 87.383 75 111 
Tergite 7 93.119 80 109 

3 

Head 40.415 10 99 

51.2425 
Thorax 39.649 20 103 

Tergite 3 65.581 37 111 
Tergite 7 59.325 39 88 

4 

Head 39.208 17 85 

50.114 
Thorax 42.571 19 97 

Tergite 3 64.536 38 112 
Tergite 7 54.141 25 130 

5 

Head 35.895 10 94 

42.93025 
Thorax 29.7 13 70 

Tergite 3 50.045 22 90 
Tergite 7 56.081 23 111 

6 

Head 36.565 11 85 

41.0765 
Thorax 28.251 9 73 

Tergite 3 58.754 26 104 
Tergite 7 40.736 11 95 

7 

Head 25.324 8 71 

43.48675 
Thorax 28.19 10 74 

Tergite 3 59.251 32 111 
Tergite 7 61.182 38 95 

8 

Head 33.004 10 81 

43.11 
Thorax 37.881 13 85 

Tergite 3 55.247 32 113 
Tergite 7 46.308 24 98 
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Appendix 11. Reference images for the mean grey scale analysis of the yellow 1 R. prolixus nymph.  
A) wild-type nymphs. B) the yellow 1 nymph. The * symbol highlights that the ROI highlighted was excluded 
from data analysis. 

Appendix 12. Data output for mean grey scale analysis of yellow 1 R. prolixus nymph.  

Nymph 
target 

Nymph 
number ROI 

Mean grey 
value 
(a. u.) 

Minimum grey 
value (a. u.) 

Maximum grey 
value 
(a. u.) 

Mean of 
ROIs 

 (a. u.) 

WILDTYPE 

1 

1 77.191 39 148 

67.4645 
2 59.822 20 136 
3 59.726 28 129 
4 73.119 30 145 

2 

1 87.394 38 143 

68.069 
2 60.767 24 142 
3 57.697 34 117 
4 66.418 37 115 

3 

1 81.521 46 151 

67.506 
2 63.072 25 126 
3 58.054 31 131 
4 67.377 30 124 

5 

1 76.477 40 146 

65.9597 
2 61.111 25 139 
3 60.291 30 140 
4 N/A 35 136 

YELLOW 1 

1 84.74 44 160 

72.07025 
2 67.189 26 164 
3 59.835 22 141 
4 76.517 40 125 

 


